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ABSTRACT

Plastic is a ubiquitous pollutant in the marine environment. Here, we investigated how temporal changes in environmental
factors affect the microbial communities formed on plastic (polyethylene terephthalate; PET) versus a ceramic substrate. In
situ mesocosms (N = 90 replicates) were deployed at the sediment–water interface of a coastal lagoon and sampled every 4
weeks for 424 days. Sequencing data (16S rRNA) was parsed based on variation in temperature with the exposure starting in
fall 2016 and remaining in situ through the next four seasons (winter, spring, summer and fall 2017). PET biofilms were
distinct during the summer when salinity and temperature were highest. In particular, a significant shift in the relative
abundance of Ignavibacteriales and Cytophagales was observed during the summer, but PET and ceramic communities
were again indistinguishable the following fall. Water temperature, salinity and pH were significant drivers of PET biofilm
diversity as well as the relative abundance of plastic-discriminant taxa. This study illustrates the temporal and
successional dynamics of PET biofilms and clearly demonstrates that increased water temperature, salinity, pH and
exposure length play a role in the formation of a plastic-specific microbial community, but this specificity can be lost with a
change in environmental conditions.
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INTRODUCTION

Beginning with the mass production of plastic in the 1940s,
the Plastic Age has transformed modern society (Thompson et al.
2009). Today, plastic pollution is widely regarded as an envi-
ronmental crisis. It was estimated that 5.5 billion metric tons
of plastic waste has entered our landfills and natural environ-
ments (Geyer, Jambeck and Law 2017). The oceans in particular
are sinks for plastic debris and it was estimated that between 4.8
and 12.7 million metric tons of plastic debris entered the oceans
in 2010 alone (Jambeck et al. 2015).

Aquatic microorganisms rapidly form biofilms on plastic
debris (Lobelle and Cunliffe 2011; Fazey and Ryan 2016; Tu et al.
2020) and plastic-associated microbial communities are distinct
in comparison to free-living and sediment-associated microbial
communities (Zettler, Mincer and Amaral-Zettler 2013; Harri-
son et al. 2014; Bryant et al. 2016; Oberbeckmann, Osborn and
Duhaime 2016; De Tender et al. 2017; Kettner et al. 2017; Dus-
sud et al. 2018; Ogonowski et al. 2018; Muthukrishnan Al Khaburi
and Abed 2019; Pinnell and Turner 2019; Pinto et al. 2019; Dudek
et al. 2020). Microbial fouling then contributes to a decrease in
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buoyancy, sinking and seafloor deposition (Lobelle and Cun-
liffe 2011; Fazey and Ryan 2016). The plastisphere is a diverse
community of prokaryotic and eukaryotic microorganisms asso-
ciated with plastic debris (Zettler, Mincer and Amaral-Zettler
2013).

Many have postulated that plastic is colonized by a dis-
tinct microbial community, and Amaral-Zettler, Zettler and Min-
cer (2020) recently described the plastic-specific community
hypothesis as a topic of intense investigation. Indeed, ex situ
(laboratory-based) and in situ (field-based) studies have tested
this hypothesis by including a biofilm reference substrate in
their experimental design. The ex situ studies indicate that
plastic-attached communities are distinct in comparison to
glass and cellulose substrates (Kirstein et al. 2018; Ogonowski
et al. 2018; Kirstein et al. 2019). However, the findings of in situ
studies are less clear, and differences in the selection of ref-
erence substrate and exposure environment have resulted in
contrasting results. For example, Oberbeckmann, Osborn and
Duhaime (2016) used glass as a reference substrate during dif-
ferent seasons and concluded that polyethylene terephthalate
(PET) was not colonized by a distinct community although PET-
associated communities differed between seasons. Pinnell and
Turner (2019) used ceramic as a reference substrate during
the fall and also concluded that PET was not colonized by a
distinct community. Pinto et al. (2019) used glass as a refer-
ence substrate during the winter and observed that polyvinyl
chloride (PVC) was initially colonized by a distinct commu-
nity whereas high-density polyethylene (HDPE), low-density
polyethylene (LDPE) and polypropylene (PP) were not. By con-
trast, when Oberbeckmann, Kreikemeyer and Labrenz (2018)
used wood as a reference substrate, a distinct PET commu-
nity was observed at study sites under nutrient limitation and
higher salinity. Similarly, Kettner et al. (2017) as well as Muthukr-
ishnan, Al Khaburi and Abed (2019) observed that polyethy-
lene (PE), polystyrene (PS) and PET were colonized by distinct
communities in comparison to a wood substrate. These mixed
findings suggest that in situ plastic colonization may be gov-
erned by conventional marine biofilm processes and subject
to seasonal fluctuations in physiochemical conditions (Ober-
beckmann, Osborn and Duhaime 2016; Pinto et al. 2019; Dudek
et al. 2020).

This study utilized 16S small subunit ribosomal RNA (16S
rRNA) sequencing to monitor microbial succession during
the colonization of PET nurdles in coastal marine sediment
over a 424-day period. It was designed to test how tempo-
ral changes in environmental factors affect the succession
and specificity of the plastic-attached community. Our study
was highly replicated, randomized, continuous and included
ceramic nurdles as the reference substrate. We hypothesized
that microbial communities colonizing PET would be distinct
in comparison to the ceramic substrate. Further, we hypoth-
esized that the composition of the plastic-attached micro-
bial community would be modulated by temporal changes
in temperature, salinity, pH, dissolved oxygen and exposure
length.

MATERIALS AND METHODS

Site description

The Laguna Madre, a bar-built coastal lagoon, is the largest estu-
arine system along the Texas coast of the United States. The
lagoon is divided into two subunits, the Upper Laguna Madre
(ULM) and the Lower Laguna Madre. The mesocosms described

below were deployed in the ULM adjacent to a dredge material
island located at 27◦32′39.0‘N and 97◦17′07.7’W (Figure S1, Sup-
porting Information).

Experimental design

Mesocosms were designed as described previously (Pinnell and
Turner 2019). Briefly, 3.0 g of PET nurdles (M&G Chemicals,
Ettelbruck, Luxembourg) and 6.0 g of ceramic nurdles (Lyman
Products, Middletown, CT) were deployed in custom-made cap-
sules at the sediment–water interface. A total of 90 capsules
(n = 45 ceramic, n = 45 PET) were deployed on October 18,
2016. Triplicates of each sample type were collected at approx-
imately 4-week intervals for a total of 424 days (final collec-
tion date December 15, 2017). Additionally, triplicate 1 L sea-
water samples from the sediment–water interface were col-
lected. All samples were stored on ice, transported to the lab-
oratory and processed within 2 h of collection. Environmental
parameters (i.e. temperature, salinity, dissolved oxygen and pH)
were measured using a 6920 V2–2 Multi-Parameter Water Qual-
ity Sonde (YSI, Yellow Springs, OH; Table S1, Supporting Infor-
mation) at the deployment date and each of the 15 collection
timepoints.

DNA isolation

Genomic DNA was isolated from triplicates for each sample
type (seawater, ceramic and PET). Nurdles were washed three
times with 25 mL of 0.22 μm filter-sterilized, site-specific sea-
water to remove any organisms that were not part of the
biofilm. Seawater was pre-filtered (315 μm Nitex mesh) and
the free-living microorganisms were collected by vacuum filtra-
tion on a 0.22 μm polycarbonate filter (MilliporeSigma, Burling-
ton, MA). DNA was isolated from the nurdles and filters using
a modified version of a high-salt and sodium dodecyl sulfate-
based method (Zhou, Bruns and Tiedje 1996) as described previ-
ously (Pinnell and Turner 2019). DNA was quantified (ng/L) and
assayed for quality (A260/A280 and A260/A230) using a BioPhotome-
ter D30 (Eppendorf, Hamburg, Germany). DNA concentrations
were verified using a Qubit Fluorometer (Thermo Fisher Scien-
tific, Waltham, MA) and stored in the dark at −20◦C prior to
sequencing.

16S rRNA PCR Amplification and Sequencing

The V4 region of the 16S rRNA gene was amplified with an iTaq
DNA Polymerase Kit (Bio-Rad, Hercules, CA) using the improved
515f (5´—GTG YCA GCM GCC GCG GTA A–3´) and 806r (5´—GGA
CTA CNV GGG TWT CTA AT–3´) primers (Walters et al. 2016) and
40 ng of DNA as template. Amplification conditions were 95◦C for
3 min followed by 35 cycles of 30 s at 95◦C, 30 s at 50◦C and 72◦C
for 1 min. Final elongation occurred at 72◦C for 5 min. Amplifi-
cation was confirmed visually using gel electrophoresis. Excess
primers and unincorporated nucleotides were removed using an
EXOSAP-IT Express PCR Cleanup Kit (Thermo Fisher Scientific,
Waltham, MA). The cleaned amplicons were pooled in equal pro-
portions based on their molecular weight and DNA concentra-
tions. Pooled amplicons were purified using calibrated Ampure
XP beads (Beckman Coulter, Indianapolis, IN) and the resulting
pooled library was sequenced on an Illumina MiSeq instrument
using paired-end chemistry (2 × 250 bp) at Molecular Research
LP (Shallowater, TX).
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Community structure

Raw sequence reads were processed using a combination of
QIIME v1.9 and QIIME2 version 2018.11 (Caporaso et al. 2010).
Barcodes were extracted from the paired-end reads using
the ‘extract barcodes.py’ tool in QIIME v1.9. Reads were then
imported into QIIME2 where they were demultiplexed and
denoized with DADA2 (Callahan et al. 2016) to generate ampli-
con sequence variants (ASVs). DADA2 was also used to filter
the reads for quality, remove chimeric sequences and merge
overlapping paired-end reads. Trim lengths of 242 and 233 bp
were used on the forward and reverse reads, respectively. Tax-
onomy was assigned using a Naı̈ve Bayes classifier trained on
the SILVA release 132 99% OTU database (Quast et al. 2013),
where sequences had been trimmed to include only the 250
bases from the V4 region bound by the 515F/806R primer pair.
Reads that mapped to chloroplast and mitochondrial sequences
were filtered from the sequence variants table using the ‘fil-
ter taxa’ function, and a phylogenetic tree was then generated
using the ‘q2-phylogeny’ pipeline with default settings, which
was used to calculate phylogeny-based diversity metrics. Data
was then imported into phyloseq (McMurdie and Holmes 2013)
using the ‘import biom’ and ‘import qiime sample data’ func-
tions and merged into a phyloseq object. Samples with read
depth of less than 4086 reads were discarded and Faith’s Phylo-
genetic Diversity (FPD) was calculated for remaining samples (n
= 44 seawater, n = 37 ceramic, n = 44 PET) using the ‘estimate pd’
function within the package btools. Samples were then propor-
tionally transformed to a read depth of 6048. Beta-diversity was
analyzed using generalized UniFrac (Lozupone et al. 2011; Chen
et al. 2012) distances calculated using phyloseq and GUniFrac.
From these distances, a principal coordinates analysis (PCoA)
was calculated and plotted, and a permutational multivariate
analysis of variance (PERMANOVA) was used to test for signifi-
cant differences between communities using the ‘vegan’ (Oksa-
nen et al. 2019) and ‘pairwiseAdonis’ (Arbizu 2017) packages
in R version 3.5.2 (R Core Team 2017). To ensure differences
in microbial communities were not due to unequal dispersion
of variability among groups, permutational analyses of disper-
sion (PERMDISP) were conducted for all significant PERMANOVA
outcomes with the ‘vegan’ package in R. Hierarchal clustering
was performed using Ward’s agglomeration clustering (Murtagh
and Legendre 2014) method of generalized UniFrac distances
and the ‘hclust’ function. Further, the relative abundances of
ASVs within each sample were calculated and plotted using
phyloseq.

Temporal dynamics

To facilitate the observation of temporal patterns, seasons were
determined based on daily temperatures from the nearby Naval
Air Station Corpus Christi collected by the National Oceanic
and Atmospheric Administration. Data was accessed from the
National Centers for Environmental Information database. To
determine seasonal trends in temperature, daily maximum tem-
peratures were plotted for a time period encompassing the
entirety of the experiment (Figure S2, Supporting Information).
Seasons were defined as follows: fall: September 21–December
14, winter: December 15–March 6, spring: March 7–June 2, sum-
mer: June 3–September 20 and fall: September 21–final sam-
ple collection (December 15; Figure S2, Supporting Information).
Alpha and beta diversity analyses within seasons were com-
pared between sample types.

Plastic-discriminant taxa

In the summer, when PET- and ceramic-associated communities
were significantly different from each other, linear discriminant
analysis effect size (LEfSe; Segata et al. 2011) was used to iden-
tify taxa that discriminated the plastic-associated community
from the ceramic-associated community. This was done using
the online LEfSe tool on the Galaxy server (https://huttenhower.
sph.harvard.edu/galaxy), using default settings with the excep-
tion of a more stringent alpha of 0.01, due to the small sample
size. Genera with a mean relative abundance > 0.1% across all
plastic and ceramic summer samples were considered, and the
factor ‘substrate type’ was set as class, and an ‘all-against-all’
strategy was applied. The relative abundances of the three taxo-
nomic lineages considered discriminant of plastic-specific com-
munities in the summer, were then visualized and compared
between all three sample types in each of the five sampled sea-
sons.

Statistical analyses

Unless specified otherwise, R version 3.6.1 (R Core Team 2017)
was used for statistical analysis of data. Pairwise Wilcoxon rank-
sum tests were performed with a Bonferroni (PW+B) correc-
tion for multiple comparisons. Differences in beta diversity were
tested using pairwise PERMANOVA with a Bonferroni correc-
tion for multiple comparisons and 9999 permutations. Addition-
ally, pairwise PERMDISPs were carried out for all PERMANOVAs
using 9999 permutations to test for differences in dispersions.
To determine drivers of substrate-specific alpha diversity, a lin-
ear model was fitted using all combinations of collected envi-
ronmental parameters (temperature, salinity, pH, dissolved oxy-
gen and exposure length) and the best model was chosen based
on corrected Akaike Information Criterion (AICc). Due to the
non-linear relationship between some environmental param-
eters and the relative abundance of plastic-discriminant taxa,
a generalized additive mixed-model (gamm) was used to fit a
model using the ‘mgcv’ package. Individual parameters were fit
to relative abundances and the proportion of variance each indi-
vidual parameter explained on its own was reported. Shapiro–
Wilk tests and quantile–quantile plots were used to test data
for normality, and Breusch–Pagan tests were used to test for
homoskedasticity with alphas of 0.05. If needed, heteroskedas-
ticity was accounted for with an exponential variance function
using the package ‘nlme’.

Data availability

All sequence reads were made available through the BioProject
PRJNA551219 at the NCBI’s Sequence Read Archive.

RESULTS

Temporal diversity

The diversity of biofilm communities (i.e. ceramic and PET) was
significantly higher than that of the surrounding seawater com-
munity across all five seasons (Fig. 1; Pairwise Wilcoxon rank-
sum + Bonferroni correction or PW+B, P < 0.05). The only signif-
icant difference between ceramic and PET diversity occurred in
the spring when ceramic communities were significantly more
diverse (Fig. 1; PW+B, P < 0.05). In general, diversity exhibited a
temporal pattern in that FPD increased with exposure time and
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Figure 1. Barplot displaying Faith’s Phylogenetic Distance (FPD) for each sample type (seawater, ceramic and PET) during each season. Error bars display the standard

error of the mean. Significant differences in FPD between sample types within each season are illustrated by different letters (PW+B, n = 6–12, P < 0.05).

slight peaks occurred during spring and fall (Fig. 1). The diver-
sity of PET-associated biofilms was best explained by a com-
bination of exposure time (i.e. maturity of the biofilm), water
temperature and salinity (Table 1; R2 = 0.406, overall model
P < 0.0001). Contrastingly, no combination of recorded envi-
ronmental parameters (see Table S1, Supporting Information,
for temperature, salinity, conductivity, dissolved oxygen and
pH measurements) significantly impacted the FPD in ceramic
biofilm communities (results of the non-significant model not
shown).

Temporal community structure

The effect of sample type (seawater, ceramic and PET) on tem-
poral community structure was analyzed using PCoA, hierar-
chal clustering and PERMANOVA. The PCoA illustrated that
particle-attached communities (i.e. ceramic and PET biofilms)
were clearly distinct from the free-living seawater communi-
ties during all seasons (Fig. 2), and that difference was sta-
tistically significant (Table S2, Supporting Information; pair-
wise PERMANOVA, P < 0.05). Interestingly, the specificity
of plastic-associated communities differed between seasons
(Fig. 2). In the fall, winter and spring, the microbial biofilms
attached to PET and ceramic exhibited similar community struc-
ture; however, during the summer, they differed significantly
(Fig. 2; Table S2, Supporting Information; pairwise PERMANOVA,
P < 0.05).

To further investigate the summer specificity of the PET
biofilm community structure, hierarchal clustering was per-
formed on all summer samples. Clustering revealed that each
sample type (i.e. seawater, ceramic and PET) was most simi-
lar to itself with the formation of three sample type-specific
clades (Fig. 3). Importantly, the formation of a distinct PET-
specific clade confirmed the development of a plastic-specific
community during the summer. Additionally, the clustering of
PET and ceramic samples the following fall confirmed the rever-
sion of plastic-specificity with PET and ceramic biofilms inter-
mixing evenly in a clade that remained distinct from the free-
living, seawater communities (Figure S3, Supporting Informa-
tion). The dichotomy between free-living and biofilm commu-
nities was primarily the result of large differences in the abun-
dances of α-proteobacteria (∼46% seawater and ∼5% biofilms),
δ-proteobacteria (∼5% seawater and ∼30% biofilms) and Acti-
nobacteria (∼9% seawater and <1% biofilms; Fig. 3; Table S3,
Supporting Information). Differences between PET and ceramic
biofilms were more subtle and are detailed in the following
section.

Plastic-discriminant taxa

Three lineages of microbial taxa were found to be differentially
abundant within PET biofilms versus ceramic biofilms during the
summer: the Melioribacteraceae family (order Ignavibateriales,
class Ignavibacteria), an uncultured genus of Cyclobacteriaceae
(order Cytophagales) and the Candidatus Electrothrix genus (fam-
ily Desulfobulbaceae, phylum Proteobacteria; Fig. 4). The differ-
ential abundance of the later lineage, however, was primarily the
result of two PET samples having very high abundances (∼20%)
of Candidatus Electrothrix while the majority had less than 0.5%
(Table S4, Supporting Information), and therefore, this lineage
was excluded from subsequent analyses.

Temporal drivers of plastic-discriminant taxa

Temporal changes in the relative abundance of plastic-
discriminant taxa were visualized, and generalized additive
mixed models (gamms) were used to identify the environmental
conditions driving the differential abundance between plastic
and ceramic biofilms. Melioribacteraceae was significantly more
abundant within PET biofilms during the summer (Fig. 5; PW+B,
P < 0.05). Further, gamms revealed that water temperature,
salinity, pH, dissolved oxygen and exposure length were drivers
of increased Melioribacteraceae abundance within PET biofilms
(Table 2), while none of the collected parameters impacted its
abundance in ceramic biofilms. The gamms for dissolved oxygen
and exposure length failed normality testing and therefore do
not fully explain the data. This trend of increasing Melioribacter-
aceae abundance with increasing temperature, salinity, pH and
dissolved oxygen is depicted in Fig. 6A. The significant impact of
exposure length is misleading, as the abundance followed a sea-
sonal pattern with highest abundances occurring in summer (∼
day 300 in mid-August) opposed to strictly increasing with expo-
sure length (Fig. 6A).

While the uncultured Cyclobacteriaceae genus was also
more abundant within PET biofilms during the summer (Fig. 5;
PW+B, P < 0.05), it was a result of a decrease in ceramic
biofilms opposed to an increase in PET communities. Gamms
revealed that water temperature, salinity and exposure length
were drivers of decreased Cyclobacteriaceae abundance within
ceramic biofilms, while none of the collected parameters
impacted its abundance in PET biofilms (Table 2). This trend
of decreasing abundance of the uncultured Cyclobacteriaceae
genus with increasing temperature, salinity and exposure length
in ceramic biofilms is depicted in Fig. 6B. Again, the signifi-
cant impact of exposure length is misleading, as the abundance
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Table 1. Summary of multiple linear regression on environmental variables that predict the diversity (Faith’s phylogenetic distance) of PET
biofilms.

Estimate Std. Err. t-value P

Intercept − 0.012 0.559 − 2.089 0.043
Salinity 4.153 1.578 2.632 0.012
Water temperature 3.729 1.908 1.954 0.058
Exposure length 0.0164 0.008 1.937 0.060
Salinity:water temperature − 0.119 0.052 − 2.278 0.028
F-statistic: 10.24 on 4 and 39 d.f.; adjusted R2: 0.462; overall model p = 9.118−6

∗abbreviations: Std. Err. Standard error; d.f. degrees of freedo

Figure 2. Principal coordinates analysis (PCoA) of generalized UniFrac distances illustrating the variation in microbial community structure within each season. The

PCoA demonstrates clustering of 16S rRNA gene sequences from seawater, ceramic and PET microbial communities. Dashed lines and shaded areas represent 95%
confidence ellipses for each community type.

of the uncultured Cyclobacteriaceae genus follows a seasonal
pattern with its lowest abundances occurring in summer (∼ day
300 in mid-August) opposed to increasing over time (Fig. 6B).

DISCUSSION

Numerous studies have investigated the microorganisms that
colonize the plastisphere; however, a recent review article

highlighted important unresolved questions about plastic-
associated microbial communities (Amaral-Zettler, Zettler and
Mincer 2020). Among these, how does the plastisphere microbial
community change over time, and is the plastisphere colonized
by a plastic-specific microbial community? To address these two
questions, we conducted a long-term, continuous in situ study to
assess the temporal dynamics and specificity of the plastisphere
community in marine sediments.
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Figure 3. The relatedness of seawater, ceramic and PET microbial communities based on normalized ASVs from samples collected during the summer. Hierarchal
clustering was performed on generalized UniFrac distances. Blue boxes (W) represent seawater communities, gold boxes (C) represent ceramic communities, and
purple boxes (P) represent PET communities. The barplot shows the relative abundance of microbial classes within each sample. Abundances were normalized to the
total number of sequences and the top eight most abundance classes across all samples are displayed in the legend.

Figure 4. Cladogram demonstrating the microbial taxa with relative abundances of greater than 1% of the total community across PET and ceramic biofilm communities.
Taxa discriminant of ceramic communities are highlighted in gold, and lineages discriminant of PET communities are highlighted in purple (LEfSe, n = 9–12, P < 0.01).

Differences in the diversity and community structure
between substrate-attached and free-living communities is
a well-established dichotomy in microbial ecology (DeLong,
Franks and Alldredge 1993; Crump, Armbrust and Baross
1999; Murrell et al. 1999; Hollibaugh, Wong and Murrell 2000;
Kellogg and Deming 2014). Likewise, numerous studies have
reported phylogenetic and metabolic differences between
plastic-associated and free-living communities (Zettler, Mincer
and Amaral-Zettler 2013; Oberbeckmann, Osborn and Duhaime
2016; De Tender et al. 2017; Muthukrishnan, Al Khaburi and
Abed 2019). In this study, the diversity (determined by FPD)
and community structure (determined by generalized UniFrac
values) of substrate-attached communities (i.e. PET and cer-
mic biofilms) was always significantly different compared
to free-living communities. Further, this study showed that

plastic-attached communities were significantly more diverse
than free-living communities, in agreement with previous stud-
ies (Zettler, Mincer and Amaral-Zettler 2013; De Tender et al.
2017; Tu et al. 2020). The higher diversity of the plastic-attached
communities may be the product of a biofilm lifestyle, which
provides access to a more stable, more nutrient rich microen-
vironment (Mestre et al. 2017). We acknowledge however that
a biofilm lifestyle may not always favor higher diversity. Case
in point, contrasting studies have reported that communities
attached to natural particles are sometimes less diverse than
free-living communities (Hollibaugh, Wong and Murrell 2000;
Moeseneder, Winter and Herndl 2001).

Mature aquatic biofilm communities are typically more
diverse than early biofilm communities (Jackson, Churchill and
Roden 2001; Chung et al. 2010), and exposure time has been
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Figure 5. Barplot showing the relative abundances of plastic-discriminant taxa by season throughout the course of the study. Error bars display the standard error of

the mean of the total relative abundance of Melioribacteraceae or uncult. Cyclobacteriaceae in seawater, ceramic and PET communities within each season. Significant
differences between relative abundances are illustrated by different letters (PW+B, n = 9–12, P < 0.05).

Table 2. Coefficients of determination and p-values from linear regression based on generalized additive mixed models between the relative
abundance of plastic-discriminant taxa and measured environmental parameters. Significant predictors of a taxa’s relative abundance are
bolded.

PET biofilms Ceramic biofilms

W.T. (◦C) Salinity pH D.O (%) E.L. W.T (◦C) Salinity pH D.O (%) E.L.

Ignavibacteria r2 0.184 0.167 0.187 0.022 0.079 0.021 0.014 0.008 0.009 − 0.002
p 0.001 0.004 0.012 0.162 0.128 0.451 0.416 0.569 0.252 0.333

Ignavibacteriales r2 0.220 0.237 0.220∗ 0.063 0.216∗ 0.046 0.000 0.015 0.011 − 0.008
p 0.001 0.011 0.000∗ 0.052 0.013∗ 0.296 0.518 0.513 0.237 0.643

Melioribacteraceae r2 0.294 0.292 0.203 0.085∗ 0.247∗ 0.087 0.049 − 0.013 − 0.014 0.061
p 0.000 0.006 0.001 0.029∗ 0.011∗ 0.141 0.262 0.778 0.473 0.108

Cytophagales r2 − 0.014 0.024 − 0.010 − 0.009 0.009 0.165 0.375 0.015 0.019 0.231
p 0.524 0.394 0.451 0.580 0.546 0.006 0.000 0.410 0.197 0.028

Cyclobacteriaceae r2 0.006 0.060 − 0.013 − 0.014 0.066 0.251 0.347 0.002 0.013 0.295
p 0.263 0.190 0.502 0.517 0.177 0.015 0.000 0.461 0.226 0.013

uncult. Cyclobacteriaceae r2 0.000 0.045 − 0.013 − 0.020 0.063 0.222 0.313 − 0.025 − 0.007 0.260
p 0.317 0.256 0.503 0.691 0.183 0.028 0.000 0.711 0.394 0.035

∗model failed normality testing
Abbreviations: W.T., water temperature; D.O., dissolved oxygen; E.L., exposure length; PET, polyethylene terephthalate

correlated with plastisphere biofilm thickness and diversity (Tu
et al. 2020). In this study, temperature and salinity, in addition
to exposure time, were correlated with FPD diversity, and slight
peaks in biofilm diversity were observed during spring and fall.
Temperature and salinity are known to strongly affect marine
biofilm biomass and diversity (Chiu et al. 2005; Moss et al. 2006).
Freshwater inflows into the subtropical Laguna Madre are high-
est in the spring and fall (Tunnell 2002), and corresponding peaks
in diversity may reflect temporal changes in additional factors,
such as dissolved organic matter (DOM) concentration and pri-
mary productivity, which are also established regulators of bac-
terial community structure (Murrell et al. 1999; Langenheder and
Ragnarsson 2007). However, these spring and fall peaks were not
significant and additional factors not recorded in this study (e.g.
light intensity, nutrients, mixing and water turbidity and the
abundance of fungal taxa or bactivorous grazers) could be mod-
ulators of temporal biofilm diversity in this system.

Previous studies have suggested that environmental factors
play a role in the structuring of plastic-specific communities (De
Tender et al. 2015; Oberbeckmann, Osborn and Duhaime 2016;

Oberbeckmann, Kreikemeyer and Labrenz 2018). For example,
environmental factors such as nutrient limitation and salinity
have been proposed as drivers of a plastic-specific community
(Oberbeckmann, Kreikemeyer and Labrenz 2018). In this study,
the presence of a plastic-specific community was evident dur-
ing the summer based on PCoA and hierarchal clustering analy-
ses. This result should not however be confused with the results
of previous studies that conducted short-term exposure experi-
ments during different seasons (De Tender et al. 2015; Oberbeck-
mann, Osborn and Duhaime 2016; Oberbeckmann, Kreikemeyer
and Labrenz 2018). By contrast, this continuous study clearly
demonstrates that a mature non-specific plastisphere commu-
nity was succeeded by a specific plastisphere community during
summer conditions (e.g. warmer water and higher salinity). Fur-
ther, we show for the first time that plastic-specific community
structure can be lost with a subsequent seasonal change in envi-
ronmental conditions.

While subtle shifts in a large number of taxa played a role
in the formation of a plastic-specific microbial community in
the summer, two lineages were differentially abundant. The

D
ow

nloaded from
 https://academ

ic.oup.com
/fem

sec/article/96/12/fiaa230/5979776 by guest on 24 April 2024



8 FEMS Microbiology Ecology, 2020, Vol. 96, No. 12

Figure 6. Plot of the gamms demonstrating the relationship between significant environmental predictors and the relative abundance of the plastic-discriminant taxa

Melioribacteraceae (A) and uncult. Cyclobacteriaceae (B). ∗ model failed normality testing.

moderately thermophilic and halotolerant Melioribacteraceae
family was preferentially associated with PET during summer
conditions. An uncultured genus of Cyclobacteriaceae was also
differentially abundant during the summer. However, in con-
trast to Melioribacteraceae, the differential abundance of uncul-
tured Cyclobacteriaceae was the result of a decreased affinity for
ceramic under summer conditions as opposed to an increased
affinity for PET.

Melioribacteraceae is a largely uncharacterized family, con-
taining only a single defined genus (Melioribacter) with only one
cultivated isolate that is a moderately thermophilic, halotoler-
ant, facultative anaerobe (Podosokorskaya et al. 2013; Kublanov
and Podosokorskaya 2020). By contrast, Cyclobacteriaceae are
morphologically and physiologically diverse, tolerate a wide
range of physiochemical conditions and are broadly distributed
in marine environments including sediment (Pinnaka and
Tanuku 2014). Importantly, Cyclobacteriaceae have previously
been reported as more abundant on microplastic substrates
compared to natural substrates (Miao et al. 2019).

Previous studies have linked temperature and salinity with
the formation of plastic-specific microbial assemblages (De Ten-
der et al. 2015; Oberbeckmann, Kreikemeyer and Labrenz 2018),
but to our knowledge, this is the first study to link pH with
plastic-specificity. This effect could be direct or indirect although
pH is a known regulator of community structure in terres-
trial soils (Lauber et al. 2009; Zhalnina et al. 2015) and streams
(Besemer 2015). Additionally, while the length of exposure (i.e.
biofilm maturity) affected the diversity and community struc-
ture of the plastic-specific communities, a summer increase
in temperature and salinity appeared to attenuate the impor-
tance of biofilm maturity. Further characterizing the effect of
temporal change could reveal that plastisphere communities
vary considerably with latitude and magnitude of seasonal
change.

On the whole, these findings advance basic knowledge of
the in situ temporal dynamics of plastisphere microbial com-
munities, which is a critical endeavor given that plastic is a
ubiquitous pollutant in marine environments worldwide. In
particular, this study demonstrates that temporal changes in

environmental parameters, namely temperature, salinity and
pH, play an important role in shaping the diversity and struc-
ture of the plastisphere community. The formation of a plastic-
specific community was clear during summer months when
temperature and salinity were highest. This plastic-specificity
appears to be largely driven by environmental conditions see-
ing that a subsequent decrease in temperature and salinity
was correlated with the dissolution of specificity. However, it
is important to state the effects of temperature and salinity
could be direct or indirect. To rule out indirect effects, future
studies should consider measuring additional factors such as
light intensity, nutrients, turbidity and the abundance of bactiv-
orous predators (e.g. Bdellovibrios and Bacterioroax) that can also
impacted by temporal changes in temperature and salinity (Kel-
ley et al. 1997, Williams, Turng and Kelley 2009).
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