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7 Chapter 4.1.
KEY TO THE PRINCIPAL GROUPS

OF THE PARASITES OF FRESHWATER FISHES IN AFRICA’

7 (8)
8(7)

9 (10)

10 (9)

Roman KUCHTA

Microscopic organisms, mostly unicellular, may form cysts containing
spores that are not visible to the naked eye, cysts sometimes macrosco-
PIC. e Protista and Myxozoa (see key in Chapter 3.3.1)

Organisms visible to the naked eye (may nonetheless be quite small and
larvae may be microscopic), multicellular, may or may not be aggregated
into clusters of individuals ... 3

Worm-like organism, lacking an articulated exoskeleton with segmented ap-
1] 010 F=T o 1= PP 5

Organisms with articulated exoskeleton and segmented appen-
dages (appendages may be minute requiring a microscope to be
ODSEIVE). ... e 15

Organisms with dorsoventrally flattened body, not round in cross-
=T o (0] o PP 7

Organisms not dorsoventrally flattened, round in cross-section, endopara-
S G Lt s 13

Organisms with the anterior and posterior attachment organ................ 9

Organisms without the posterior attachment organ, usually proglottised
[Fig. 4. AF ] e Cestoda (see Chapter 4.6)

Anterior and posterior attachment organs sucker-like, without armatu-
The posterior attachment organ (haptor) comprising various sclero-

tised structures (hooks, clamps, squamodiscs) present [Fig. 4.1A,
Bl Monogenea (see Chapter 4.4)

11 (12) Anterior and posterior attachment organs present with well-defined pos-

terior sucker; intestine not bifurcate; always ectoparasites [Fig. 4.1E]
.......................................................... Hirudinea (see Chapter 4.10)

* The key does not include encysted helminth larvae; these larvae have to be taken out from
the cyst before identification or fixation, usually using fine preparation.
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12 (11) Posterior attachment organ usually not present, circumoral and ven-
tral suckers present (except for blood-dwelling species and Aspido-
gastrea); intestine mostly bifurcate; always endoparasitic [Fig. 4.1C,
D Trematoda (see Chapter 4.5)

13 (14) Anterior end with retractable spined proboscis; intestine absent [Fig. 4.1G]
................................................... Acanthocephala (see Chapter 4.7)

14 (13) Anterior spined retractable proboscis absent; intestine present [Fig. 4.1H]
........................................................... Nematoda (see Chapter 4.8)

15 (16) Body not covered by Carapace............covviiiiiiiiiiieee e 17

16 (15) Almost whole body covered by carapace; four swimming legs [Fig. 4.11]
.......................................................... Branchiura (see Chapter 4.9)

17 (18) Organisms with two compound eyes; body dorsoventrally flattened, seg-
mented; more than 4 legs [Fig. 4.1J]............... Isopoda (see Chapter 4.9)

18 (17) Organisms with one compound eye; body shape variable [Fig. 4.1K]
........................................................... Copepoda (see Chapter 4.9)
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500 ym

Fig. 4.1. Principal groups of metazoan fish parasites. A, B. Monogenea — Thylacicleidus
serendipitus Wheeler et Klassen, 1988 from Dichotomyctere nigroviridis; arrow indicates
position of the haptor; C. Digenea — Phyllodistomum sp.; D. Digenea — Euclinostomum sp.,
metacercaria; both from Clarias gariepinus; E. Hirudinea — Piscicola geometra Linnaeus,
1761 from Cyprinus carpio; F. Cestoda — Ichthybothrium sp. in the intestine of Mesoborus
crocodilus; G. Acanthocephala — Echinorhynchus cf. gadi Zoega in Mdiller, 1776 from
Microgadus proximus; H. Nematoda — Procamallanus sp. from C. gariepinus; l. Branchiura
— Dolops ranarum (Stuhlmann, 1892); J. Isopoda — Mothocya renardi (Bleeker, 1857) from
Strongylura leiura; K. Copepoda — Ergasilus sp. on the gills of C. carpio. (Photographs by
R. Kuchta, O. Kudlai, D. Modry & E. Rehulkova).
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Chapter 4.2.
PROTISTA

Linda BASSON & Courtney COOK

Protists parasitising freshwater fishes — basic characteristics, life cycles,
classification and principal diagnostic features

Protists do not represent a distinct and monophyletic group of organisms. According
to Adl et al. (2005) Haeckel’s taxon Protista (Haeckel 1866) is no longer formally
recognised. However, the popular term “protist” is retained to describe eukaryotes
with a unicellular level of organisation (eukaryotic microorganisms or EMs; see
Chapter 3.3.1). Therefore, this term will be used throughout this chapter, but with
no taxonomic validity. The various groups discussed below belong to supergroups
as proposed by Adl et al. (2012). The only characteristic these organisms share is
the fact that they are all unicellular. Very scant information on protist fish parasites
in Africa exists.

Each taxonomic group is discussed separately throughout. Host names are
presented according to Froese & Pauly (2017). For the purpose of this chapter,
the classification system proposed by Adl et al. (2012) has been followed. A brief
outline of this system is presented in Table 4.2.1, limited to groups of parasites
recorded from African freshwater fishes. A generalised key to major groups is
presented in Chapter 3.3.1.

In cases where a representative species for every genus could be obtained from the
relevant African literature, these species are presented in diagrammatic drawings.
However, in several instances only records of genera are provided, with no species
identification and/or micrographs or diagrams. In these cases, a representative
species from elsewhere in the world was selected and diagrammatically presented.

Practical key for preliminary determination of fish-infecting EMs in freshly
prepared material

1(2) Protists detectable as macroscopic whitish aggregations, from tiny dots
to cyst-like structures of several millimetres in size; on skin, gills, in or on
INTEMNAl OFgANS. ... e 3

2 (1) Nomacroscopic changes visible; protists only detectable by light microsco-

3 (4) Microorganisms visible as tiny dots on the body surface and gills, under
the microscope dot proves to be one or several large (up to 1 mm) slowly
rotating cells, uniformly covered with beating cilia; smaller cells may be
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present, next to large ones; cytoplasm full of granules, containing large
macronucleus [Fig. 4.2.4E]....................... Ichthyophthirius multifiliis

4 (3) Dot-, nodule-, or cyst-like structures composed of mass of small, uniform,
refractile bodies (SPores or 00CYStS)........ocvviiiiiii e 5

5(6) Spores very small, typically 3-10 ym in size, usually ovoid and often
showing prominent vacuole in posterior part (Microsporidia).................. 9

6 (5)  Spores spherical or ellipsoid-spherical.............c.ccooooiiiiiiiiii, 7

7 (8) Spherical spores with a large central vacuole/light refracting bodies
[Fig. 4.2.2B]. . Dermocystidium

8 (7) Organisms spherical or ellipsoidal bodies of about 10-20 ym in size, each
with 4 sharply delimited (coccidian 00CYStS).........cccoviviiiiiiiiiiene. 15

9 (10) Microsporidian not directly associated with fish, hyperparasite [Fig. 4.2.2F]
................................................................................... Unikaryon

10 (9) Microsporidians associated directly with fish.......................o. 11
11 (12) First merogony stages with diplokarya [Fig. 4.2.2D]...... Neonosemoides
12 (11) No diplokaryon in the developmental series...............ccoeeviiiiiiiinnnnnn. 13

13 (14) Xenoma wall consists of granulo-fibrillar layer, spores throughout xenoma
[Fig. 4.2, 20 e Loma

14 (13) Merogony and sporogony stages with conspicuous envelope [Fig. 4.2.2E]
............................................................................... Pleistophora

15 (16) One pole of sporocyst bearing special structure (Stieda body) [Fig. 4.2.21]

...................................................................................... Eimeria
16 (15) Sporocyst without Stieda body [Fig. 4.2.2J]..........cooeiiiiinnni. Goussia
17 (18) Protists infecting surface (skin, fins, nasal pits or gills)....................... 19
18 (17) Protists infecting intestine, other internal organs orblood..................... 55
19 (12) Organisms that MoOVe.........ciuiii e 21
20 (11) Sessile or motionless organisms attached to surface......................... 29
21 (14) Protists with flagella or cilia on the cell surface .....................oooeeie. 23

22 (13) Cells with amoeboid movement and changes of body shape [Fig. 4.2.2A]
................................................................................. Entamoeba

23 (16) Protists possessing 2 flagella, moving with jerky, creeping motion or swim-
ming spirally forward (flagellates). ... 25
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24 (15) Protists 20 ym and larger, either covered uniformly with cilia or with several
ciliary belts or circular ciliary wreath; they move directly forward, glide over

the surface, or roll on the spot (ciliophorans).............cocoiiiiiiiiiiininns. 41
25 (26) No mitochondrion present [Fig. 4.2.5F] .........cccoiiiiiiiiiinnenn. Hexamita
26 (25) Mitochondrion present ..o 27

27 (28) Long tubular mitochondrion contains numerous nucleoids so that there are
many small kinetoplasts throughout the body [Fig. 4.2.5G].....................

............................................................................... Ichthyobodo
28 (27) Single branched mitochondrial ribbon forms massive, elongate kinetoplast
on the ventral surface [Fig. 4.2.5H]...........coiiiiiiiiii, Cryptobia
29 (30) Refractile granules in cytoplasm...........c.oiviiiiiiiiii e 31

30 (29) Goblet-like or cylindrical, each with wide free end and encircled by wreaths
of beating cilia; cells may contract a little (sessilines)......................... 33

31 (32) Pyriform or sack-like flagellated protist, cytoplasm yellowish or greenish
(parasitic dinoflagellates) [Fig. 4.2.2H]............cccoeeninnn. Piscinoodinium

32 (31) Cytoplasm dark due to refractile granules, with bundles of tubules ending in

knob-like shapes (suctorians) [Fig. 4.2.4D]...........c.cccocienenee Capriniana
33 (34) Sessilines attach directly to substrate via scopula.............................. 35
34 (33) Sessilines attach to substrate viaastalk....................ool 39

37 (38) Body elongate, macronucleus compact, conical or ellipsoidal [Fig. 4.2.5B]
................................................................................... Apiosoma

38 (37) Body cylindrical, macronucleus sausage-shaped [Fig. 4.2.5C]...............

............................................................................. Riboscyphidia
39 (40) Stalk highly contractile and unbranched [Fig. 4.2.5E]............... Vorticella
40 (39) Stalk non-contractile, bearing a small colony of several zooids [Fig. 4.2.5A]
..................................................................................... Epistylis
41 (42) Cilia in diStiNCLIOWS. .....iiiiii e 43

42 (41) Cilia limited to aboral wreath (around concave adhesive disc) and an ado-
ral spiral of cilia (feeding organelles at the opposite side of adhesive disc);
aboral side with distinct adhesive disc consisting of prominent interlinking
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denticles (MODIlINES)..... ..o 45
43 (44) Ciliary rows limited to one surface of the organism.............................. 53

44 (43) Pyriform ciliophorans with 2-30 meridional kineties [Fig. 4.2.4F]...............

............................................................................... Tetrahymena
45 (46) Adoral spiral makes a full turn or slightly more...................cocooiinn. 47
46 (45) Adoral spiral makes less than one full turn...................cooiiiinnn, 49

.................................................................................. Trichodina
48 (47) Denticles have stunted blades [Fig. 4.2.6A]................... Hemitrichodina
49 (50) Denticles have well-developed rays...........cc.ooieiiiiiiiiiiieieeeen 51
50 (49) Denticles have rays that merely form small hooks [Fig. 4.2.6D]...............
............................................................................... Trichodinella
51 (52) Denticles interlinked only by central parts [Fig. 4.2.6B].............cccccevevnie.
............................................................................ Paratrichodina

52 (51) Denticles interlinked by central parts, as well as by a prominent anterior
projection of blades, fitting tightly into corresponding notches in blades

of preceding denticles [Fig. 4.2.6E]............ccccooiiiiiiiinninn. Tripartiella
53 (54) One side bears longitudinal or strongly arched ciliary rows [Fig. 4.2.4B]
............................................................................... Amphileptus
54 (53) Ventral ciliature reduced to two longitudinal belts close to body margins
[Fig. 4.2.4C e i Chilodonella
55 (56) Protists in internal organs or urinary tract....................ccoviiiien. 57
56 (55) Protists in bloOd. .......cuoui 63

57 (58) Microsporidia (see 5; in any organ), coccidian oocysts (see 8; in intestine),
or amoebae (see 22)

58 (57) Protists with surface showing cilia..................coo 59
59 (60) Cilia uniformly covering body of ciliophoran.................cccoooviiiiinnn. 61

60 (59) Cilia limited to aboral wreath as well as an adoral spiral of cilia. The aboral
side with distinct adhesive disc consisting of denticles (endoparasitic tri-
chodinids) [Fig. 4.2.6C]......ccoviriiiii e Trichodina

61 (62) Spindle-shaped cells, with both ends pointed, showing sluggish movement;
two to many monomorphic nuclei [Fig. 4.2.2G].................. Protoopalina
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62 (61) Ciliophorans covered uniformly in longitudinal rows of cilia; single elongate
macronucleus and single spherical micronucleus [Fig. 4.2.4A]...............
................................................................................ Balantidium

63 (64) Motile protists, slender cells, typically 10-15 pym long, moving with a
wriggling or undulating motion, with 1 or 2 flagella [Fig. 4.2.3D]...............
.............................................................................. Trypanosoma

64 (63) Non-motile protists only visible in stained blood smears, found within blood

CIIS . e 65
65 (66) Intraerythrocytic meronts (division stage showing more than one nuclei)
and gamonts (sexual stage showing a single nucleus)....................... 67
66 (65) Intraerythrocytic gamonts only [Fig. 4.2.3C].......ccccoviiiinnn... Desseria
67 (68) Intraerythrocytic meronts rounded [Fig. 4.2.3A]................. Babesiosoma
68 (67) Intraerythrocytic meronts vermicular (wormlike) [Fig. 4.2.3B]......... Cyrilia
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Fig. 4.2.1. A. Life cycles of the ciliophoran Ichthyophthirius multifilis Fouquet, 1876 (direct
life cycle without intermediate hosts); B. The blood kinetoplastid Trypanosoma sp. (indirect
life cycle where leeches serve as intermediate hosts). (lllustration by M. Luo.)

146



Table 4.2.1. Classification system for the protists according to Adl et al. (2012).

Supergroup First rank Second rank — examples
AMOEBOZOA Archamoebae Entamoebidae (Entamoeba)
OPISTHOKONTA Holozoa Ichthyosporea (Dermocystidium)

Fungi (Eimeria, Glugea, Loma,
Nucletmycea Neonosemoides, Pleistophora,

EXCAVATA

SAR

SAR

Diplomonanida

Euglenozoa

Stramenopiles

Alveolata

Alveolata

Unikaryon)

Hexamitinae (Hexamita)

Prokinetoplastina (Cryptobia,
Ichthyobodo, Trypanosoma)

Opalinata (Protoopalina)

Dinoflagellata (Piscinoodinium)

Apicomplexa (Babesiosoma,
Cyrilia, Desseria, Eimeria, Goussia,
haemogregarines)

Ciliophora; Trichostomatia* (Amphiletus,
Balantidium)
Phyllopharyngea* (Chilodonella)
Suctoria** (Capriniana),
Oligohymenophorea*; Hymenostomatia**
(Ichthyophthirius, Tetrahymena)
Oligohymenophorea*; Peritrichia**
(Ambiphrya, Apiosoma, Epistylis,
Hemitrichodina, Paratrichodina,
Riboscyphydia, Trichodina, Trichodinella,
Tripartiella, Vorticella)

* fifth rank; ** sixth rank
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5um 5pm
40 um H H

Fig. 4.2.2. Schematic line drawings of fish-infecting eukaryotic microorganisms (EMs).
A. Entamoeba salpae (Alexeieff, 1912) from Boops salpa; B. Dermocystidium branchiale
Leéger, 1914 from Salmo trutta; C. Loma camerounensis Fomena, Coste et Bouix, 1992 from
Oreochromis niloticus; D. Neonosemoides sp. from Chrysichthys auratus; E. Pleistophora
elegans Auerbach, 1910 from Alburnus alburnus; F. Unikaryon nomimoscolexi Sene, Ba,
Marchand et Toguebaye, 1997 from Clarotes laticeps; G. Protoopalina symphysodonis
Foissner, Schubert et Wilbert, 1974 from Symphysodon aequifasciata; H. Piscinoodinium
pillulare (Schaperclaus, 1954) from Poecilia reticulata; |. Eimeria variabilis (Thélohan, 1893)
from Cottus bubalis; J. Goussia anopli Molnar, Avenant-Oldewage et Székely, 2004 from
Enteromius anoplus. (Modified from Davies 1978; Fomena et al. 1992; Lom & Dykova 1992;
Sene et al. 1997; Molnar et al. 2004; Reda 2010.)
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10 ym 10 um

10 um 5um

Fig. 4.2.3. Schematic line drawings of blood parasites reported from the peripheral blood of
African freshwater fishes; A. Left to right: young meront in division and characteristic mature
cruciform meront with four merozoites of Babesiosoma mariae (Hoare, 1930) from various
freshwater fish species; B. Left to right: gamont, young meront and mature meront stage
of Cyrilia gomesi (Neiva et Pinto, 1926) from Synbranchus marmoratus; C. Gamont stage
of Desseria sp. from Mugil cephalus; D. Trypomastigote stage of Trypanosoma mukasai
Hoare, 1932 from a freshwater fish. (Modified from Hoare 1930, 1932; Lainson 1981; Smit
et al. 2002.)
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Fig. 4.2.4. Schematic line drawings of ciliophorans. A. Balantidium polyvacuolum Li, 1963
from Xenocypris argentea; B. Amphileptus branchiarum Wenrich, 1924 from a freshwater
fish; C. Chilodonella piscicola (Zacharias, 1894) from Tilapia sparrmanii; D. Capriniana
piscium (Buetschli, 1889) from Perca fluviatilis; E. Ichthyophthirius multifilis Fouquet,
1876 from Oreochromis mossambicus; F. Tetrahymena corlissi Thompson, 1955 from a
freshwater fish. (Modified from Li 1963; Lom & Dykova 1992.)
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Fig. 4.2.5. Schematic line drawings. A. Epistylis transvaalensis Viljoen et Van As, 1983
from Pseudocrenilabrus philander; B. Apiosoma dermatum Viljoen et Van As, 1983 from
Oreochromis mossambicus; C. Riboscyphidia arctica (Zhukov, 1962) from Liparis sp.;
D. Ambiphrya neobolae Viljoen et Van As, 1985 from Neobola brevianalis; E. Vorticella
sp. from a freshwater fish; F. Hexamita salmonis (Moore, 1923) from Salmo trutta;
G. Ichthyobodo necator (Henneguy, 1883) from Cyprinus carpio; H. Cryptobia branchialis
Nie in Chen, 1955 from Clarias gariepinus. (Modified from Viljoen & Van As 1983, 1985;
Lom & Dykova 1992; Lom & de Puytorac 1994.)
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Fig. 4.2.6. Schematic line drawings and silver impregnated adhesives discs of five genera
of trichodinids. A. Hemitrichodina robusta Basson et Van As, 1989 from Marcusenius
macrolepidotus; B. Paratrichodina corlissi Lom et Haldar, 1977 from Gobio sp.; C. Trichodina
magna Van As et Basson, 1989 from Oreochromis mossambicus; D. Trichodinella epizootica
(Raabe, 1950) from Enteromius paludinosus; E. Tripartiella ctenopomae Basson et Van As,
2002 from Ctenopoma multispine. (Modified from Basson & Van As, 1989; micrographs by
L. Basson except for B, which was provided by the late J. Lom.)
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AMOEBOZOA Liihe, 1913

Archaomoebae Cavalier-Smith, 1983 — Entamoebidae Chatton, 1925

Amoeboid organisms — basic characteristics

* amoebae infecting fish either specific endocommensals or free-living
(see Dykova 2008)

» only species of Entamoeba reported from African fishes

 cilia and centrioles absent

» contain mitosomes instead of classical mitochondria

* peroxisome-absent

* mitosis closed with endonuclear centrosomes and spindle

» reduced Golgi dictyosome

List of amoeboid protists in African freshwater fishes

Note: Dykova et al. (2005) characterised 17 strains of flattened amoebae from
fishes obtained from various sources and deposited at the Institute of Parasitology,
Biology Centre of the Czech Academy of Sciences. Mention is made of two
freshwater strains imported from Africa, both from the gills of Clarias angolensis
that formed part of the analyses in their study.

Entamoeba Cassagrandi et Barbagallo, 1895
Entamoeba synodontis Imam, Ramadan and Derahlli, 1987 from Synodontis schall (Egypt)

Entamoeba sp. on the skin and gills of Clarias gariepinus [Fig. 4.2.2A]

OPISTHOKONTA Cavalier-Smith, 1987

Ichthyosporea Cavalier-Smith, 1998 — Rhinosporidaceae Mendoza et al., 2001

Ichthyosporeans — basic characteristics
 posterior cilia, if cilia present
+ flat mitochondrial cristae present (folds of mitochondrial inner
membrane)
 parasitic forms spherical phenotypes with several endospores 2-20 um
in diameter eventually released, becoming mature cells with endospores
to continue with the parasitic cycle

List of ichthyosporeans from African freshwater fishes
Dermocystidium Pérez, 1908

Dermocystidium sp. on the skin of Carassius auratus and Cyprinus carpio [Fig. 4.2.2B]

*The type species of parasite genera and type host of species are highlighted in bold. The country
where the type locality lies is also provided if known.
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Fungi Moore, 1980 — Microsporidia Balbiani, 1882

Microsporidia — basic characteristics

» parasites of nearly all animal phyla, with the majority of species
associated with arthropods and fishes

» obligate intracellular parasites, usually of animals

* mitochondria reduced to mitosomes

» spores with inner chitin walls and outer proteinaceous walls

+ without kinetosomes, centrioles or cilia

» centrosomal plaque

» extrusive specialised polar tube for host penetration

* reproduction sexual, asexual or both

+ systematic subdivisions uncertain at this time

* many of those genera that are found as parasites in fishes exhibit a
complex coexistence with their host cell that includes a special type of
hypertrophy, forming structures known as xenomas

+ about 100 microsporidian species known from fishes (see Lom 2002)

List of microsporidians from African freshwater fishes
Loma Morrison et Sprague, 1981

Loma camerounensis Fomena, Coste et Bouix, 1992 in subepithelial connective tissue of
the intestine of Oreochromis niloticus (Cameroon) [Fig. 4.2.2C]

Neonosemoides Faye, Toguebaye et Bouix, 1996

Neonosemoides tilapiae Faye, Toguebaye et Bouix, 1996 in the stomach of Coptodon
guineensis (Senegal)

Neonosemoides sp. in the gills of Chrysichthys auratus [Fig. 4.2.2D]
Pleistophora Gurley, 1893

Pleistophora-like species in the swim-bladder of Haplochromis angustifrons and H. elegans
[Fig. 4.2.2E]

Unikaryon Canning, Lai et Lie, 1974

Unikaryon nomimoscolexi Sene, Ba, Marcand et Toguebaye, 1997 in the cestode
Nomimoscolex sp. from Clarotes laticeps (Senegal), i.e., hyperparasite [Fig. 4.2.1F]
[the cestode was certainly misidentified as species of Nomimoscolex occur in the
Neotropical region; it was most likely Proteocephalus sulcatus — see Chapter 4.6]

Unidentified microsporidia

Microsporidia gen. sp. from Clarias gariepinus (cystozoic), Oreochromis niloticus (skin
and gills), Parachanna obscura, Synodontis schall, S. ocellifer (both in stomach and
intestine)
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SAR (Alveolata, Rhizaria and Stramenopiles)

Stramenopiles Patterson, 1989 — Opalinata Wenyon, 1926

Opalins — basic characteristics

slowly swimming large protists

covered with numerous cilia arranged in longitudinal, or slightly
helicoidal, densely spaced rows

multiciliated cells with cilia originating from anterior morphogenetic
centre, the falx, forming oblique longitudinal rows or files
microtubular ribbons supporting longitudinal pellicular ridges between
ciliary rows

two to many monomorphic nuclei

life cycle complex, with sexual processes induced by hormones of host
and linked to host’s life cycle

endobionts in amphibians and some fishes (Adl et al. 2012).

List of opalins from African freshwater fishes

Protoopalina Metcalf, 1918

Protoopalina sp. in the intestine of Clarias gariepinus [Fig. 4.2.2G]

Alveolata Cavalier-Smith, 1991 — Dinoflagellata Butschli, 1885

Dinoflagellates — basic characteristics

dinoflagellates in fishes with the parasitic stage in the life cycle
predominating over the dinospore stage

cells with two cilia in motile stage

nucleus typically a dinokaryon (nucleus where chromosomes are fibrillar
in appearance and condensed)

closed dinomitosis (mitosis specifically involving dinokaryon) with extra
nuclear spindle

List of dinoflagellates from African freshwater fishes

Piscinoodinium Lom, 1981

Piscinoodinium sp. in the skin and gills of Clarias gariepinus [Fig. 4.2.2H]

Apicomplexa Levine, 1980 — Coccidia Leuckart, 1879 (Eimeriorina Léger, 1911)

Coccidia — basic characteristics

elaborate and intricate apical complex always present
oocysts always formed
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» sporozoites with a three-layered pellicle

* micro- and macrogametes develop independently

* microgamonts produce large numbers of ciliated microgametes
» zygote nonmotile

» sporozoites always enclosed in sporocyst within oocysts

List of coccidia from African freshwater fishes
Eimeria Schneider, 1875

Eimeria sp. from Clarias spp. (intestine) and Synodontis schall [Fig. 4.2.21]
Goussia Labbé, 1896

Goussia anopli Molnar, Avenant-Oldewage et Székely, 2004 in mucus and epithelium of the
foregut of Enteromius anoplus (South Africa) [Fig. 4.2.2J]

Goussia cichlidarum Landsberg et Paperna, 1985 in the swim bladder of Coptodon Zzillii,
Oreochromis aureus, O. niloticus, Oreochromis sp. (Uganda)

Goussia molnarica El-Mansy, 2008 in the intestine of Clarias gariepinus (Egypt)

Goussia vanasi (Landsberg et Paperna, 1987) [syn. Eimeria vanasi Landsberg and Paperna,
1987] in the intestine of Oreochromis mossambicus, Pseudocrenilabrus philander,
Tilapia sparrmanii (South Africa)

Coccidia sp. in the intestine of Chrysichthys nigrodigitatus

Apicomplexa Levine, 1980 — Coccidia Leuckart, 1879 (Adeleorina Léger, 1911)

Haemogregarines — basic characteristics

+ obligate endoparasitic intracellular protists in the blood of a range of
vertebrates

« transmitted by invertebrate haematophagous vectors (flies, bugs, ticks
and leeches)

« around 400 species recorded globally in vertebrates and invertebrate
vectors

+ apical complex in infective stages (merozoites, sporozoites)

» heteroxenous, asexual development (including merogony and
gamogony) in vertebrate host

» sexual development (including gametogenesis, syngamy, ookinete
formation and sporogony) in invertebrate vector

« transfer of infective stages to and from the invertebrate vector presumed
to be inoculative

» leeches implicated as the invertebrate vector for most African genera
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List of haemogregarines from African freshwater fishes
Babesiosoma Jakowski et Nigrelli, 1956

Babesiosoma hannesi (Paperna, 1981) from Chelon dumerili, Chelon richardsonii, Mugil
cephalus (South Africa) [Fish inhabiting marine, freshwater and brackish systems.]

Babesiosoma mariae (Hoare, 1930) [syn. Dactylosoma mariae Hoare, 1930] from
Astatoreochromis alluaudi, Haplochromis cinereus, H. nubilus, H. serranus,
Haplochromis spp. (Uganda), Labeo victorianus, Oreochromis esculentus,
O. niloticus, O. variabilis, Serranochromis angusticeps [Fig. 4.2.3A]

Cyrilia Lainson, 1981

Cyrilia nili (Wenyon, 1909) [syn. Haemogregarina nili] from Parachanna obscura (Sudan)
[Fig. 4.2.3B]

Desseria Siddall, 1995

Desseria sp. from Mugil cephalus [This species was described in detail by Smit et al. (2002),
but not named. As such it has been provisionally included here.] [Fig. 4.2.3C]

Haemogregarine gen. sp. from Synodontis schall

Ciliophora Doflein, 1901

Ciliophorans — basic characteristics

» among the most common and widely distributed symbionts of fishes,
whether as parasites or as ecto- and endocommensals

* monograph by Lynn (2008) gives an overview of these organisms

 highly organised protists with a pellicle covering cell body

 pellicle covered by cilia, may be grouped to form compound ciliary
organelles

+ ciliature may be reduced in some groups, or completely absent

* infraciliature (complex fibrillar network) associated with cilia’s basal
bodies

» one to several diploid macronuclei and one to several polyploid
macronuclei

+ transverse (homothetogenic) binary fission, rarely budding or multiple
fission

» conjugation occurs as sexual reproduction process

« complex buccal apparatus used for feeding, but some groups
secondarily astome

» found on the surface or inside animal hosts (variety of symbiotic
associations with hosts)
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List of ciliophorans from African freshwater fishes

In the following survey, ciliophorans are listed according to their 5" and 6™ taxonomic
rank (see Table 4.2.1), i.e., Trichostomatia (genera Amphileptus and Balantidium),
Phyllopharyngea (Chilodonella), Suctoria (Capriniana), Oligohymenophorea —
Hymenostomatia (/chthyophthirius and Tetrahymena), Oligohymenophorea —
Peritrichia (Sessilida: Ambiphrya, Apiosoma, Epistylis, Riboscyphidia, Vorticella),
and Oligohymenophorea — Peritrichia (Mobilida: Hemitrichodina, Paratrichodina,
Trichodina, Trichodinella, Tripartiella).

Trichostomatia Butschli, 1889
Amphileptus Ehrenberg, 1830

Amphileptus niloticus El-Tantawy, Abdel-Aziz, Abou EI-Nour, Samn, Shaldoum et Rady,
2016 on the skin and gills of Lates niloticus (Egypt)

Amphileptus sp. on the gills of Clarias gariepinus, Lates niloticus, Sarotherodon galilaeus
[Fig. 4.2.4B]

Balantidium Claparéde et Lachmann, 1858

Balantidium sp. from Clarias gariepinus and Synodontis schall [Fig. 4.2.4A]
Phyllopharyngea de Puytorac et al., 1974
Chilodonella Strand, 1926

Chilodonella hexasticha (Kiernik, 1909) on the skin, fins and gills of Carassius auratus,
Clarias gariepinus, Coptodon rendalli, C. zillii, Enteromius paludinosus, Oreochromis
mossambicus, O. niloticus, Pseudocrenilabrus philander, Sarotherodon galilaeus,
Tilapia sparrmanii

Chilodonella piscicola (Zacharias, 1894) [syn. C. cyprini (Moroff, 1902)] from Coptodon
rendalli, Oreochromis mossambicus, Pseudocrenilabrus philander, Tilapia sparrmanii
[Fig. 4.2.4C]

Chilodonella sp. on the skin and gills of Clarias gariepinus, Clarias sp., Cyprinus carpio,
Heterobranchus bidorsalis, H. longifilis, Oreochromis mossambicus, O. niloticus,
Synodontis schall

Suctoria Claparéde et Lachmann, 1858
Capriniana Mazzarelli, 1906 [syn. Trichophrya Claparéde et Lachmann, 1858]
Capriniana sp. on the skin and gills of Clarias gariepinus [Fig. 4.2.4D]

Oligohymenophorea de Puytorac et al, 1974 — Hymenostomatia Delage et
Hérouard, 1896

Ichthyophthirius Fouquet, 1876

Ichthyophthirius multifiliis Fouquet, 1876 on the skin, fins and gills of Anguilla
mossambica, Carassius auratus, Chrysichthys auratus, Clarias gariepinus, Cyprinus
carpio, Enteromius paludinosus, Heterobranchus longifilis, Labeobarbus aeneus,
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Oncorhynchus mykiss, Oreochromis mossambicus, O. niloticus, Poecilia reticulata,
Salmo ftrutta [Fig. 4.2.4E]

Ichthyophthirius sp. on the skin and gills of Carassius auratus, Clarias gariepinus,
Oreochromis niloticus, Synodontis schall

Tetrahymena Furgason, 1940
Tetrahymena corlissi Thompson, 1955 on the skin of Sarotherodon galilaeus [Fig. 4.2.4F]

Tetrahymena pyriformis (Ehrenberg, 1830) on the skin and gills of Coptodon zillii, Cyprinus
carpio, Enteromius paludinosus, Oreochromis leucostictus

Tetrahymena sp. on the skin and gills of Clarias gariepinus, Lates niloticus

Oligohymenophorea de Puytorac et al., 1974 — Peritrichia Stein, 1859 (Sessilida
Kahl, 1935)

Ambiphrya Raabe, 1952

Ambiphrya ameiuri Davis, 1947 on the skin and gills of Lates niloticus, Sarotherodon
galilaeus

Ambiphrya neobolae Viljoen et Van As, 1985 on the skin of Mesobola brevianalis
(South Africa) [Fig. 4.2.5D]

Ambiphrya sp. on the skin and gills of Clarias gariepinus, Lates niloticus

Apiosoma Blanchard, 1885 [syns Glossatella Butschli, 1889; Scopulata Viljoen and
Van As, 1985]

Apiosoma amoebae (Grenfell, 1887) [syn. Glossatella amoebae Grenfell, 1887] on the gills
of Lates niloticus

Apiosoma caulata Viljoen et Van As, 1985 on the skin and gills of Mesobola brevianalis
(South Africa)

Apiosoma conica Shulman, 1984 on the gills of Coptodon zillii

Apiosoma constricta (Viljoen et Van As, 1985) [syn. Scopulata constricta Viljoen et Van As,
1985] on the skin of Coptodon rendalli, Enteromius trimaculatus, Marcusenius
macrolepidotus, Micralestes acutidens, Oreochromis mossambicus (South Africa),
Pseudocrenilabrus philander, Tilapia sparrmanii

Apiosoma curvinucleata Viljoen et Van As, 1985 on the skin of Oreochromis mossambicus
(South Africa)

Apiosoma dermatum (Viljoen et Van As, 1983) [syn. Scopulata dermata Viljoen et Van As,
1983] on the skin of Coptodon rendalli, Enteromius trimaculatus, Marcusenius
macrolepidotus, Micralestes acutidens, Oreochromis mossambicus (South Africa),
Pseudocrenilabrus philander, Tilapia sparrmanii [Fig. 4.2.5B]

Apiosoma doliaris Timofeev, 1962 on the gills of Lates niloticus

Apiosoma epibranchialis (Viljoen et Van As, 1983) [syn. Scopulata epibranchialis Viljoen
et Van As, 1983] on the skin of Lates niloticus, Micropterus dolomieu, Oreochromis
mossambicus, Pseudocrenilabrus philander (South Africa), Sarotherodon galilaeus
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Apiosoma micralesti Viljoen et Van As, 1985 on the skin of Micralestes acutidens
(South Africa)

Apiosoma mothlapitsis Viljoen et Van As, 1985 on the skin of Labeobarbus marequensis
(South Africa)

Apiosoma nasalis (Timofeev, 1962) [syn. Glossatella nasalis Timofeev, 1962] on the skin
and gills of Pseudocrenilabrus philander

Apiosoma obliqua Viljoen et Van As, 1985 on the skin of Labeo cylindricus (South Africa)

Apiosoma phiala Viljoen et Van As, 1985 on the skin of Enteromius trimaculatus
(South Africa), E. marequensis, E. paludinosus, E. unitaeniatus, Labeo capensis,
L. cylindricus, Mesobola brevianalis, Oreochromis mossambicus, Pseudocrenilabrus
philander

Apiosoma piscicola Blanchard, 1885 on the skin and gills of Coptodon rendalli, C. zillii,
Enteromius paludinosus, E. ftrimaculatus, Labeo cylindricus, Lates niloticus,
Marcusenius macrolepidotus, Micropterus dolomieu, Oreochromis mossambicus,
Pseudocrenilabrus philander

Apiosoma poteriformis (Timofeev, 1962) [syn. Glossatella poteriformis Timofeev, 1962] on
the qills of Lates niloticus

Apiosoma viridis Viljoen et Van As, 1985 on the skin of Chetia flaviventris, Coptodon
rendalli, Oreochromis mossambicus, Pseudocrenilabrus philander (South Africa),
Tilapia sparrmanii

Apiosoma sp. on the skin and gills of Oncorhynchus mykiss, Synodontis schall
Epistylis Ehrenberg, 1830

Epistylis transvaalensis Viljoen et Van As, 1983 on the skin of Pseudocrenilabrus
philander (South Africa)

Epistylis sp. on the skin and gills of Clarias gariepinus, Enteromius paludinosus, Oreochromis
leucostictus, O. niloticus [Fig. 4.2.5A]

Riboscyphidia Jankovski, 1985 (syn. Scyphidia Dujardin, 1841, partim)

Riboscyphidia doliaris (Chernova, 1977) [syn. Scyphidia doliaris Chernova, 1977] on the
skin and gills of Lates niloticus

Riboscyphidia globularis (Solomatova, 1977) [syn. Scyphidia globularis Solomatova, 1977]
on the skin and gills of Lates niloticus

Riboscyphidia mansourensis (El-Tantawy, Abdel-Aziz, Abou EI-Nour, Samn, Shaldoum et
Rady, 2016) [syn. Scyphidia mansourensis El-Tantawy, Abdel-Aziz, Abou EI-Nour,
Samn, Shaldoum et Rady, 2016] on the skin and gills of Lates niloticus (Egypt)

Riboscyphidia sp. on the gills and skin of Chrysichthys auratus, Lates niloticus [Fig. 4.2.5C]
Vorticella Linnaeus, 1767

Vorticella sp. on the gills and skin of Clarias gariepinus, Sarotherodon galilaeus [Fig. 4.2.5E]
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Oligohymenophorea de Puytorac ef al., 1974 — Peritrichia Stein, 1859 (order Mobilida
Kahl, 1933)

List of trichodinids (Mobilida) in African freshwater fishes
Hemitrichodina Basson et Van As, 1989

Hemitrichodina robusta Basson et Van As, 1989 on the skin and fins, occasionally gills
of Hepsetus cuvieri, Marcusenius macrolepidotus (South Africa), Micralestes
acutidens [Fig. 4.2.6A]

Paratrichodina Lom, 1963

Paratrichodina africana Kazubski et El-Tantawy, 1986 on the gills, rarely body surface of
Lates niloticus, Oreochromis niloticus (Egypt), Sarotherodon galilaeus, Tilapia sp.
[Fig. 4.2.6B]

Trichodina Ehrenberg, 1838
Trichodina acuta Lom, 1961 on the skin of Oncorhynchus mykiss

Trichodina anabantidarum Basson et Van As, 2002 on the gills, sometimes skin and fins of
Ctenopoma multispine, Microctenopoma intermedium (Botswana)

Trichodina centrostrigeata Basson, Van As et Paperna, 1983 on the gills, sometimes skin
and fins of Brycinus lateralis, Coptodon rendalli, Cyprinus carpio, Enteromius sp.,
Hemichromis elongatus, Labeo cylindricus, Lates niloticus, Oreochromis andersonii,
O. mossambicus, O. niloticus, Pseudocrenilabrus philander (South Africa),
Serranochromis angusticeps, Synodontis leopardinus, Tilapia sparrmanii

Trichodina compacta Van As et Basson, 1989 on the skin and fins of Chetia flaviventris,
Chiloglanis pretoriae, Coptodon rendalli (South Africa), Cyprinus carpio, Enteromius
eutaenia, E. radiatus, E. trimaculatus, Labeo cylindricus, Labeobarbus kimberleyensis,
L. marequensis, Lates niloticus, Marcusenius macrolepidotus, Mesobola
brevianalis, Micropanchax johnstoni, Nannocharax multifasciatus, Oreochromis
andersonii, O. mossambicus, Petrocephalus catostoma, Pharyngochromis darlingi,
Pseudocrenilabrus philander, Sarotherodon galilaeus, Serranochromis angusticeps,
Tilapia sparrmanii

Trichodina equatorialis Kazubski, 1986 on the gills of Tilapia sp. (Kenya)

Trichodina fahaka Al-Rasheid, Ali, Sakran, Abdel-Baki et Abdel Ghaffar, 2000 on the gills of
Tetraodon lineatus [syn. Tetraodon fahaka) (Egypt)

Trichodina frenata Van As et Basson, 1992 on the gills of Lates niloticus, Mastacembelus
frenatus (Namibia), Sarotherodon galilaeus

Trichodina heterodentata Duncan, 1977 on the skin, fins and gills of Chetia flaviventris,
Coptodon rendalli, Cyprinus carpio, Enteromius eutaenia, E. paludinosus,
E. trimaculatus, Glossogobius giuris, Hydrocynus forskahlii, Labeo cylindricus,
Labeobarbus marequensis, Marcusenius macrolepidotus, Mesobola brevianalis,
Micralestes acutidens, Micropanchax johnstoni, Micropterus salmoides, Oreochromis
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mossambicus, O. niloticus, Petrocephalus catostoma, Pseudocrenilabrus philander,
Synodontis zambezensis, Tilapia sparrmanii

Trichodina kalimbeza Van As et Basson, 1992 on the skin and fins of Enteromius
fasciolatus (Namibia)

Trichodina kazubski Van As et Basson, 1989 on the skin, fins and gills of Enteromius
paludinosus (South Africa), E. trimaculatus

Trichodina kwando Van As et Basson, 1992 on the gills, rarely skin and fins of Brycinus
lateralis (Namibia), Micralestes acutidens

Trichodina labyrinthipicis Basson et Van As, 2002 on the gills, rarely skin of Ctenopoma
multispine, Microctenopoma intermedium (Botswana)

Trichodina lepsii Lom, 1962 from Lates niloticus

Trichodina linyanta VVan As et Basson, 1992 on the skin and gills of Hemichromis elongatus,
Oreochromis andersonii (Namibia)

Trichodina magna Van As et Basson, 1989 on the skin and fins, occasionally gills of Clarias
gariepinus, Coptodon rendalli (South Africa), C. zilli, Hepsetus cuvieri, Lates
niloticus, Marcusenius macrolepidotus, Mesobola brevianalis, Micropanchax johnstoni,
Micropterus salmoides, Oreochromis andersonii, O. mossambicus, O. niloticus,
Petrocephalus catostoma, Pseudocrenilabrus philander, Sarotherodon galilaeus,
Schilbe mystus, Serranochromis angusticeps, Tilapia sparrmanii [Fig. 4.2.6C]

Trichodina maritinkae Basson et Van As, 1991 on the gills of Clarias stappersii, C. gariepinus
(South Africa), Heterobranchus longifilis

Trichodina matsu Basson et Van As, 1994 on the gills of Clarias gariepinus

Trichodina microspina Van As et Basson, 1992 on the skin and fins, occasionally gills of
Ctenopoma multispine (Namibia), Microctenopoma intermedium

Trichodina minuta Basson, Van As et Paperna, 1983 from the skin, fins and gills of Enteromius
trimaculatus, Hemichromis elongatus, Oreochromis mossambicus (South Africa),
Pseudocrenilabrus philander, Tilapia sparrmanii

Trichodina mutabilis Kazubski et Migala, 1968 on the skin and gills of Carassius auratus,
Oreochromis niloticus

Trichodina ngoma Van As et Basson, 1992 on the skin, fins and gills of Nannocharax
multifasciatus (Namibia)

Trichodina nigra Lom, 1961 on the skin, fins and gills of Enteromius paludinosus,
Oreochromis mossambicus, Pseudocrenilabrus philander, Tilapia sparrmanii

Trichodina nkasa Van As et Basson, 1992 on the gills of Synodontis leopardinus,
S. macrostigma (Namibia)

Trichodina nobilis Chen, 1963 on the skin and gills of Cyprinus carpio

Trichodina rectuncinata Raabe, 1958 from Clarias gariepinus, Lates niloticus, Oreochromis
niloticus
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Note: this species was probably misidentified because it is a marine trichodinid, described
from various parts of the world from the gills of various marine fish hosts. The identification
of this record cannot be verified as none of the authors provided any morphological data or
micrographs.

Trichodina reticulata Hirschmann et Partsch, 1955 on the skin and gills of Carassius auratus,
Cyprinus carpio, Oreochromis niloticus

Trichodina sangwala Van As et Basson, 1992 on the gills of Clarias gariepinus, Schilbe
mystus (South Africa)

Trichodina uniforma VVan As et Basson, 1989 on the skin, fins and gills of Carassius auratus
(South Africa)

Trichodina uretra Basson, 1989 in the urinary bladder and ureters of Enteromius
trimaculatus (South Africa)

Trichodina sp. on the skin and gills of Clarias gariepinus, Coptodon Zzillii, Cyprinus carpio,
Enteromius paludinosus, Heterobranchus bidorsalis, H. longifilis, Oncorhynchus
mykiss, Oreochromis leucostictus, O. niloticus, Protopterus annectens, Salmo trutta,
Synodontis schall

Trichodinella Raabe, 1950

Trichodinella crennulata Basson et Van As, 1987 on the gills of Micralestes acutidens
(South Africa)

Trichodinella epizootica (Raabe, 1950) on the gills of Anguilla anguilla, Coptodon rendalli,
C. zillii, Ctenopharyngodon idella, Cyprinus carpio, Enteromius paludinosus,
E. trimaculatus, Mesobola brevianalis, Mormyrus kannume, Oreochromis
mossambicus, Pseudocrenilabrus philander [Fig. 4.2.6D]

Trichodinella sp. on the skin and gills of Coptodon zillii, Cyprinus carpio, Enteromius
paludinosus, Oreochromis leucostictus

Tripartiella Lom, 1959

Tripartiella clavodonta Basson et Van As, 1987 on the gills of Mesobola brevianalis,
Oreochromis mossambicus (South Africa), Pseudocrenilabrus philander

Tripartiella ctenopomae Basson et Van As, 2002 on the gills of Ctenopoma multispine
(Botswana) [Fig. 4.2.6E]

Tripartiella dactylodentata Al-Rasheid, Ali, Sakran, Abdel-Baki et Ghaffar, 2000 on the gills
of Mormyrus kannume (Egypt)

Tripartiella lechridens Basson et Van As, 1987 on the gills of Cyprinus carpio, Enteromius
paludinosus, E. trimaculatus, Labeo cylindricus (South Africa), Mesobola brevianalis,
Micralestes acutidens, Oreochromis mossambicus

Tripartiella leptospina Basson et Van As, 1987 on the gills of Oreochromis mossambicus
(South Africa)
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Tripartiella macrosoma Basson et Van As, 1987 on the gills of Enteromius eutaenia
(South Africa)

Tripartiella microctenopomae Basson et Van As, 2002 on the gills of Microctenopoma
intermedium (Botswana)

Tripartiella nana Basson et Van As, 1987 on the gills of Oreochromis mossambicus
(South Africa)

Tripartiella orthodens Basson et Van As, 1987 on the gills of Coptodon rendalli
(South Africa), Sarotherodon galilaeus

EXCAVATA Cavalier-Smith, 2002

Diplomonadida Wenyon, 1926 — Hexamitinae Kent, 1880

Diplomonadids — basic characteristics

» with a pair of kinetids and two nuclei, each kinetid usually with four
kinetosomes and flagella (sometimes three or two), or uncommonly, one
kinetid and nucleus

» with a pair of kinetids and two nuclei, each kinetid usually with four
kinetosomes and flagella (sometimes three or two), or uncommonly, one
kinetid and nucleus

+ atleast one flagellum per kinetid directed posteriorly, associated with a
cytopharyngeal tube or groove, or lying axially within the cell

 various non-microtubular fibres supporting nucleus and cytopharyngeal
apparatus

« free-living or endobiotic, often parasitic

» with functional feeding apparatuses

» with an alternate genetic code (TAR codon for glutamine)

List of diplomonadids from African freshwater fishes
Hexamita Dujardin, 1838
Hexamita africanus Imam, Ramadan et Derahli, 1987 from Synodontis schall (Egypt)

Hexamita sp. in the stomach and intestine of Clarias gariepinus, Coptodon rendalli,
Heterobranchus longifilis, Oreochromis niloticus, Sarotherodon galilaeus, Synodontis
schall [Fig. 4.2.5F]

Euglenozoa Cavalier-Smith, 1981 — Prokinetoplastina Vickerman in Moreira
et al., 2004

Prokinetoplastins — basic characteristics

+ cells with two (occasionally one, rarely more) flagella, inserted into an
apical/subapical flagellar pocket
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+ with rare exception, emergent flagella with paraxonemal rods

 usually with tubular feeding apparatus associated with flagellar apparatus

 basic flagellar apparatus pattern consisting of two functional kinetosomes
and three asymmetrical arranged microtubular roots

» mostly with discoidal cristae

List of prokinetoplastins from African freshwater fishes

Ichthyobodo Pinto, 1928

Ichthyobodo necator(Henneguy, 1883) on the skin and gills of Cyprinus carpio, Oreochromis
mossambicus, Pseudocrenilabrus philander, Tilapia sparrmanii [Fig. 4.2.5G]

Ichthyobodo sp. on the skin and gills of Clarias gariepinus, Cyprinus carpio, Heterobranchus
longifilis, Labeobarbus sp., Oreochromis niloticus, Synodontis schall

Euglenozoa Cavalier-Smith, 1981 — Metakinetoplastina Vickerman in Moreira et al., 2004

List of metakinetoplastins from African freshwater fishes
Cryptobia Leidy, 1846

Cryptobia iubilans Nohynkova, 1948 in the stomach and intestine of Clarias gariepinus,
Heterobrachus longifilis

Cryptobia sp. in the intestine, liver, gills and blood of Clarias gariepinus, Coptodon rendalli,
Enteromius paludinosus, Oreochromis niloticus, Sarotherodon galilaeus, Synodontis
schall [Fig. 4.2.5H]

Trypanosoma Gruby, 1843
Trypanosoma alhussaini Mohamed, 1978 from Clarias gariepinus (Egypt)
Trypanosoma cyanophilum Mohamed, 1978 from Coptodon zillii (Egypt)
Trypanosoma mansouri Mohamed, 1978 from Coptodon zillii (Egypt)
Trypanosoma cf. mugilicola Becker et Overstreet, 1979 from Mugil cephalus
Note: this fish inhabits marine, freshwater and brackish water systems.

Trypanosoma mukasai Hoare, 1932 from Astatoreochromis alluaudi, Bagrus docmak,
Clarias gariepinus, C. theodorae, Haplochromis cinereus, H. humilior, H. nubilus,
H. serranus, Haplochromis spp. (Uganda), Mormyrus kannume, Oreochromis
andersonii, O. esculentus, O. mossambicus, O. niloticus, O. variabilis,
Parauchenoglanis ngamensis, Schilbe intermedius, Serranochromis angusticeps,
S. macrocephalus, S. robustus, Synodontis nigromaculatus, S. vanderwaali, Tilapia
sparrmanii [Fig. 4.2.3D]

Trypanosoma tobeyi Dias, 1952 from Clarias angolensis (Mozambique)

Trypanosoma toddi Bouet, 1909 from Clarias angolensis, C. anguillaris (French West
Africa)

Trypanosoma sp. from Coptodon zillii (Egypt)
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w;.%ﬁ Chapter 4.3.

MYX0ZOA Ok

Ivan FIALA & Pavla BARTOSOVA-SOJKOVA

Myxozoa - basic characteristics, life cycles, classification and principal
diagnostic features

parasitic cnidarians (Cnidaria: Myxozoa) with about 2,400 species
classified in 67 genera with a worldwide distribution

endoparasites of fish, annelids and bryozoans, less frequently in
amphibians and reptiles; exceptionally in birds, mammals and
sipunculids

two-host life cycle: an invertebrate (annelid or bryozoan) definitive
host produces actinospores or malacospores and a vertebrate
(mostly fish) intermediate host produces myxospores or

fish malacospores (Fig. 4.3.1)

a vertebrate-derived spore consists mostly of two valves, 1-4 polar
capsules and an infectious sporoplasm

spores microscopic (typically 10-20 pym in size)

spores develop in vegetative stages (trophozoites, plasmodia) which are
histozoic (between tissue cells, e.g., muscles, gills, skin, brain, kidney, liver
and spleen) or coelozoic (in cavities, e.g., gall bladder, urinary bladder,
lumen of renal tubules and renal corpuscles)

vegetative stages vary greatly in dimensions, histozoic ones may be
macroscopic (up to several cm in diameter)

trophozoites characterised by cell-within-cell organisation

species belonging to Myxobolus are the most common freshwater
myxozoans

myxozoans from freshwater fishes cluster within the malacosporean
clade (Buddenbrockia, Tetracapsuloides), Sphaerospora sensu
stricto clade (Sphaerospora) and the freshwater (oligochaete)
myxosporean lineage (all other genera, e.g., Myxobolus).

causative agents of serious fish diseases, e.g., whirling disease and
proliferative kidney disease (PKD)

The classification of the Myxozoa is based on myxospore morphology. The shape
of the spore, number of shell valves and polar capsules and the position of the
polar capsules within the spore are the most important features for the definition
of myxozoan genera (Fiala et al. 2015; Fig. 4.3.2). Classification at the species
level is based on other spore characteristics such as spore and polar capsule
dimensions, spore surface structures, the number of polar filament coils, etc.
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The subphylum Myxozoa consists of two classes, the Malacosporea (Buddenbrockia
and Tetracapsuloides) and the Myxosporea with two orders, Bivalvulida and
Multivalvulida (mostly marine species, e.g., Kudoa). Bivalvulida includes two
suborders: Variisporina (e.g., Myxidium, Zschokkella, Sphaerospora, Hoferellus,
Chloromyxum and Myxobilatus) and Platysporina (e.g., Myxobolus, Henneguya,
Thelohanellus and Unicauda) (Fig. 4.3.2).

Key to the genera of the Myxozoa from freshwater fishes (modified from
Fiala et al. 2015)

The taxonomic key includes myxozoan genera reported from freshwater fishes
from all continents (Lom & Dykova 2006) with the genera previously reported in
Africa in bold.

1(2) Spores with soft (unhardened) shell valves (Malacosporea).................. 3
2 (1) Spores with hardened shell valves (Myxosporea).............c.cocevivinannn. 5

3 (4) Fish malacospores with two shell valves, two spherical polar capsules,
one sporoplasm; bryozoan-related trophozoites sac- or worm-like; sacs
irregularly shaped, elongate, ellipsoid or constricted; myxoworms with tri-
ploblast organisation..............c.cociiiii Buddenbrockia

4 (3) Fish malacospores with two shell valves, two spherical polar capsules,
one sporoplasm; bryozoan-related stages mostly sac-like of regular sphe-

rical shape. ... ..o Tetracapsuloides
5(6) Mature spore contains only one polar capsule............ccccooeiiiiininennn.n. 7
6 (5) Mature spore contains two or more polarcapsules.................ccceeeennnn. 11
7 (8) Spore with a bifurcate caudal process..............c.ccoiviinnn. Phlogospora
8 (7) Spore without a caudal ProCesS. ........ooviiiiiei i 9

9 (10) Spores with polar capsule discharging apically and axially [Fig. 4.3.2B]
............................................................................. Thelohanellus

10 (9) Spores with polar capsule discharging subapically and to the side

.......................................................................... Neothelohanellus
11 (12) Mature spore contains two polar capsules................coooiiiiiiiininin. 13
12 (11) Mature spore contains fourormore polarcapsules.................cccoevenne. 51
13 (14) Polar capsules set apart from each other.................oni, 15
14 (13) Polar capsules located close to each other......................l. 25
15 (16) Polar capsules each located separately at sporeends........................ 17
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16 (15) Polar capsules located not terminally and set widely apart in the sutural

17 (18) Spores fusiform, straight or slightly crescent or sigmoid-shaped with more
or less pointed ends, usually pyriform polar capsules; mostly coelozoic
[Fig. 4.3.2K]. ot Myxidium

18 (17) Spores usually ellipsoidal, slightly bent or semicircular, with rounded or
bluntly pointed ends and almost spherical polar capsules; mostly coelozoic

[Fig. 4.3, 2L ] e Zschokkella
19 (20) Spores spherical or subspherical [Fig. 4.3.2F]...................... Ortholinea
20 (19) Spores ovoid or triangular............ccoeieiiiii e, 21
21 (22) Spores triangular with rounded corners, flattened parallel to sutural plane,
without projections [Fig. 4.3.2G]........ccooiiiiiiiiee Triangula
22 (21) SPOIES OVOIG. .. e ettt 23

23 (24) Spores flattened parallel to the sutural plane without sutural markings
............................................................................. Neomyxobolus

24 (23) Spores spindle-shaped in sutural view with sutural markings along the

POStEriOr bOrder. .. ..o Cardimyxobolus
25 (26) Spores asymmetrical with two caudal projections............... Hennegoides
26 (25) Spores bilaterally symmetrical.............cooooiiiii 27
27 (28) Polar capsules at distance from the spore apex..............cccocooiiiiiit. 29
28 (27) Polar capsules in the apex of the spore...........cccooviviiiiiiiiiiiiien 31

29 (30) Spindle-shaped spores with two spherical polar capsules positioned in
tandem at a distance from the anterior end and two projections at both
SPOIE ENAS. ..ottt Neohenneguya

30 (29) Large spherical polar capsules in the centre of an oval spore in valvular

view and with triangular shape in sutural view............................ Wardia
31 (32) Polar capsules setin a plane perpendicular to the sutural line............... 33
32 (31) Polar capsules set in the sutural plane................oco 39
33 (34) Spores without projections............coviiiiiiiii e 35
34 (33) Spores With projections...........coiiiiiiiiii e 37

35 (36) Spores spherical, subspherical or slightly elongate in the direction per-
pendicular to the sutural plane; mostly coelozoic in the excretory system
[FIg 4.3 2 ] e Sphaerospora
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36 (35) Spores pyriform or mitre-like with ridged valves......................... Acauda

37 (38) Spores spindle-shaped, with a pair of long posterior projections [Fig. 4.3.21]

................................................................................ Myxobilatus
38 (37) Spores pointed, mitre-like or rounded in valvular view with numerous stiff
filaments at the posterior end [Fig. 4.3.2J]........c.ccoiiiiiiiiiits Hoferellus
39 (40) Spores withoUt ProjeCtionS..........ocveiiiii e 41
40 (39) Spores wWith projections............ccooiiiii i 43
41 (42) Sutural line strongly SINUOUS.........couiviiiiiiie Spirosuturia

42 (41) Sutural line straight, spores ellipsoidal, ovoid or rounded [Fig. 4.3.2A]

................................................................................. Myxobolus
43 (44) Spores with a single caudal projection [Fig. 4.3.2C]................. Unicauda
44 (43) Spores with more than one caudal projection.................ccoeveiiiinens. 45
45 (46) Spores with two caudal projections...........ccocvveiiiiiiiiiii 47
46 (45) Spores with four posterolateral projections....................... Tetrauronema
47 (48) Spores with two laterally extending projections................cccooeiiients 49

48 (47) Spores with two slightly divergent projections [Fig. 4.3.2D].....Henneguya

49 (50) Lateral projections extend from one side of the posterior spore end

.............................................................................. Laterocaudata
50 (49) Lateral projections extend in opposite directions........................ Dicauda
51 (52) Spores with two shell valves. ... 53
52 (51) Spores with four shell valves. ..., 55
53 (54) Spores spherical [Fig. 4.3.2H]......cociiiiiiiiiiiin, Chloromyxum

54 (53) Spores almost spherical with one or two caudal projec-
BN Caudomyxum

55 (56) Spores stout spindle-shaped with the sutural ridge extending both spore
ends as a spine, COBIOZOIC. ... . .ooviuiiiiiii e Octospina

56 (55) Spores stellate, quadrate, subspherical to ovoid in apical view; histozoic
[Fig. 4.3.2M ] e e Kudoa
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Fig. 4.3.1. Myxozoan life cycle with an annelid definitive host releasing actinospores and
a fish intermediate host releasing myxospores. (lllustration by M. Luo.)

MYXOSPOREA: Bivalvulida: Platysporina MYXOSPOREA: Bivalvulida: Variisporina
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Fig. 4.3.2. Schematic line drawings of myxospores representing myxosporean genera
reported from African freshwater fishes with instructions on spore measurements and
indicating the most important spore features. A. Myxobolus, frontal and sutural view;
B. Thelohanellus; C. Unicauda; D. Henneguya; E. Sphaerospora, sutural and lateral view;

F. Ortholinea; G. Triangula; H. Chloromyxum; 1. Myxobilatus; J. Hoferellus; K. Myxidium;
L. Zschokkella; M. Kudoa.
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Hair-like filaments

173



List of the Myxozoa in African freshwater fishes

Species are listed alphabetically according to individual myxozoan genera with
information about infection site and type host species (in bold) and country of
origin if described from Africa. The systematic survey is based on Fomena & Bouix
(1997), Eiras (2002), Eiras et al. (2005, 2011, 2012, 2014), Abdel-Ghaffar et al.
(2008), Eiras & Adriano (2012), Zhang et al. (2013), and Alama-Bermejo et al.
(2016).

Cnidaria Hatschek, 1888
MYXOZOA Grassé, 1970
Myxosporea Butschli, 1881
Bivalvulida Shulman, 1959

PLATYSPORINA Kudo, 1919

Henneguya Thélohan, 1892

Henneguya auchenoglanii Kostoingué, Diebakate, Faye et Toguebaye, 2001 in the base of
primary gill lamellae of Auchenoglanis occidentalis (Chad)

Henneguya bopeleti Fomena et Bouix, 1987 in the gills of Chrysichthys nigrodigitatus
(Cameroon)

Henneguya branchialis Ashmawy, Abu-Elwafa, Imam et EI-Otifi, 1989 in the gills and
intestine of Clarias anguillaris, C. gariepinus (Egypt), Coptodon zillii, Sarotherodon
galilaeus

Henneguya camerounensis Fomena et Bouix, 1987 in the gills of Schilbe multitaeniatus,
Synodontis batesii (Cameroon)

Henneguya chrysichthyi Obiekezie et Enyenihi, 1988 in the gills of Chrysichthys
nigrodigitatus (Nigeria)

Henneguya clariae Abolarin, 1971 in the gills of Clarias gariepinus (Nigeria)

Henneguya ctenopomae Fomena et Bouix, 1996 in the gills of Microctenopoma nanum
(Cameroon)

Henneguya dini Kabre, Sakiti, Marques et Sawadogo, 1997 in the gills of Heterotis niloticus
(Burkina Faso)

Henneguya fusiformis Kostoingué, Fall, Faye et Toguebaye, 1999 in the gills of Clarias
anguillaris (Chad), C. gariepinus.

Henneguya ghaffari Ali, 1999 in the intestine, pyloric caeca and gills of Lates niloticus
(Egypt)

Henneguya laterocapsulata Landsberg, 1987 in the skin of Clarias gariepinus, C. gariepinus
x Heterobranchus bidorsalis
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Henneguya logonensis Kostoingué, Diebakate, Faye et Toguebaye, 2001 in the primary gill
lamellae of Citharinus citharus (Chad)

Henneguya mailaoensis Kostoingué, Diebakate, Faye et Toguebaye, 2001 in the primary
gill lamellae of Mormyrus caschive (Chad)

Henneguya malapteruri Fomena et Bouix, 1996 in the skin and muscles of Malapterurus
electricus (Cameroon)

Henneguya mandouri Rabie, Mohammed, Hussein et Hussein, 2009 in the middle and base
of gill filaments of Lates niloticus (Egypt)

Henneguya maraensis Kostoingué, 1997 in the gills and intestine of Lates niloticus (Chad)

Henneguya massii Kostoingué, Diebakate, Faye et Toguebaye, 2001 in the primary gill
lamellae of Lates niloticus (Chad)

Henneguya mbakaouensis Fomena et Bouix, 2000 in the gills of Lates niloticus (Cameroon)

Henneguya mormyri Kostoingué, Diebakate, Faye et Toguebaye, 2001 in the primary gill
lamellae of Mormyrus caschive (Chad)

Henneguya nkamensis Fomena, Folefack et Bouix, 2008 in the secondary gill lamellae of
Hepsetus odoe (Cameroon)

Henneguya ntemensis Fomena et Bouix, 1996 in the gall bladder, kidney and spleen of
Brienomyrus brachyistius (Cameroon)

Henneguya ntondei Fomena, Folefack et Bouix, 2008 in the secondary gill lamellae of
Schilbe mystus (Cameroon)

Henneguya nyongensis Fomena et Bouix, 1996 in the gills and muscles of Marcusenius
moorii (Cameroon)

Henneguya odzai Fomena et Bouix, 1996 in the gills of Brevimyrus niger, Hyperopisus
bebe, Marcusenius moorii (Cameroon), M. senegalensis, Mormyrus rume

Henneguya pethericii Fomena, Folefack et Bouix, 2008 in the secondary gill lamellae of
Ctenopoma petherici (Cameroon)

Henneguya samochimensis Reed, Basson et Van As, 2003 in the primary gill filaments of
Clarias gariepinus (Botswana)

Henneguya sarotherodoni Fall, Fomena, Kostoingué, Diebakate, Faye et Toguebaye, 2000
in the intestine of Sarotherodon galilaeus (Chad)

Henneguya somahiensis Sakiti, 1997 in the gills of Ctenopoma kingsleyae (Benin)

Henneguya suprabranchiae Landsberg, 1987 in the accessory breathing organ of Clarias
anguillaris, C. gariepinus, Oreochromis niloticus

Myxobolus Bitschli, 1882

Myxobolus africanus Fomena, Bouix et Birgi, 1989 in the brain, gill adductor muscle, muscles
of the operculum, bile duct and gall bladder wall of Hepsetus odoe (Cameroon)
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Myxobolus agolus Landsberg, 1985 [syn. Myxobolus melenensis Fomena, Bouix et Birgi,
1985] in the kidney, spleen and gills of Coptodon guineensis, Hemichromis fasciatus,
Oreochromis niloticus, Sarotherodon galilaeus

Myxobolus amieti Fomena, Bouix et Birgi, 1989 in the gills, eye, superficial mandibular
muscles, muscles of the operculum and pharyngeal wall and connective tissue
covering the gill arches of Microctenopoma nanum (Cameroon)

Myxobolus bagri Negm-Eldin, Govedich et Davies, 1999 in the gills of Bagrus bajad (Egypt)

Myxobolus beninensis Sakiti, Blanc, Marqués et Bouix, 1991 in the gills of Sarotherodon
melanotheron (Benin)

Myxobolus bilongi Fomena, Marqués, Bouix et Njiné, 1994 in the gills and fins of Labeo sp.
(Cameroon)

Myxobolus bizerti Bahri et Marqueés, 1996 in the gills of Mugil cephalus (Tunisia)

Myxobolus bouixiFomena, Folefack et Tang, 2007 in the gills of Chrysichthys nigrodigitatus
(Cameroon)

Myxobolus brachysporus (Baker, 1963) in the spleen and kidney of Coptodon guineensis,
Oreochromis esculentus (Uganda), O. niloticus, O. niloticus % S. galilaeus,
O. variabilis, Sarotherodon galilaeus

Myxobolus branchiophilus Abdel-Ghaffar, El-Toukhy, Al-Quarishy, Al-Rashid, Abdel-Baki,
Hegazy et Bashtar, 2008 in the gill filaments of Oreochromis niloticus (Egypt)

Myxobolus burkinei Kabré, 1995 in the gills and fins of Labeo coubie (Burkina Faso)

Myxobolus camerounensis Fomena, Marques et Bouix, 1993 in the gills, eyes and muscles
of Oreochromis niloticus (Cameroon)

Myxobolus caudatus Ali, Al-Rasheid, Sakran, Abdel-Baki et Abdel-Ghaffar, 2002 in the tail
and fins of Labeobarbus bynni (Egypt)

Myxobolus charii Fomena, 2004 in the skin of Citharinus citharus (Chad)

Myxobolus chrysichthyi Negm-Eldin, Govedich et Davies, 1999 in the gills of Chrysichthys
auratus (Egypt)

Myxobolus clarias Negm-Eldin, Govedich et Davies, 1999 in the gills of Chrysichthys
auratus (Egypt)

Myxobolus comoei Kabre, Sakiti, Marques et Sawadogo, 1995 in the fins and gills of Clarias
anguillaris (Burkina Faso)

Myxobolus dahomeyensis (Siau, 1971) in the ovaries of Coptodon Zzillii, Oreochromis
niloticus, O. mossambicus x O. niloticus, Sarotherodon melanotheron, Synodontis
ansorgii (Benin)

Myxobolus diamaensis Diamanka, Faye, Fall et Toguebaye, 2007 in the gill flaments of
Sarotherodon melanotheron (Senegal)

Myxobolus distichodi Kostoingué et Toguebaye, 1994 in the gills, intestine and liver of
Distichodus engycephalus (Chad)
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Myxobolus djoudjensis Diamanka, Faye, Fall et Toguebaye, 2007 in the ovaries of Coptodon
guineensis (Senegal)

Myxobolus dossoui Sakiti, Blanc, Marqués et Bouix, 1991 in the gill arches and cartilage
of Coptodon zillii (Benin), Hemichromis fasciatus, Oreochromis mossambicus x
O. niloticus

Myxobolus egypticus (Ali, Al-Rasheid, Sakran, Abdel-Baki et Abdel-Ghaffar, 2002)
[syn. M. intestinalis Ali, Al-Rasheid, Sakran, Abdel-Baki et Abdel-Ghaffar, 2002] in the
intestine of Labeobarbus bynni (Egypt)

Myxobolus equatorialis (Landsberg, 1985) in the spleen and kidney of Coptodon guineensis,
Oreochromis niloticus, Sarotherodon galilaeus

Myxobolus etsataensis Reed, Basson et Van As, 2002 in the gills of Enteromius
thamalakanensis (Botswana)

Myxobolus exiguous Thélohan, 1895 in the scales of Chelon aurata, Mugil cephalus

Myxobolus fahmii Ali, Al-Rasheid, Sakran, Abdel-Baki et Abdel-Ghaffar, 2002 in the gills of
Labeobarbus bynni (Egypt)

Myxobolus fobobi (Fomena, 1985) [syn. Myxobolus barbi Fomena, 1985] in the gills of
Enteromius aspilus (Cameroon), E. camptacanthus, E. jae, E. guirali, E. martorelli

Myxobolus fomenai Abdel-Ghaffar, EI-Toukhy, Al-Quarishy, Al-Rashid, Abdel-Baki, Hegazy
et Bashtar, 2008 in the muscles, intestine and kidney of Oreochromis niloticus

(Egypt)
Myxobolus fotoi Fomena, Marquées and Bouix, 1993 in the gills of Oreochromis niloticus
(Cameroon)

Myxobolus galilaesus Landsberg, 1985 in the kidney, spleen, eyes, gills and intestine of
Coptodon guineensis, Oreochromis niloticus, O. niloticus x S. galilaeus, Sarotherodon
galilaeus

Myxobolus gandiolensis Fall, Fomena, Kostoingué, Diebakate, Faye et Toguebaye, 2000 in
the kidney of Coptodon guineensis (Senegal)

Myxobolus gariepinus Reed, Basson et Van As, 2003 in the ovaries of Clarias gariepinus
(Botswana)

Myxobolus heterosporus (Baker, 1963) [syn. Myxosoma heterospora Baker, 1963] in the
kidney, liver, spleen, gills, intestine and gall bladder of Coptodon Zzillii, Hemichromis
fasciatus, Oreochromis niloticus, Sarotherodon melanotheron

Myxobolus heterotisi Bongou, Kabré, Sakiti, Marqués et Sawadogo, 2006 in the primary gill
filaments of Heterotis niloticus (Burkina Faso)

Myxobolus homeosporus (Baker, 1963) in the muscles and cornea of Coptodon Zzillii,
Oreochromis esculentus (Uganda), O. niloticus, O. variabilis, Sarotherodon galilaeus

Myxobolus hydrocyni Kostoingué et Toguebaye, 1994 in the gills of Hydrocynus forskahlii
(Chad)
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Myxobolus imami Ali, Al-Rasheid, Sakran, Abdel-Baki et Abdel-Ghaffar, 2002 in the kidney
of Labeo niloticus (Egypt), Labeobarbus bynni

Myxobolus israelensis Landsberg, 1985 in the kidney, spleen and gills of Coptodon
cameronensis, C. guineensis, Oreochromis niloticus, O. niloticus % O. aureus,
Sarotherodon galilaeus, S. mvogoi

Myxobolus kainjiae (Obiekezie et Okaeme, 1990) [syn. M. ovariae Paperna, 1973] in the
ovaries and urinary bladder of Coptodon nyongana, Haplochromis angustifrons
(Uganda), H. elegans, Oreochromis niloticus, Sarotherodon galilaeus

Myxobolus kouoptamoensis Nchoutpouen et Fomena, 2011 in the gills, spleen and kidney
of Labeo parvus (Cameroon)

Myxobolus kribiensis Fomena et Bouix, 1994 in the skin, eye sclera and kidney of Brycinus
longipinnis (Cameroon)

Myxobolus labeoi Boungou, Kabré, Sakiti, Marqués et Sawadogo, 2006 in the fin rays of
Labeo coubie (Burkina Faso)

Myxobolus labiae Negm-Eldin, Govedich et Davies, 1999 in the gills of Labeo niloticus
(Egypt)

Myxobolus latesi Kostoingué et Toguebaye, 1994 in the gills and intestine of Lates niloticus
(Chad)

Myxobolus latis Negm-Eldin, Govedich et Davies, 1999 in the gills of Lates niloticus (Egypt)

Myxobolus lazera (Mandour, Galal et Abed, 1993) [syn. M. clarii Mandour, Galal et Abed,
1993] in the testes of Clarias gariepinus (Egypt)

Myxobolus mbailaoi Fomena, 2004 in the operculum, skin and intestine of Citharinus
citharus (Chad)

Myxobolus naffari Ghaffar, Ibrahiem, Bashtar et Ali, 1998 in the gills of Labeo niloticus
(Egypt) and Labeobarbus bynni

Myxobolus nchoutnounensis Nchoutpouen et Fomena, 2011 in the gills, scales, liver, fins,
spleen, kidney and eyes of Labeo parvus (Cameroon)

Myxobolus negmgoda (Negm-Eldin, Govedich et Davies, 1999) [syn. M. synodontis Negm-
Eldin, Govedich et Davies, 1999] in the gills of Synodontis schall (Egypt)

Myxobolus ngassami Lekeufack Folefack, Defoueng et Fomena 2017 in the fins, operculum,
skin and sclera of the eye of Enteromius callipterus (Cameroon)

Myxobolus nilei (Faisal et Shalaby, 1987) [syn. Myxosoma tilapiae Faisal et Shalaby, 1987]
in the gills, skin, eyes, kidney and pancreas of Oreochromis niloticus (Egypt)

Myxobolus niloticus Fahmy, Mandour et El-Naffar, 1971 in the tail fin rays and operculum of
Labeo niloticus (Egypt)

Myxobolus njinei Fomena, Bouix et Birgi, 1985 in the gill arch of Enteromius camptacanthus
(Cameroon), E. guirali, E. martorelli

Myxobolus njoyai Nchoutpouen et Fomena, 2011 in the gills, scales, fins, spleen and kidney
of Labeo parvus (Cameroon)
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Myxobolus nkolyaensis Fomena et Bouix, 1994 in the gills and caudal muscles of
Enteromius jae (Cameroon)

Myxobolus nokoueensis Sakiti, 1991 in the gills of Sarotherodon melanotheron (Benin)

Myxobolus nounensis Fomena et Bouix, 2000 in the kidney and spleen of Sarotherodon
galilaeus (Cameroon)

Myxobolus nyongana (Fomena, Bouix et Birgi, 1985) [syn. Myxobolus barbi Fomena,
Bouix et Birgi, 1985] in the gills and eyes of Alestes dentex, Enteromius aspilus,
E. camptacanthus, E. guirali, E. jae (Cameroon), E. martorelli, Labeo parvus,
Sarotherodon melanotheron

Myxobolus occularis Abu-EI-Wafa, 1988 in the eyes of Tilapia sp. (Egypt)

Myxobolus oloi Fomena et Bouix, 1994 in the gill arch epithelium, kidney and heart of
Enteromius aspilus (Cameroon), E. camptacanthus, E. guirali, E. martorelli

Myxobolus ovoidalis Fantham, 1930 in the subcutaneous tissue of Barbus sp., Cyprinus
carpio (South Africa), Salvelinus fontinalis

Myxobolus paludinosus Reed, Basson et Van As, 2002 in the gills of Enteromius
paludinosus (Botswana)

Myxobolus perforata Ali, Al-Rasheid, Sakran, Abdel-Baki et Abdel-Ghaffar, 2002 in the
internal surface of operculum of Hydrocynus forskahlii (Egypt)

Myxobolus pethericii Fomena, Folefack et Tang, 2007 in the gills, fins, stomach wall, liver,
small intestine, operculum and kidney of Ctenopoma petherici (Cameroon)

Myxobolus polycentropsi Fomena, Bouix et Birgi 1985 [syn. M. microcapsularis Sakiti, Blanc,
Marques et Bouix, 1991] in the gills arch cartilage of Polycentropsis abbreviata
(Cameroon), Coptodon zillii

Myxobolus saintlouisiensis Diamanka, Faye, Fall et Toguebaye, 2007 in the gill filaments of
Oreochromis niloticus (Senegal)

Myxobolus sanagaensis Lekeufack Folefack, Defoueng et Fomena 2017 in the heart
auricles of Enteromius callipterus (Cameroon)

Myxobolus sangei Fomena, Folefack et Tang, 2007 in the gills, skin, kidney of Brycinus
macrolepidotus (Cameroon)

Myxobolus sarigi (Landsberg, 1985) in the kidney and spleen of Coptodon margaritacea,
C. guineensis, Oreochromis niloticus, O. niloticus x Sarotherodon galilaeus,
S. galilaeus

Myxobolus sarotherodoni Sakiti, Blanc, Marqueés et Bouix, 1991 in the gills of Sarotherodon
melanotheron (Benin)

Myxobolus sessabai Lekeufack Folefack, Defoueng et Fomena, 2017 in the skin of
Enteromius callipterus (Cameroon)

Myxobolus sheroidalis Abu-El-Wafa, 1988 in the viscera of Clarias sp., Tilapia sp. (Egypt)

Myxobolus sourouensis Bongou, Kabré, Sakiti, Marqués et Sawadogo, 2006 in the primary
gill filaments of Heterotis niloticus (Burkina Faso)
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Myxobolus stenosus Paperna, 1973 in the gills and kidney of Synodontis clarias, S. schall
(Uganda)

Myxobolus synodonti Fomena, Bouix et Birgi, 1985 in the stomach wall of Synodontis
batesii (Cameroon)

Myxobolus tilapiae Abolarin, 1974 in the buccal cavity, gills, fins, kidney and spleen of
Coptodon margaritacea, C. rendalli, C. Zzilli, Oreochromis niloticus (Nigeria),
Sarotherodon galilaeus, S. mvogoi

Myxobolus tingrelaensi Bongou, Kabré, Sakiti, Marqués et Sawadogo, 2006 in the fin rays
of Sarotherodon galilaeus (Burkina Faso)

Myxobolus zillii Sakiti, Blanc, Marqués et Bouix, 1991 [syn. Myxobolus latesi Kostoingué et
Toguebaye 1994] in the gills and intestine of C. zillii (Benin), Lates niloticus

Thelohanellus Kudo, 1933

Thelohanellus assambai Fomena, Marquées, Bouix et Njine, 1994 in the gills and fins of
Labeo sp. (Cameroon)

Thelohanellus bicornei Kabre, Sakiti, Marques et Sawadogo, 2002 in the gills of Labeo
coubie (Burkina Faso)

Thelohanellus citharini Kostoingué, Fall, Faye et Toguebaye, 1999 in the heart of Citharinus
citharus (Chad)

Thelohanellus costeae Sakiti, 1997 in the gills of Labeo senegalensis (Benin)

Thelohanellus lagdoensis Fomena, Farikou-Oumarou, Tang et Bouix, 2007 in from the
intestine of Citharinus citharus (Cameroon)

Thelohanellus ndjamenaensis Kostoingué, Fall, Faye et Toguebaye, 1999 in the gills of
Labeo parvus (Chad)

Thelohanellus niloticus Abdel-Ghaffar, Morsy, Bashtar, El-Ganainy et Gamal, 2013
[syn. Myxobolus unicapsulatus Gurley, 1893] in the gills of Labeo niloticus (Egypt)

Thelohanellus njinei Fomena, Farikou-Oumarou, Tang et Bouix, 2007 in the intestine of
Schilbe mystus (Cameroon)

Thelohanellus rhabdalestus Azevedo, Samuel, Saveia, Delgado et Casal, 2011 in the liver
and heart of Rhabdalestes maunensis (Angola)

Thelohanellus sanagaensis Fomena, Marques, Bouix et Njine, 1994 in the gills and fins of
Labeo sp. (Cameroon)

Thelohanellus taguii Fomena, Abakar-Ousman, Ngassam et Bouix, 2004 in the gills, liver,
opercular muscles and intestine of Citharinus citharus (Chad)

Thelohanellus valeti Fomena et Bouix, 1987 in the stomach wall, gill flaments, muscles and
operculum of Enteromius aspilus, E. jae (Cameroon), Oreochromis niloticus

Unicauda Davis, 1944

Unicauda strongylura (Gurley, 1893) [syn. Henneguya strongylura (Gurey, 1893) Labbé,
1899] in the tissues of Synodontis schall (Egypt)
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VARIISPORINA Lom et Noble, 1984

Chloromyxum Mingazzini, 1890
Chloromyxum alii Abdel-Baki, 2007 in the gall bladder of Schilbe mystus (Egypt)

Chloromyxum birgii Fomena et Bouix, 1994 in the gall bladder of Amphilius longirostris,
Enteromius aspilus, E. martorelli (Cameroon)

Chloromyxum vanasi Ali, 1998 in the gall bladder of Bagrus bajad (Egypt)
Hoferellus Berg, 1898

Hoferellus gnathonemi Alama-Bermejo, Jirkt, Kodadkova, Peckova, Fiala et Holzer, 2016 in
the kidney of Gnathonemus petersii (Nigeria)

Myaxidium Butschli, 1882

Myxidium beninensis Sakiti, 1997 in the gall bladder of Chrysichthys auratus,
C. nigrodigitatus (Benin)

Myxidium birgii Fomena et Bouix, 1986 in the gall bladder of Aphyosemion bivittatum
(Cameroon)

Myxidium bouixi Siau, 1971 in the gall bladder of Synodontis ansorgii (Benin)

Myxidium brienomyri Fomena et Bouix, 1986 in the gall bladder of Brienomyrus
brachyistius (Cameroon)

Myxidium camerounense Fomena et Bouix, 1986 in the gall bladder of Neolebias ansorgii
(Cameroon)

Myxidium distichodi Kostoingué, Faye et Toguebaye, 1998 in the gall bladder of Distichodus
engycephalus (Chad), Parachanna obscura

Myxidium latesi Kostoingué, Faye et Toguebaye, 1998 in the gall bladder of Lates niloticus
(Chad)

Myxidium mendehi Fomena et Bouix, 1994 in the kidney of Enteromius guirali (Cameroon),
E. martorelli

Myxidium nkamense Fomena, Folefack et Bouix, 2010 in the gall bladder of Clarias
pachynema (Cameroon)

Myxidium nyongense Fomena et Bouix, 1986 in the gall bladder of Enteromius aspilus,
E. camptacanthus, E. guirali, E. jae (Cameroon), E. martorelli

Myxidium parachannae Sakiti, 1997 in the gall bladder of Parachanna obscura (Benin)

Myxidium petrocephali Fomena et Bouix, 1986 in the gall bladder of Ctenopoma petherici,
Petrocephalus simus (Cameroon)

Myxidium sangei Fomena, Folefack et Bouix, 2010 in the gall bladder of Parachanna
obscura (Cameroon)

Myxidium schalli Abdel Ghaffar, EI-Shahawi et Naas, 1995 in the gall bladder of Synodontis
schall (Egypt)
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Myxidium schilba Ali, Sakran et Abdel-Baki, 1999 in the gall bladder of Schilbe mystus
(Egypt)

Myxidium shamama Ali, Sakran et Abdel-Baki, 1999 in the kidney of Labeo niloticus (Egypt)
Myxobilatus Davis, 1944

Myxobilatus accessobranchialis Obiekezie et Okaeme, 1987 in the accessory breathing
organs of Heterobranchus bidorsalis (Nigeria)

Myxobilatus synodontis Siau, 1971 in the gills of Synodontis ansorgii (Benin)
Ortholinea Shulman, 1962

Ortholinea africanus Abdel-Ghaffar, El-Toukhy, Al-Quraishy, Al-Rasheid, Abdel-Baki, Hegazy
et Bashtar, 2008 in the urinary bladder of Oreochromis niloticus (Egypt)

Sphaerospora Thélohan, 1892

Sphaerospora melenensis Fomena, Marqués et Bouix, 1993 in the kidney of Oreochromis
niloticus

Sphaerospora sangmelimaensis Fomena, Marques et Bouix, 1993 in the kidney of
Brienomyrus brachyistius (Cameroon), Hepsetus odoe, Petrocephalus simus

Sphaerospora tilapiae Fomena, Marqués et Bouix, 1993 in the kidney and spleen of
Oreochromis niloticus (Cameroon)

Triangula Chen et Hsieh, 1984

Triangula egyptica Abdel-Ghaffar, El-Toukhy, Al-Quraishy, Al-Rasheid, Abdel-Baki, Hegazy
et Bashtar, 2008 in the kidney of Oreochromis niloticus (Egypt)

Zschokkella Auerbach, 1910

Zschokkella nilei Abdel-Ghaffar, El-Toukhy, Al-Quraishy, Al-Rasheid, Abdel-Baki, Hegazy et
Bashtar, 2008 in the kidney of Oreochromis niloticus (Egypt)

MULTIVALVULIDA Shulman, 1959

Kudoa Meglitsch, 1947

Kudoa eleotrici Siau, 1971 in the gills of Kribia kribensis (Benin). Note: this is a very
exceptional finding as species of Kudoa are typically parasites of marine fishes.
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Chapter 4.4.
MONOGENEA

Eva REHULKOVA, Maria SEIFERTOVA,
Ilva PRIKRYLOVA & Katefina FRANCOVA

Monogenea - basic characteristics, life cycles, classification and principal
diagnostic features

parasitic flatworms with a syncytial tegument (Platyhelminthes:
Neodermata)

over 5,500 species allocated to more than 750 genera

mostly parasites of freshwater, brackish water and marine fishes;

a number of species parasitise crustaceans, cephalopods, amphibians,
reptiles and a mammal

majority of African species found on external surfaces (gills, skin,

fins, rarely mouth cavity and nostrils); a few species are endoparasitic
(Enterogyrus — foregut and stomach, Urogyrus — urinary bladder)

body dorsoventrally flattened, varying in size from ca. 100 ym up to 4 cm
long (typically 0.3-10 mm)

main attachment organ on the posterior end called haptor

(or opisthaptor) houses a variable array of sclerotised (hard) structures;
number, shape and configuration of the haptoral structures

are key to species identification and classification

simple digestive system consisting of mouth, pharynx and intestine with
no terminal opening (anus)

intestine usually with two simple or branched stems often fusing
(anastomosing) posteriorly

hermaphroditic (commonly protandrous), usually with cross-fertilisation
distal parts of the male and female reproductive system (male copulatory
organ, vagina) may contain sclerotised elements (e.g., copulatory tube,
accessory piece) that help in species identification

direct life cycles (no intermediate host required) (Fig. 4.4.1)

oviparous (oncomiracidium larva), viviparous (sequential polyembryony)
a high degree of host and site (microhabitat) specificity

The classification of monogeneans is still under discussion. Even the name of
the class, Monogenea (used by the majority of workers) or Monogenoidea, is
controversial (Wheeler & Chisholm 1995). There are several classifications
of monogeneans that are based on morphology, ontogeny and spermatology
(Bychowsky 1957; Yamaguti 1963; Lebedev 1988; Malmberg 1990; Justine
1991; Boeger & Kritsky 1993, 2001). The system of Boeger and Kritsky (1993,
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Fig. 4.4.1. Life cycles of monogeneans (no intermediate host required). A. Oviparous life
cycle (Dactylogyrus sp.); B. Viviparous life cycle (Macrogyrodactylus sp.). (lllustrations by
M. Luo.)

2001) is followed here for the higher taxonomical levels, based on a variety of
anatomical and ultrastructural characters. The subclasses as listed below are now
well accepted, as is the division of Heteronchoinea into two infrasubclasses (i.e.,
Oligonchoinea and Polystomatoinea).

Generic classification of monogeneans is based mainly on characters associated
with the attachment structures. However, information on the internal anatomy
and sclerotised distal parts of the male and female reproductive system is also
important, as an integral part of the generic definition.

Species identification of monogeneans (especially so-called lower monogeneans
— Polyonchoinea) is based on the morphology of the sclerotised structures of the
haptor and distal parts of the reproductive systems (i.e., male copulatory organ
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and vagina). However, details on the arrangement of internal structures may also
supplement the taxonomical evaluation, and should ideally be a part of the species
description.

The unique and characteristic morphological feature of the Monogenea is the
presence of the posterior attachment organ called the haptor (or opisthaptor).
It is a complex organ composed of the attachment disc and various sclerotised
structures (Fig. 4.4.2). The terminology of the haptoral structures is not unified and
some researchers use these terms differently. Here, the following terms are used
in keying out these parasites:

Anchors (hamuli, grypi, large hooks, central hooks, Mittelhakens) are paired trifid
structures situated on the ventral and/or dorsal surface of the central part of the
haptor. One or two pairs of anchors may be present, but in some monogeneans
(e.g., species of Heteronchocleidus, Trianchoratus, Urogyrus) one of the anchors
may not be fully developed, i.e., it is much reduced in size and shape. In a typical
case, the anchor consists of inner root (superficial root, ventral root, guard), outer
root (deep root, dorsal root, shaft), base, shaft (blade) and point; the membranous
structures arising from the convex surface of the shaft are termed anchor filaments
(wings, filament loops). The anchors of some genera may possess accessory
sclerites (patch, cuneus) associated with the tip of the inner root (e.g., species of
Birgiellus, Paraquadriacanthus, Quadriacanthus).

Bars (connecting bars, transverse bars) are one or two-piece structures connecting
the basis of individual members of a pair of anchors. Generally, each pair of anchors
has a bar and together they form the so-called ventral and/or dorsal anchor-bar
complex. In a number of genera with two pairs of anchors, only one pair has a
bar (e.g., species of Enterogyrus, Eutrianchoratus). Conversely, two bars (ventral
and dorsal) may be present in some monogeneans with one pair of anchors (e.g.,
species of Dactylogyrus, Gyrodactylus).

Needles (4A hooks) are paired delicate (usually poorly detectable) splinter-like
structures of which the nature and origin have not yet been clearly documented.
Mostly they are considered to be vestigial anchors or vestigial hooks (e.g., species
of Dactylogyrus, Dogielius, Schilbetrematoides).

Hooks (marginal hooks, uncinuli) are bilaterally arranged pairs of small sickle-
shaped structures. In a typical case, each hook consists of a sickle (with sickle-
filamentloop or FHloop) and a handle. There are two types of hooks called unhinged
and hinged hooks. The sickle of a hinged hook is movable in relation to the handle.
The number of hooks is 14 in species with unhinged hooks (Dactylogyridae,
Diplectanidae) and 16 in species with hinged hooks (Gyrodactylidae). There are
several types of numbering systems for hook pairs; here the system of Mizelle
(1936) is adopted, because it is the only currently used method that considers both
the anteroposterior and dorsoventral positions of the respective hook pairs in the
adult haptor.
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CH

Fig. 4.4.2. Examples of haptoral attachment structures, as typically seen in papers
describing new species. A. Polyonchoinea. A = anchor, A(r) = anchor (rudimentary), B =
bar, H(h) = hook (hinged), H(un) = hook (unhinged), N = needle, Pa = patch, R = rods,
SM = supporting membrane, SQ = squamodisc, 1 = outer root, 2 = inner root, 3 = base,
4 = shaft, 5 = point, 6 = filament, 7 = sickle, 8 = handle, 9 = FH loop; B. Oligonchoinea.
(Modified after Khotenovsky 1985.) C = clamps, CH = central hook, 1 = median plate, 2
= proximal additional sclerite, 3 = distal additional sclerite, 4 = trapeze spur, 5 = anterior
joining sclerites, 6 = anterior jaw, 7 = posterior jaw (median sclerite), 8 = posterior jaw
(lateral sclerite), 9 = handle, 10 = sickle.
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Squamodiscs are circular or oval plate-like formations, which are found only in
certain monogeneans of the Diplectanidae. There are, typically, two squamodiscs
(one ventral and one dorsal) located anteriorly to the anchor-bar complexes.
Each disc possesses scales embedded in the tegument, which appear under the
microscope as rootlets arranged in rows.

Clamps are metamorphosed suckers characteristic of higher monogeneans
(Oligonchoinea). They are highly specialised structures, often armed with
sclerotised elements. The number of clamps varies from two to many; they are
distributed symmetrically or asymmetrically. The number and arrangement of
clamps as well as the number, shape and size of clamp sclerites are of taxonomic
importance in differentiating taxa.

4.4.1. Identification keys for monogeneans (adults)

The guide to the monogeneans parasitising African freshwater fishes is presented
here as keys to individual genera and higher-level taxa. Every step in the keys
refers to a corresponding figure for a better understanding of identifying feature(s).
Figures are labelled to illustrate the used terminology of the sclerotised structures;
taxonomically important characters indicated by arrows. In case of hooks, only half
of them is depicted in the key to the Dactylogyridae. The genus Ancyrocephalus
is not included in the keys. Following the emendation of the generic diagnosis
for Ancyrocephalus of Bychowsky and Nagibina (1970), A. barilli, A. claveaui,
A. limnotrissae and A. pellonulae do not belong to the genus sensu stricto.
Nevertheless, we retain them in Ancyrocephalus until their generic status is formally
resolved. Thus, these species are listed below under Ancyrocephalus sensu lato.

Key to the subclasses/infrasubclasses of monogeneans

1(2) Hook-like sclerites with various connecting and supporting sclerites
(e.g., bars, squamodiscs) are main attachment structures of haptor
[Fig. 4.4.2A]. e Polyonchoinea

2 (1) Main attachment structures of haptor are morphologically and functionally
changed suckers — clamps [Fig. 4.4.2B]............ccoeeis Oligonchoinea

Key to the families of the Oligonchoinea Bychowsky, 1937

1(2) Haptor with 4 + 4 clamps; male copulatory organ armed with a circle of
spines, present in anterior part of the body (just behind pharynx); no fused
(concrescent) individuals occur [Fig. 4.4.3]................... Diclidophoridae

2 (1) Haptor with 4 + 4 and more clamps; one pair of posteriorly situated hooks
(central hooks) usually present; male copulatory organ absent; already in
juvenile stage, two individuals (diporpae) permanently fused forming an
X-shape [Fig. 4.4.4]. ..o Diplozoidae
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Key to the genera of the Diplozoidae Tripathi, 1959

Haptor with 4 + 4 laterally situated clamps and one pair of small central
hooks; gill parasites of Brycinus macrolepidotus (Alestidae) and Cyprini-
dae[Fig. 4.4.4A]. ..o Paradiplozoon

Haptor with more than 4 + 4 laterally situated clamps (up to 15 pairs) and
one pair of small central hooks; gill parasites of Alestes baremoze (Alesti-
dae) and Cyprinidae [Fig. 4.4.4B].........cccooeviiiiiininann.. Afrodiplozoon

Key to the families of the Polyonchoinea Bychowsky, 1937

1(2)

2 (1)

3(4)

4(3)

Oviparous, usually with two pairs of eye spots; haptor with unhinged (dac-
tylogyrid) hooks [Fig. 4.4.5A]. . ..o 3

Viviparous or oviparous, eye spots are lacking; haptor with hinged (gyro-
dactylid) 8 + 8 hooks [Fig. 4.4.5B].........ccccoiiiiiininnnn Gyrodactylidae

Haptor with 7 + 7 unhinged hooks, two pairs of anchors (one or two an-
chors may be rudimentary), two bars (one may be rudimentary or absent)
[Fig. 4.4.8A]. ... Dactylogyridae

Haptor with 7 + 7 unhinged hooks, two pairs of anchors, two bars (dor-
sal bar two-pieced); accessory adhesive organs (squamodiscs) present
[FIg. 4.4.6B] ..o Diplectanidae

Key to the genera of the Dactylogyridae Bychowsky, 1933

1(2)
2 (1)
3(4)

6 (5)
7 (8)
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Dactylogyrids parasitising internalorgans...............c.ccooiviiiiiin i, 3
Dactylogyrids parasitising externalorgans..............cccoooiiiiiiiiiinnn, 5

In stomach; haptor with two pairs of anchors; ventral anchors asso-
ciated with the ventral bar (i.e., ventral anchor-bar complex present);
dorsal anchors with recurved inner root, elongate outer root; dorsal
bar absent; male copulatory organ a spirally coiled tube; in Cichlidae
[FIg. 4. 4. 7A] Enterogyrus

In urinary bladder; haptor with one pair of ventral anchors associated with
the ventral bar; right anchor rudimentary (reduced in size and shape); dor-
sal anchor-bar complex absent; in Cichlidae [Fig. 4.4.7B]......... Urogyrus

Haptor with two developed anchors (ventral or dorsal pair) and two anchors
reduced or replaced by needles (poorly defined)..............ccooiiininin. 7

Haptor with more than two developed anchors....................oooels 13

Ventral anchor-bar complex developed; dorsal anchors modified into
spike-like sclerites; dorsal bar absent; gill parasites of Citharinus citharus



(Citharinidae) [Fig. 4.4.8A].....cvuiii i, Nanotrema

8 (7) Onepairofdelicate splinter-like structures (needles)located nearhook pairV
LSS 1 | 9

9 (10) Only one bar present; anchors with short roots (inner root often with basal
fold) of similar size, poorly differentiated shafts and points (with subtermi-
nal curvature and strongly recurved tip) directing towards each other (like
a pair of pincers); gill parasites of Cyprinidae [Fig. 4.4.8B].....................

10 (9) OneortwobarsS PresSent........cccovieiiii i 11

11 (12) Dorsal bar present; ventral bar usually smaller than the dorsal one, ru-
dimentary or absent; dorsal anchors often with roots of unequal size,
well-differentiated shaft and point; mostly on gills of Cyprinidae [Fig. 4.4.9A]
.............................................................................. Dactylogyrus

12 (11) Ventral bar simple, rod-shaped; dorsal bar complex, comprising bar pro-
per and massive shield-like structure posteriorly serving as a guide for
anchor points; dorsal anchors with elongate inner root having a superfi-
cial protuberance near mid-length; gill parasites of Schilbe (Schilbeidae)

[Fig. 4.4.9B]. ... Schilbetrematoides
13 (14) Three developed and one (ventral) rudimentary (i.e., markedly reduced in
size and shape) anchors present...........oov oo 15
14 (13) Four (two pairs) developed anchors present.............c.cocovviiiiiinnen.n. 17

15 (16) Two bars present; developed anchors (two dorsal, one ventral) with
well-differentiated roots; dorsal anchors usually differ from each other in
size and shape; gill parasites of Ctenopoma (Anabantidae) [Fig. 4.4.10A]
...................................................................... Heteronchocleidus

16 (15) One bar present; developed anchors (two left, one right) in a claw-like
position, each with stout inner root and poorly developed outer root; a
circular muscle attached terminally to the inner root of the left ventral
anchor detectable; gill parasites of Parachanna obscura (Channidae)

[FIgd.4.10B]....v i Eutrianchoratus
17 (18) One or both pairs of anchors associated with a two-piece bar............... 19
18 (17) Each anchor pair associated with a one-piece (solid) bar..................... 25

19 (20) Both bars two-pieced; ventral and dorsal anchors similar in shape and
size; base of copulatory tube delicate, usually with finger-like processes;
gill parasites of Mormyridae [Fig. 4.4.11A].......ccoeviiiiiiininn. Bouixella

20 (19) Ventral bar two-pieced; dorsal bar solid...................cooiiiiiiiinnnn. 21

21 (22) Ventral bar comprising two well-separated components; ventral anchors
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markedly smaller than dorsal anchors; dorsal bar straight, broadly V- or
M-shaped; gill parasites of Cichlidae [Fig. 4.4.11B]............. Onchobdella

22 (21) Ventral bar comprising two components articulating medially............... 23

23 (24) Anchors with patches, rootless; dorsal bar T-shaped, with bilateral arms
and expanded mid-region with posterior process; gill parasites of Clariidae,
Bagrus (Bagridae), and Papyrocranus afer (Notopteridae) [Fig. 4.4.12A]
........................................................................... Quadriacanthus

24 (23) Anchors without patches; dorsal anchors with inner root terminally cur-
led; ventral anchors with thickened ridge extending from outer root across
base to shaft; pouch-like structure (onchium), through which dorsal extrin-
sic muscles extend, present in the anterior region of haptor; gill parasites
of Chrysichthys (Claroteidae) and Malapterurus electricus (Malapteruri-

dae) [Fig. 4.4.13]). .. Protoancylodiscoides
25 (26) Anchors with patChes..........coiiiiii e 27
26 (25) Anchors without patches. ..., 31

27 (28) Patches on ventral anchors only; anchors large, with poorly developed ou-
ter root; bars simple in shape; gill parasites of Heterotis niloticus (Arapai-
midae) [Fig. 4.4.12B].....oooei Heterotesia

28 (27) Patches on both dorsal and ventral anchors................coooiiiiiiininnn. 29

29 (30) Ventral and dorsal anchors rootless; patches small; dorsal anchors with
shaft sharply (at about 90°) bent proximally; dorsal bar cross-shaped;
ventral bar triangular or three-armed; gill parasites of Clarias (Clariidae)
[Fig. 4.4.14A]. ..o Birgiellus

30 (29) Dorsal anchors robust, with flange on superficial surface of base, large
patch (wings unequal); ventral anchors small, with delicate patch; dorsal
bar complex, with anterior shield and posterior arrow- or T-shaped pro-
cess; ventral bar broadly U-shaped; in the nasal cavity of Clarias gariepi-

nus (Clariidae) [Fig. 4.4.14B]........cccooeiiiiiiiiiinn. Paraquadriacanthus
31 (32) Dorsal bar with two submedial auricles ..., 33
32 (31) DorsalbarlackingauriCles. .............oiiiiiiiii e 35

33 (34) Dorsal bar with long auricles and lateral wing-shaped enlargements; ven-
tral bar associated with supporting membrane marked by fan-shaped me-
dian thickenings; gill parasites of Cichlidae [Fig. 4.4.15A]).....................

34 (33) Dorsal bar with auricles variable in length; ventral bar not associated with
supporting membrane, V-shaped, usually with a medial portion reduced in
diameter; an auxiliary plate lying in close proximity of the male copulato-

192



ry organ sometimes present; gill parasites of Aphyosemion cameronense
(Nothobranchiidae), Cichlidae and Polycentropsis abbreviata (Nandidae)
[Fig. 4.4.15B]. .. Cichlidogyrus

35 (36) Both ventral and dorsal bar associated with lightly sclerotised (some-
times poorly defined) supporting membrane; ventral bar often with me-
dian process; anchors with inner roots having recurved (erect) ter-
minal half, elongate shaft and short point; gill parasites of Alestidae
[Fig. 4.4 16A]. . Annulotrema

36 (35) Supporting membrane absent or associated withonlyonebar............... 37

37 (38) Bar(s) with a median projection and/or two bilateral anterior arms (i.e., bar
ends bentatabout 90° anteriorly)...........coooiiiiiiii 39

38 (37) Bars lacking median projection and such bilateral anteriorarms............ 47

39 (40) Median projection articulated to the ventral bar and associated with lightly
sclerotised skirt-like supporting membrane; dorsal bar yoke-shaped with a
posterior shield; gill parasites of Auchenoglanis occidentalis (Claroteidae)

[Fig. 4.4.16B]. ... e Bagrobdella
40 (39) Median projection arising (not articulated) from the ventralbar............... 41
41 (42) Ventralanchorsmodifiedinshape............ccooooiiiiiiiiiiiiiicea 43
42 (41) Ventral anchors with basal surface protuberance.............................. 45

43 (44) Ventral anchors with recurved inner root, elongate (erected) outer root,
and diagonally truncate point; ventral bar with two bilateral anterior arms,
small/delicate posteromedial projection usually present; dorsal bar simple,
rod-shaped; gill parasites of Alestidae [Fig. 4.4.17A].........cccevviiiniinnnn.

44 (43) Ventral anchors with prominent superficial knob on base near its union with
the shaft, shaft sharply (usually at about 90°) bent proximally, roots va-
riable in shape; bars usually with lateral, subterminal (often horn-shaped)
and medial anterior projections; accessory sclerite associated with antero-
medial projection of the ventral bar may be present; gill parasites of Schil-
beidae [Fig. 4.4.17B).....oi i Schilbetrema

45 (46) Ventral anchors with pestle-shaped protuberance diagonally extending
from outer root to inner side of proximal part of the shaft; ventral bar with
lobed ends and medial projection; dorsal anchors with small to reduced
outer root; dorsal bar simple, with indistinct supporting membrane; gill pa-
rasites of Synodontis (Mochokidae) [Fig. 4.4.18A]........cociiiiiiiiiiiiiit.

46 (45) Ventral anchors robust, with leaf-shaped protuberance extending along
medial part of base; ventral bar with lobed ends and medial projection;
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dorsal anchors with shaft slightly swollen at its union with base; dorsal bar
with two subterminal joint-like thickenings; gill parasites of Gnathonemus
petersii (Mormyridae) [Fig. 4.4.18B]...........cccceevnnnn. Archidiplectanum

47 (48) Bars (primarily ventral bar) with recurved ends, subterminal constrictions;

dorsal bar with indistinct supporting membrane; ventral anchors with wide
base; gill parasites of Cichlidae in Madagascar [Fig. 4.4.19A]..................
.............................................................................. Insulacleidus

48 (47) Ventral bar saddle-shaped, with enlarged (bulbous) terminations and rec-

tangular enlargement of anteromedial margin; dorsal bar rod- or broadly
U-shaped; anchors with enlarged roots and relatively delicate shaft; gill
parasites of Distichodus (Distichodontidae) [Fig. 4.4.19B].....................
......................................................................... Afrocleidodiscus

Key to the genera of the Gyrodactylidae van Beneden et Hesse, 1863

1(2)
2 (1)

3(4)
4 (3)

5 (6)

6 (5)
7 (8)

8(7)
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Haptor with 16 hooks of the same type; ventral and dorsal bar present...... 3

Haptor with 16 hooks of two different types (ten hooks with large falculate
sickles, six smaller hooks with well-articulated sickles), a pair of muscular
adhesive discs situated on the side of anchors; no dorsal bar present; gill
parasites of Polypterus senegalus (Polypteridae) [Fig. 4.4.20A]...............
....................................................................... Diplogyrodactylus

Hooks evenly distributed alongthe edge ofhaptor................c.coooiini. 5

Hooks distributed unevenly; 14 hooks arranged in a row along the poste-
rior margin of haptor; two hooks located on anterolateral lobes, reflected
forwards; peg-like tegumental extensions (supporting struts) present on
lateral and anterior margins of haptor; inner roots of anchors associated
with accessory bars; ventral bar associated with two pairs of supporting
rods (not incorporated in the bar); gill, skin/fin parasites of Clariidae, Cte-
nopoma muriei (Anabantidae), Lates niloticus (Latidae) and Polypteridae
[Fig. 4.4.20B]....eeiii e Macrogyrodactylus

Haptor with four pairs of accessory bars; three (two lateral, one
central) supporting rods incorporated in ventral bar present;
skin/fin  parasites of Marcusenius macrolepidotus (Mormyridae)
[Fig. 4.4.21A]. e Mormyrogyrodactylus

HaptorlackingacCessorybars. ........oviieiiiiii e 7

Anchors with two developed roots; outer root conspicuous, approxi-
mately half-length of inner root; ventral bar without membrane and an-
terolateral processes; gill, skin/fin parasites of Alestidae [Fig. 4.4.21B]
........................................................................ Afrogyrodactylus



9 (10)

10 (9)

Ventral bar with membrane, anterolateral processes may be present; male
copulatory organ bulbous, equipped with one apical spine and row(s) of
small spines; gill, skin/fin parasites of various host families [Fig. 4.4.22A]
.............................................................................. Gyrodactylus

Anchors with a constriction between shaft and point; ventral bar with
membrane, anterolateral processes lacking; male copulatory organ mus-
cular, consists of a central curved cone and a muscular pouch armed with
numerous small spines; gill parasites of Citharinus citharus (Citharinidae)
[Fig. 4.4.22B]. .. oo Citharodactylus

Buccal sucker

Pharynx

Male copulatory organ

Gut

Vas deferens
Uterus

Vitelline duct

Vagina

Ootype surrounded
by Mehlis' glands

Ovary

Testes

Vitellarium

Haptor

Clamps

500 um

Fig. 4.4.3. Monogenea (Diclidophoridae). Heterobothrium fluviatilis Euzet et Birgi, 1975
from Tetraodon lineatus. (Modified from Euzet & Birgi 1975.)
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