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The actin cytoskeleton is of fundamental importance for eukaryotic cell homeostasis. It contributes
to developing and maintaining cell shape and tissue integrity and is crucial for cell migration, movement
of organelles, vesicle trafficking, and the completion of cell division. Impressive advances have been
made in recent years towards understanding the intricacies of the microfilament system’s organization
and function. This Special Issue of IJMS covers a broad range of cutting-edge aspects related to the
actin cytoskeleton.

The mechanical properties of the cell are intimately linked to the highly dynamic and, at the same
time, highly crosslinked cytoskeletal structures that occupy the cytoplasm. Liu et al. [1] use atomic force
microscopy indentation coupled to image recognition-based cytoskeleton quantification to quantify
the effect of F-actin and microtubule morphology, achieved by various levels of depolymerization,
on cellular mechanical properties, and conclude that living cells are able to sense and adapt to the
polymerization state of their cytoskeleton components. Dozens of actin-binding proteins (ABPs)
orchestrate the dynamic remodeling of the actin cytoskeleton and integrate it with the cell signaling
machinery. ABPs have unique localizations within the crowded cytoplasm, in which they diffuse
within seconds. How does a specific ABP find where to bind when the cytoplasm offers endless
possibilities? Tokuraku et al. [2] discuss the concept of allosteric regulation of ABP localization that
arises from cooperative conformational changes propagating along actin filaments upon binding
of ABPs like myosin, tropomyosin, cofilin, and others. This phenomenon is proposed to play an
important role in the formation and regulation of actin structures like stress fibers, lamellipodia,
and filopodia. It probably also applies to more elaborate structures like the inner ear hair cell stereocilia.
Hair cells are the specialized neuroepithelial cells responsible for detecting sound and head movements.
Each of these cells carries an apical bundle of stereocilia that upon deflection activate ion channels,
causing depolarization, neurotransmitter release, and excitation of auditory or vestibular nerves.
Pacentine et al. [3] review the current knowledge on the morphology, composition, and role of the
rootlet, a specialized structure that anchors the actin core of the stereocilium to the cell body.

Actin and ABPs play roles not only in structures built in the cytoplasm but also in extracellular
vesicles released by the cells and used for intercellular communication. Holliday et al. [4] review the
actin and actin-associated proteome of extracellular vesicles released by osteoclasts. They report the
presence of members of several of the major classes of ABPs, suggesting that they are important for
the formation of extracellular vesicles and for their regulatory function on osteoblasts. The power
of proteomics is also showcased in the study of Fabrice et al. [5]. Here, the authors describe the
interactome of the Dictyostelium discoideum amoeba coronin A. Coronins are evolutionary conserved
cytoskeleton remodeling proteins, but actin-independent roles, particularly in signaling, are emerging.
The study found coronin A in complex with a number of ABPs, but also several uncharacterized
proteins, metabolic enzymes, and a transcription factor that will provide fodder for future studies.
Co-sedimentation experiments in this study also put into question the relevance of the interaction of
coronin A with actin, suggesting that the phenotypes observed in coronin A-deficient amoebae are
mainly the result of altered signaling. In mammalian cells, one of the interaction partners of coronin
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1 is the cytoplasmic tail of integrin β2, a component of lymphocyte-associated antigen 1, the fourth
most abundant integrin in platelets. Coronins 1, 2, and 3 are abundant in platelets, but their roles are
poorly understood. Riley et al. [6] describe the characterization of mouse platelets deficient in coronin
1 and show that the protein is dispensable for most cellular processes, most likely due to functional
overlap among coronins, but is required for translocation of integrin β2 to the platelet surface upon
stimulation with thrombin.

Nucleation-promoting factors activate the Arp2/3 complex to trigger actin nucleation. Several of
those factors have been extensively studied over the last few decades, including the Wave complex.
This complex is itself activated by interaction with activated small GTPases like Rac1. Singh et al. [7]
investigate Arf6, a member of the ADP ribosylation factor family involved in a wide array of cellular
functions. Some members of the Arf family, like Arf5 and Arl1, cooperate with Rac1 to recruit the
Wave complex. In their study, Singh et al. now show that another Arf family member, Arf6, is not only
capable of activating the Wave complex indirectly by recruiting the exchange factor ARNO, but also
can trigger actin assembly directly in coordination with Rac1. Formins constitute another family of
evolutionarily conserved cytoskeleton nucleators. Their hallmark is the FH2 domain that promotes the
nucleation and elongation of linear actin filaments but can also associate to microtubules. Formins
usually make for large families and in Arabidopsis thaliana the family has 21 members. While formins are
known to form homodimers through their FH2 domain, heterodimerization has been seldom reported.
Kollárová et al. [8] investigate two previously uncharacterized plant formins, AtFH13 and AtFH14,
and although they show distinct and only partially overlapping patterns of subcellular localization,
they are capable of heterodimerizing, a finding not reported previously in plant formins. As important
as nucleation in the process of actin remodeling are mechanisms like severing, depolymerization,
and regeneration of actin monomers, to which cyclase associated proteins (CAPs) contribute in complex
ways. Two isoforms of CAP exist in mammalian cells, but while CAP1 has been extensively studied
biochemically, CAP2 has never been. Purde et al. [9] show in their study that the N-terminal domain of
both isoforms enhances cofilin-mediated severing and depolymerization of actin filaments. By studying
the association status of CAPs, the authors noted that these activities are directly proportional to the
degree of oligomerization, with monomers being less effective than tetramers.

About one hundred ABPs contribute to organize the cytoskeleton at the cell cortex, a dense
meshwork associated with the plasma membrane. This cortical network is important for the generation
of tension needed to maintain cell shape and polarity and to make cell motility possible. Ezrin, radixin,
and moesin proteins are among the ABPs that regulate the organization of cortical actin filaments.
García-Ortiz and Serrador [10] review the main biochemical mechanisms involved in the regulation of
members of this family and their contribution to leukocyte biology, with a focus on the phagocytic cup
and the immune synapse. A particular example of the roles of the cortical actin cytoskeleton is the
first division of the Caenorhabditis elegans embryo, a model of asymmetric cell division that integrates
microfilaments, microtubules, and complex signal cues. Samandar Eweis and Plastino [11] review
recent research on the roles of the actin cytoskeleton in this crucial stage of the morphogenesis of the
worm embryo, with a focus on the processes of symmetry breaking, cortical flows that help establish
polarity, and contractile ring formation and positioning.

Having fundamental roles in a plethora of cellular processes, it comes to no surprise that defects
in actin and associated proteins have been found to be associated with various diseases. Humans
express six actin genes, some of them in a tissue-specific manner, giving rise to highly similar proteins.
Disease-causing mutations have been reported for each of the six genes. The most common mutations
result in conditions like nemaline myopathy, aortic aneurysms, and cardiomyopathy. Parker et al. [12]
review the mutations reported in the human actin genes, their potential consequences for actin function,
and the challenges that actins pose for experimental studies. Actin is the major cytoskeletal component
of dendritic spines, small protrusions along dendrites, which in the mammalian brain harbor the
postsynaptic compartment of glutamatergic excitatory synapses. The actin cytoskeleton contributes
decisively to maintaining the dendritic spine architecture and modulating its remodeling. Synaptic
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dysfunction driven by amyloidβ is characteristic of the neurodegenerative disorder Alzheimer’s disease.
Pelucchi et al. [13] review the role of the actin cytoskeleton in the spine shaping, the participation of
actin and actin remodeling proteins in the endocytosis mechanisms implicated in amyloid generation
and receptor trafficking, and the evidence supporting the implication of the actin cytoskeleton in
synaptic failure.

In the skeletal muscle cell, the transmembrane protein dysferlin facilitates calcium-dependent
aggregation and fusion of vesicles during repair of the plasma membrane, at which point it interacts with
proteins involved in actin remodeling. Mutations in dysferlin cause a group of muscular dystrophies
called dysferlinopathies. Báez-Matus et al. [14] investigate the potential effects of alterations in
dysferlin expression on actin dynamics, more specifically G-actin incorporation to filaments. They use
immortalized myoblast cell lines derived from dysferlinopathy patients or normal myoblasts in which
the dysferlin gene has been silenced and conclude that dysferlin is important for the regulation of
actin remodeling.

Many bacterial pathogens have developed the ability to manipulate the actin remodeling machinery
to facilitate their own uptake by the host cell and subsequent proliferation and invasion of other cells
within the organism. A particular example is the obligate intracellular bacterium Chlamydia trachomatis.
This organism uses aspects of actin remodeling to induce its own uptake by the host epithelial cell,
to create a replicative niche, and, in some cases, to promote its egress from the infected cell, as discussed
by Caven and Carabeo [15] in their review.

Overall, the 15 contributions that make up this Special Issue highlight the fundamental roles of the
actin cytoskeleton in cellular processes relevant to health and disease. The combination of molecular
genetics, biophysics, and advanced imaging techniques in a variety of cell types and model organisms
will ensure that exciting discoveries will continue to be made in this field in years to come.

Funding: This research received no external funding.
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Abstract: Cytoskeleton morphology plays a key role in regulating cell mechanics. Particularly,
cellular mechanical properties are directly regulated by the highly cross-linked and dynamic
cytoskeletal structure of F-actin and microtubules presented in the cytoplasm. Although great
efforts have been devoted to investigating the qualitative relation between the cellular cytoskeleton
state and cell mechanical properties, comprehensive quantification results of how the states of
F-actin and microtubules affect mechanical behavior are still lacking. In this study, the effect of both
F-actin and microtubules morphology on cellular mechanical properties was quantified using atomic
force microscope indentation experiments together with the proposed image recognition-based
cytoskeleton quantification approach. Young’s modulus and diffusion coefficient of NIH/3T3 cells
with different cytoskeleton states were quantified at different length scales. It was found that the
living NIH/3T3 cells sense and adapt to the F-actin and microtubules states: both the cellular elasticity
and poroelasticity are closely correlated to the depolymerization degree of F-actin and microtubules
at all measured indentation depths. Moreover, the significance of the quantitative effects of F-actin
and microtubules in affecting cellular mechanical behavior is depth-dependent.

Keywords: cell mechanics; F-actin; microtubules; image recognition-based cytoskeleton
quantification; AFM

1. Introduction

Cellular cytoskeleton, composed of F-actin (actin filaments), microtubules and intermediate
filaments, is a highly cross-linked and dynamic network present in all cells cytoplasm [1–3]. Studies
have shown that cytoskeletal morphology directly controls the cellular mechanical behavior [1,4].
As one of the major components of the cytoskeleton, F-actin performs its primary function on cell
cycling control, amoeba movement, cell shape change, cell contractility and mechanical stability [5,6].
Microtubules provide a platform for cellular cargo transportation including macromolecular assembly,
organelles and secretory movement [7,8]. It has been widely demonstrated that both F-actin and
microtubules can reorganize their network structures to control the cellular mechanical properties
through the assembly and disassembly when the extracellular environment changes [9–12]. Therefore,
quantitative results on how the F-actin and microtubules affect the cellular mechanical properties may
provide in-depth understandings of the cellular adaptive response to external stimuli, and intracellular
transduction mechanisms. Although great efforts have been devoted to investigating the quantitative
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relation between the cellular cytoskeleton network and the cell mechanical properties, comprehensive
quantification results involving cytoskeleton morphology and mechanical parameters are still lacking.

Tseng et al. (2005) added α-actin to living cells and showed that the stiffness of cells with more
α-actin was significantly larger than that of the original cells [13]. Brangwynne et al. (2006) used
fluorescent images together with macroscopic rods to investigate the effect of microtubules, it was
found that the buckling wavelength of microtubules reduced dramatically to increase the sustainable
compressive forces of microtubules in cells [14]. By using the microfluidic device, Schaedel et al. (2015)
demonstrated that microtubules had self-healing properties and their ductile structure enables the
cell adaptation to external mechanical stresses [15]. These aforementioned studies indicate that there
indeed exist correlations between the morphology of either F-actin or the microtubules and cellular
mechanism. However, they did not compare the effects of F-actin and microtubules in affecting cellular
mechanical behaviors [13–15].

By using the atomic force microscope (AFM), Rotsch et al. (2000) investigated the correlation
between the cell elasticity and fluorescence images of cells treated with multiple drugs for disrupting
or stabilizing the cytoskeleton structure [16]. Haga et al. (2000) used force mapping mode of AFM
to measure the cellular elasticity, and then analyzed the correlation between the distribution of
cellular cytoskeleton and elastic moduli [17]. S.kasas et al. (2005) investigated the superficial and
deep changes of cellular mechanical properties due to the cytoskeleton disassembly using AFM and
finite element simulation [18]. CAMSAP3-ACF7, which is able to keep the length and orientation
of F-actin and microtubules, was used by Ning et al. (2016) to study the impact of the morphology
of cellular cytoskeleton on regulating the cellular adhesion and cell migration [19]. The researches
mentioned above were proposed for showing the relation between the cytoskeleton morphology and
cell mechanical behavior. However, these studies only either focused on cellular elasticity [16,17],
or selected one indentation depth with a fixed treatment concentration in AFM experiments, therefore
could not provide quantitative details of cytoskeleton impact on the cellular mechanics at different
length scales [18,19]. Therefore, the cellular poroelasticity quantification is missing and the length
scale of the effects of F-actin and microtubules has not been reported as well.

Therefore, in this study, we report the quantitative investigation on the effects of F-actin
and microtubules in affecting both the elasticity and poroelasticity at different indentation depths.
The contribution of this study is two-fold: (1) In order to quantify the cytoskeleton morphology,
an image recognition-based cytoskeleton quantification (IRCQ) approach was developed which
quantifies both the F-actin and microtubules morphologies using their fluorescent intensity,
respectively; (2) the quantitative effects of F-actin and microtubules in affecting the cellular elasticity
and poroelasticity were investigated. Specifically, AFM indentation experiments were performed to
quantify both the cellular Young’s modulus and diffusion coefficient at different depths for the cells
treated with F-actin inhibitor (latrunculin B) and microtubule inhibitor (nocodazole), respectively.
The cytoskeleton treatments were designed that the F-actin and microtubules were inhibited at similar
degrees, and the treatment results were verified using the proposed IRCQ approach. Then the cellular
mechanical behavior was measured for each treatment using the AFM indentation data and the effects
of F-actin and microtubules were compared and analyzed.

2. Materials and Methods

2.1. Cell Preparation

2.1.1. Cell Culture and Treatment

Primary mouse embryonic fibroblast cells (NIH/3T3) were seeded in six-well plates
(ThermoFisher Scientific, Waltham, MA, USA) and 35 mm tissue culture dishes (Azzota Scientific, DE,
USA) for fluorescent intensity quantification and AFM indentation experiments, respectively, using
Dulbecco’s Modified Eagle’s Medium (ATCC, Rockville, MD, USA), together with 10% (V/V) Calf
Bovine Serum (Sigma, St. Louis, MO, USA) and 1% (V/V) penicillin-streptomycin (Gibco, Grand Island,
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NY, USA). The cell culture vessels were maintained in the incubator at the temperature of 37◦ and
humidified atmosphere of 5% CO2. The cultured cells were ready after 24 h.

To investigate the different cytoskeletal states of F-actin and microtubules, the cells were treated
with latrunculin B (George Town, Cayman Islands) and nocodazole (Belgium, USA), respectively.
Living 3T3 cells were divided into two groups for the actin and microtubule treatments, respectively.
The cellular F-actin were inhibited using latrunculin B at the final concentration of 0 nM (control), 10 nM,
30 nM, 40 nM, 60 nM, 75 nM, and 100 nM in the aforementioned cell culture medium. The cellular
microtubules were treated with nocodazole at the final concentration of 0 nM (control), 10 nM, 30 nM,
50 nM, 75 nM, 100 nM, and 200 nM in cell culture medium. The cells were treated for 30 min in the
incubator before the AFM measurements.

2.1.2. Immunofluorescence

To observe the cytoskeletal morphology, F-actin and microtubules were stained using
immunofluorescence. 4% paraformaldehyde (Alfa Aesar, Ward Hill, MA, USA) diluted in PBS was
used to fix the NIH/3T3 cells in the incubator for 10 min. 0.1% Triton-X (Fisher Scientific, Fair Lawn,
NJ, USA) was then applied for permeabilization of the cell membrane at room temperature for 10 min.

(i) F-actin. To observe the F-actin, the untreated fixed cells were stained using 100 nM working
stock of Actin-stainTM 555 phalloidin (Cytoskeleton Inc, Denver, CO, USA), which could bind to and
visualize F-actin [20], and incubated at room temperature in dark for 30 min.

(ii) Microtubules. The observe the microtubules, the untreated fixed cells were blocked with
5% BSA (Fisher Scientific, Fair Lawn, NJ, USA) and kept in the refrigerator for 12 h. The cells
were then incubated using Alpha-Tubulin (Acetylated) Recombinant Mouse Monoclonal Antibody
(Fisher Scientific, Fair Lawn, NJ, USA) at 1 μg/mL in 1% BSA at room temperature for 3 h. To label
the microtubules, Alexa Fluor 488 Rabbit Anti-Mouse IgG Secondary Antibody (Fisher Scientific,
Fair Lawn, NJ, USA) at dilution of 1:400 in PBS was used for 30 min at room temperature.

During the staining process, the cells were rinsed three times with PBS after each step.

2.2. Fluorescence Microscope

An AxioObserve Z1 inverted optical microscope equipped with a sola light engine (Lumencor,
Beaverton, OR, USA) was used to obtain the fluorescent images of F-actin and microtubules.
The microscope was controlled by a Zeiss 780 confocal microscope system (Zeiss, Oberkochen,
Germany). The fluorescent images were taken in 10 s using the same light strength and exposure time
for preventing the light bleaching effect and obtaining the images under the same imaging conditions.

2.3. F-actin and Microtubules Quantification

2.3.1. Image Pre-Processing

To process the fluorescent images of the untreated and treated cells, the original RGB images
were converted to grayscale with the brightness range from 0∼255 for each pixel [21]. To minimize the
background color effect, the pixel brightness lower than the image average brightness was mandatorily
set as zero. To quantify the morphologies (i.e., quantity) of F-actin and microtubules, an image
recognition-based cytoskeleton quantification (IRCQ) approach was proposed and applied in the
image processing.

2.3.2. Image Recognition-Based Cytoskeleton Quantification Approach

In the previous study, an image recognition-based F-actin quantification (IRAQ) approach was
proposed to quantify both the F-actin orientation and intensity simultaneously [22]. In IRAQ,
Canny and Sobel edge detectors, as well as the Matlab filling tools were utilized in filament
skeletonization and cell area detection. However, compared to F-actin, determined by the structure,
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the microtubules show dense labeled fluorescent spots rather than clear fibrous cross-network in the
fluorescence images (see Figure 1). Therefore, quantifying the orientation deviation of microtubules is
meaningless. Moreover, the image skeletonization processing in IRAQ is not feasible for microtubules
intensity quantification. Overall, the brightness intensity quantification algorithm designed in
IRAQ is not suitable for microtubules due to the significant structural difference between F-actin
and microtubules. Therefore, an image recognition-based cytoskeleton quantification (IRCQ) for
quantifying the intensity of both the actin-cytoskeleton and microtubules was proposed. IRCQ uses the
breadth-first search (BFS) instead of edge detector and filling tools to quantify the brightness intensity
of F-actin and microtubules.
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Figure 1. The fluorescent images of (A) F-actin and (B) microtubules in control NIH/3T3 cells,
respectively. (C) AFM topography image of a NIH/3T3 cell, where the red cross denotes the
poroelasticity measurement.

Breadth-first search (BFS) is a common searching algorithm for large unknown graph data
structures [23]. BFS starts from a root node of the searching tree and explores all of the neighbor nodes
incident to the source node. It keeps moving toward the next-depth neighbor nodes until all nodes in
the graph have been visited exactly once. BFS uses the opposite strategy compare to the depth-first
search, which explores as far as possible along one branch before backtracking and expands the next
branch [24].

In IRCQ, BFS algorithm is used to quantify the intensity of cellular cytoskeleton by calculating the
total pixel brightness over the detected cell area. The designed algorithm starts from the first pixel at
the upper-left corner of the grayscale image (see Figure 2). If the pixel brightness is larger than or equal
to the prechosen threshold ε, the cell area counter is increased by one (remains the same otherwise)
and the corresponding brightness is added to the cell brightness counter, and the brightness of the
surrounding pixels are then checked recursively. Each checked pixel is marked as “Read” to prevent
redetection. This process continues until no surrounding pixels are brighter than the threshold (i.e., the
boundary of a cell is detected). Next, the algorithm moves toward the next “Unread” pixel in the image
pixel matrix and recreates new cell area and brightness counters, respectively, and the above “checking”
process is repeated. Finally, we could obtain at least one detected cell area. To eliminate the unwanted
staining spots on the image, the original cell images can be cropped into several ones such that each
new image only contains one single cell. Then only the largest cell area detected in each new image. is
chosen as the quantification target. The BFS algorithm in IRCQ is shown as Algorithm 1. The average
F-actin intensity (AAI) and the average microtubule intensity (AMI) are both quantified as,

I =
B

C × r
, (1)
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where I is the average intensity, C and B are the maximum cell area count and the corresponding
brightness, respectively. r is pixel area of the obtained fluorescent images. The relative intensity
percentage change, Δ, is quantified as,

Δ =
I0 − Ii
I0 − Im

× 100%, (2)

where I0 and Im are the average intensity of untreated and fully treated (i.e., the morphology does not
change if the treatment strength is further increased.) cells, respectively. Ii is the average intensity of
cells treated with certain treatment concentration i.

Algorithm 1: BFS algorithms in IRCQ
Data: A fluorescent single image with pixel matrix
Result: Area and brightness of a detected cell

1 ε = threshold;
2 n = 0;
3 Start from the first upper-left pixel P of the input image;
4 while there exist "Unread" pixels do

5 Create a cell area counter Cn = 0;
6 Create a cell brightness counter Bn = 0;
7 Mark P as “Read”;
8 Initialize queue Q with P;
9 while Q is not empty do

10 Poll front of Q → q;
11 for all neighbors p of q do

12 if p is “Unread” & its brightness Bp ≥ ε then

13 Cn + 1 → Cn;
14 Bn + Bp → Bn;
15 Add p to the end of Q;
16 Mark p as "Read";
17 end

18 end

19 end

20 The next "Unread" pixel → P;
21 n + 1 → n;
22 end

23 return Cell area count C = max{Ck}, (k = 1, 2, ..., n) & the corresponding cell brightness B.

2.4. AFM Measurement

The AFM indentation experiments were performed in the aforementioned cell treatment medium
at room temperature using Bruker BioScope Resolve AFM system (Santa Barbara, CA, USA) integrated
with an inverted optical microscope (Olympus, IX73, Tokyo, Japan). Glass bead/sphere AFM probe
(Novascan, IA, USA) with the radius of 2.5 μm was used, and its cantilever spring constant of 0.03 N/m
was acquired using the thermal tune approach. To minimize the nucleus effect, the cells were indented
at the location away from the top during the experiments. To minimize the limited cell thickness and
substrate effects, the target indentations were selected as 650, 1000, 1300 nm, which were less than a
quarter of the cell height at 7 ± 1 μm [3,25]. The reason of performing AFM measurement at different
desired indentations is to study the length scale of the effect of cytoskeleton morphology on cellular
mechanical behavior [26,27]. To quantify the cell elasticity and poroelasticity, the AFM indentation
procedure reported in [4] was applied. Specifically, cells were indented at the speed of 20 μm/s until
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the desired indentations were reached (indenting process), and the probe was then kept resting on
the cell at that position for one second to obtain the force-relaxation curve (force-relaxation process).
For each treatment concentration, the AFM experiment was performed on at least 8 cells for each
designed indentation depth.
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Figure 2. Illustrative demonstration of BFS algorithm.

2.5. Mechanical Property Quantification

The AFM probe-cell interaction force, F(t), was quantified as,

F(t) = k × S × d(t), (3)

where k is the cantilever spring constant, d(t) is the cantilever deflection increase, S is the deflection
sensitivity. The indentation depth, δ(t) is calculated as,

δ(t) = z(t)− d(t), (4)

where z(t) is piezo displacement with respect to its initial probe-cell contact position.

2.5.1. Elasticity

During the indenting process, the used AFM probe was spherical and its indenting speed at
20 μm/s was significantly faster than the intracellular fluid efflux rate [28]. Therefore, the measured
cell can be treated as incompressible. The Young’s modulus, E, of cells then could be quantified using
Hertzian model as,

F(t) =
4
3

E
1 − ν2 r

1
2 δ

3
2 (t), (5)

where ν = 0.5 is the incompressible Poisson’s ratio, r = 2.5 μm is the AFM probe radius.

2.5.2. Poroelasticity

During the force-relaxation process, the AFM probe was resting on the sample cells after the
targeted indentation depth was reached. The intracellular efflux occurs to equilibrate the unbalanced
intracellular pressure caused by the fast deformation of the cell morphology generated in the indenting
process. Therefore, the probe-cell contact force, F(t), was decreasing without changing the AFM
displacement. Additionally, The AFM imaging performed on NIH/3T3 cells (see Figure 1) shows that
the cell size (>30 μm) was significantly larger than the spherical probe radius (=2.5 μm). Therefore,
the probe-cell interaction could be treated as a poroelastic half-space indented by a sphere indenter
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during the force-relaxation process. The diffusion coefficient, D, was quantified using the empirical
mathematical model as follows [28,29],

F(t)− Ff

Fi − Ff
= 0.491 exp

−0.908
√

Dt
a2 +0.509 exp−1.679 Dt

a2 , (6)

where Fi and δi are the cell-probe interaction force and the indentation depth at the end of the probe
indenting process(i.e., the beginning of the force-relaxation process). Ff is the fully relaxed force
obtained at the end of the relaxation process (i.e., one second after the indenting process in this paper).
a =

√
rδi is the probe-cell contact size.

3. Results and Discussion

Although previous studies have shown the effect of the F-actin and microtubules on the cellular
mechanical properties, quantitative analysis on how F-actin and microtubules affect the intracellular
elasticity and poroelasticity has not yet been investigated. Therefore, using the proposed IRCQ,
we quantified the correlation between the cytoskeleton morphology and cellular mechanical behavior
(elasticity and poroelasticity).

3.1. F-actin and Microtubules Average Intensity Quantification

F-actin of NIH/3T3 cells were treated with latrunculin B at the concentrations of 0, 10, 30, 40, 60,
75, and 100 nM. Nocodazole with concentrations of 0, 10, 30, 50, 75, 100, and 200 nM were chosen in the
microtubule treatments as well. After the treatments, the IRCQ approach was then applied to quantify
the average F-actin intensity (i.e., actin filament intensity, AAI) and average microtubule intensity
(AMI) of the cells. Fifty images of each treatment concentration were taken using a fluorescent
microscope, respectively. The obtained images were pre-processed as mentioned in Section 2.3.1.
AAI and AMI were quantified according to Equation (1), the results are shown in Table 1 and Figure 3.
The treatment concentrations were chosen (after trials) such that the corresponding relative AAI and
AMI changes (i.e., Δ) were at similar levels, respectively.

Table 1. Quantification results of average F-actin intensity (AAI), average microtubule intensity (AMI),
and corresponding percentage change (Δ) at different treatment concentrations.

Latrunculin B AAI Δ Nocodazole AMI Δ

(nM) (mean ± S.E./μm2) (%) (nM) (mean ± S.E./μm2) (%)

0 375.1 ± 172.99 0.00 0 904.58 ± 194.41 0.00
10 363.5 ± 122.78 18.89 10 891.32 ± 213.50 19.49
30 351.3 ± 111.83 38.76 30 875.49 ± 145.98 42.75
40 338.7 ± 123.74 62.00 50 865.07 ± 142.82 58.10
60 322.7 ± 133.10 88.78 75 845.67 ± 193.25 86.57
75 313.7 ± 73.98 100.00 100 836.53 ± 151.28 100.00
100 315.7 ± 89.22 – 200 830.23 ± 186.67 –

The AAI results clearly show that the average intensity of F-actin is negatively correlated
with the latrunculin B concentration when less than 100 nM. As AAI barely changed when the
treatment concentration was further increased to 100 nM indicating that the F-actin were fully
depolymerized at the concentration of 75 nM. Thus the mean value of AAI = 313.7/μm2 was used as Im

in Equation (percentage) when calculating the relative intensity change. The AMI quantification results
demonstrate that the average intensity of microtubules decreases with the nocodazole concentration
increase (see Table 1). Note that the reduction of AMI becomes much less significant when the treatment
concentration doubled from 100 nM compared to other treatments. This indicates that the treatment
became saturated if the treatment concentration was beyond 100 nM. Therefore, the microtubules were
fully depolymerized at the nocodazole concentration of 100 nM. Then the percentage change (Δ) of
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AMI was calculated using Equation (2), in which Im = 836.53 /μm2. Example cell cytoskeleton images
and the intensity quantification results are shown in Figure 3.
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Figure 3. Example F-actin and microtubule images of cells treated with (A1) latrunculin B and (A2)
nocodazole, respectively, together with their corresponding detected cell area (lower rows, respectively).
(B1,B2) are the AAI and the AMI together with their corresponding relative change Δ, respectively.
The error bars represent the standard errors. n = 50. Student’s t-test was performed to analyze
the statistical difference: for each treatment concentration, data were compared with respect to the
untreated ones. A p < 0.05 was yielded for each comparison, unless otherwise denoted in the figure
(with p values in red bold italic font).

3.2. Elasticity and Poroelasticity Quantification

The AFM experiments designed with three target indentation depths (i.e., 650, 1000, 1300 nm)
were performed on at least 8 cells for each aforementioned treatment concentration. Since the substrate
stiffness of cell culture dish was at least three orders of magnitude higher than cells’, and the desired
target indentation was less than a quarter of the cell height, the substrate influence could be ignored
in cellular mechanical property quantification [3,25]. Therefore, the results shown in Figure 4 indeed
represent the mechanical response of the indented cells. In general, the experimental results show
significant changes in both the cellular elasticity (Young’s modulus, E) and poroelasticity (diffusion
coefficient, D) with the depolymerization of F-actin and microtubules, respectively.

As shown in Figure 4, Young’s modulus and diffusion coefficient were decreased and increased by
78.37∼89.53% and 182.34∼263.17%, respectively, with the increase of the treatment concentrations for
each indentation depth. These changes are consistent with the previous studies that the cellular F-actin
and microtubules provide cells with mechanical support and driving forces for movement [30,31].
Specifically, the depolymerization of F-actin and microtubules reduces the strength of the cytoskeletal
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network, which leads to the weakening of the supporting ability to resist the external force stimuli.
Moreover, the cytoskeleton depolymerization resulted in increased pore size of the cross-linked
cytoskeleton network, therefore, the diffusion coefficient was increased as previous studies have shown
the cytoplasmic pore size is the dominant factor in affecting the cellular poroelasticity: the larger the
cytoskeleton pore size, the higher the cellular diffusion coefficient [32,33].
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Figure 4. (A,B) Young’s modulus and (C,D) diffusion coefficient of NIH/3T3 cells treated with
different treatment concentrations of (A,C) latrunculin B and (B,D) nocodazole, respectively, quantified
at different indentation depths at the indenting velocity of 20 μm/s. n ≥ 8. Error bar: standard error.
Student’s t-test was performed to analyze the statistical difference: for each indentation, data were
compared with respect to the untreated ones at the same indentation. A p < 0.05 was yielded for each
comparison, unless otherwise denoted in the figure (with p values in red bold italic font).

As can be seen in Figure 4A,B, Young’s modulus E of the control (untreated) cells increased 31.56%,
when the indentation depth increased from 650 to 1300 nm, and the increases were 11.43% for cells
treated with latrunculin B concentration at 10 nM. However, for the rest of latrunculin treatments ≥ 30
nM, with the increase of the indentation depth, E decreased by 24.49∼34.01% (see Figure 4A), and the
decreases was 3.01∼44.22%, for all the nocodazole concentrations (see Figure 4B). Moreover, the
diffusion coefficient D increased by 37.5∼112.44%, when the cells were indented with the indentation
depth from 650∼1300 nm under the latrunculin B treatments (see Figure 4C), and it increased by
36.61∼125.14% for the nocodazole treatments (see Figure 4D). Two observations can be made from
these results: (1) The NIH/3T3 cells were not homogeneous in terms of elasticity and poroelasticity;
(2) This heterogeneity was changed as once the latrunculin B and nocodazole treatment concentrations
were increased. The former agrees with previous studies that mammalian cells have a multilayered
structure of its cytoplasm, and the cytoplasm heterogeneity (especially the cytoskeleton heterogeneity)
is involved in affecting the intracellular elasticity and poroelasticity [4,18,34]. With the increase of the
indentation depth, deeper layers of the cytoskeleton were excited and deformed, and higher Young’s
modulus was observed for the untreated cells. This agrees with previous findings that the deeper
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layers of the cytoskeleton are stiffer [10,35]. However, once the treatment concentration was high
enough, the F-actin and microtubule structures in the deeper layers were sufficiently depolymerized,
thus lower Young’s modulus was observed at deeper indentations. Meanwhile, a more significant
increase in the diffusion coefficient was observed. These findings are consistent with previous
studies that F-actin and microtubules containing signal molecules that could regulate the formation
of the focal adhesion [9,36]. Specifically, because of the relatively high treatment concentrations, the
depolymerization of deeper layer F-actin and microtubules could lead to unstabilized focal adhesion,
which reduced the cell-substrate bonding strength and cells’ contractibility. Therefore, higher lateral
expansion of cells induced by the deeper indentation depth resulted in lower Young’s modulus.
Meanwhile, the enlarged expansion volume increased the pore size in the cross-linked cytoskeleton
network, causing the higher diffusion coefficient. Therefore, the change of the cellular elasticity and
poroelasticity became more significant as the cytoskeleton treatment strength increased.

3.3. Effects of F-actin and Microtubule on Elastic and Poroelastic Behavior of Cells

In order to investigate the significance of F-actin and microtubules in affecting the cellular
mechanical behavior, the relative cytoskeleton morphology change (Δ of F-actin and microtubules,
respectively) vs. cellular elasticity E and poroelasticity D relations were investigated for each measured
indentation depth, respectively. Meanwhile, the relative changes of E and D with respect to the values
measured form the control under each indentation depth were also quantified. The results are shown
in Figure 5.

As can be seen in Figure 5(A1–A3), for the three measured indentation depths, the dominance
of F-actin and microtubules in affecting cellular elasticity depends on their morphology quantity
changes, respectively. For the smallest indentation (650 nm), the effect of F-actin is more significant
when the intensity (i.e., F-actin and microtubule quantity) decrease percentage Δ is relatively small,
however, this difference is overturned as the increase of the cytoskeleton treatment concentration
(i.e., the F-actin and microtubule were inhibited more significantly). As shown in previous studies,
F-actin are approximately three hundred times less resistant than microtubules subject to mechanical
forces [37,38], and they have a presence of higher concentrations than microtubules that promotes the
assembly of highly organized cytoskeleton [10]. Also, F-actin affect cellular mechanics at superficial
layers [10]. Therefore, a small decrease of the F-actin quantity (<60%) could weaken the actin structure
stiffness greatly as F-actin were softer and the fibrous actin alignment was disturbed as well [37,39],
which further led to the notable change of the cellular elasticity even at the smallest indentation
depth. However, at the same depolymerization degree, as the microtubules were more resistant,
the change in cell elasticity caused by the low degree of depolymerization of microtubules was less
significant compared to the former case. As the morphology quantity decrease became more and more
significant (>60%), the microtubules–the stiff support of the cytoskeleton structure–were sufficiently
depolymerized and this led to a dramatic drop of the cellular elasticity. Therefore, although the cellular
elasticity is more sensitive to the small decrease of the F-actin (signaled as the slope of the curves
in Figure 5(A1–A3)) when the morphology variation was small, microtubules are more dominant in
affecting E. The dominant effect of microtubules became more significant as the indentation depth
was increased: E became more sensitive to the decrease of the microtubule quantity even when Δ was
small, and the decrease of E was more dramatic as the increase of Δ for the microtubule treatments.
The reason for the more obvious effect of microtubules in E at deeper indentation can be explained
using the result reported previously that microtubules are concentrated at the deeper layer of cells
compared to superficial layers [3,4].
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Figure 5. The cytoskeleton morphology intensity decrease percentage (Δ) vs. the cellular (A1–A3)
Young’s modulus and (B1–B3) diffusion coefficient of NIH/3T3 cells quantified at the indentation
depths of 650, 1000, and 1300 nm, respectively. n ≥ 8. Error bar: standard error. Student’s t-test was
performed to analyze the statistical difference: for each similar treatment concentration, data from the
two drug treatments were compared. ∗: p < 0.05.

As shown in Figure 5(B1–B3), the diffusion coefficient (D) is more sensitive to the change of
microtubule quantity (signaled by the values in Figure 5(B1–B3)), and the increase of D induced by the
depolymerization of microtubules is more significant than that induced by F-actin depolymerization
at all three measured indentation depths for small depolymerization degrees (<40%). The results
agree with the reported studies that the mesh-like morphology of microtubules is highly dynamic,
known as dynamic instability, compared to F-actin that have branched dendritic network, or parallel
bundles [40]. Specifically, microtubules underwent rapid depolymerization and reorganization during
the nocodazole treatments and AFM indentation process, thus it resulted in a more significant and
sensitive change of the porous morphology of the cytoskeleton compare to the F-actin. As previous

15



Int. J. Mol. Sci. 2020, 21, 392

studies have shown that the cytoplasmic pore size is more dominant than elasticity in affecting the
cellular poroelasticity (i.e., diffusion coefficient) [3,4], thereby the increase of diffusion coefficient
induced by microtubules treatments is more notable than that caused by F-actin treatments. As the
morphology quantity decrease became more and more significant, the effect difference on D between
microtubules and F-actin became unremarkable (when Δ > 40%). As aforementioned, F-actin have
a higher concentration and much less rigid than microtubules [10,40]. Therefore, when the parallel
cross-linked actin structure was sufficiently depolymerized (with the reduction in quantity > 40%),
the effect of actin treatment on D was similar to that of the microtubules at all three indentation depth.
Compare to the results of cellular elasticity, it is clear that a small degree of depolymerization of
microtubules affects the cytoskeleton morphology (e.g., pore size) more significantly than its effect on
the cellular elasticity.

Therefore, the AFM indentation experiments have shown that the cellular elasticity is more
sensitive to the variation of F-actin at small ranges, but microtubules are still dominant in affecting
the elasticity of the cellular structure and the dominant role becomes more significant at deeper
layers. Meanwhile, depolymerization of microtubules always has a more significant effect on cellular
poroelasticity at all measured depths.

4. Conclusions

In this study, the effect of both F-actin and microtubules on cellular mechanical behavior was
investigated. To obtain quantitative comparison, cytoskeleton treatments were performed on NIH/3T3
cells such that F-actin and microtubules were depolymerized at similar levels with the aid of the
proposed IRCQ. The cellular elasticity and poroelasticity were quantified using AFM indentation
measurements. It was found that the cellular Young’s modulus decreased monotonically with the
treatment concentration for each measured indentation depth. The trend of the cellular elasticity
heterogeneity (i.e., elasticity vs. indentation depth) was changed once the F-actin and/or microtubules
were sufficiently depolymerized. Although the cell Young’s modulus is more sensitive to the reduction
of F-actin at superficial layers, microtubules are more dominant in affecting cellular elasticity. Moreover,
the cellular poroelasticity is very sensitive to the change of the microtubule structure, even at the low
degree of depolymerization and small indentations.
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Abstract: A wide variety of uniquely localized actin-binding proteins (ABPs) are involved in various
cellular activities, such as cytokinesis, migration, adhesion, morphogenesis, and intracellular transport.
In a micrometer-scale space such as the inside of cells, protein molecules diffuse throughout the
cell interior within seconds. In this condition, how can ABPs selectively bind to particular actin
filaments when there is an abundance of actin filaments in the cytoplasm? In recent years, several
ABPs have been reported to induce cooperative conformational changes to actin filaments allowing
structural changes to propagate along the filament cables uni- or bidirectionally, thereby regulating
the subsequent binding of ABPs. Such propagation of ABP-induced cooperative conformational
changes in actin filaments may be advantageous for the elaborate regulation of cellular activities
driven by actin-based machineries in the intracellular space, which is dominated by diffusion. In this
review, we focus on long-range allosteric regulation driven by cooperative conformational changes of
actin filaments that are evoked by binding of ABPs, and discuss roles of allostery of actin filaments in
narrow intracellular spaces.

Keywords: long-range allostery; actin; actin-binding protein; cofilin; cooperativity; drebrin; filamin;
fimbrin; gelsolin; myosin; tropomyosin

1. Introduction

Actin filaments play many important roles in eukaryotic cells by interacting with various
actin-binding proteins (ABPs). To realize these activities, the localization of ABPs is spatially and
temporally regulated in cells. For example, myosin II is localized only in the posterior region in a
migrating Dictyostelium cell, even though the anterior region is rich in actin filaments [1,2]. On the
other hand, cofilin is localized to lamellipodia in the anterior region, and recycles actin for continuous
polymerization at the leading edge [3]. This different localization of ABPs is one driving force for cell
migration. Nonmigratory cells have other types of actin-based structures involved in cell-cell and
cell-substrate adhesion such as adherens junctions, tight junctions and focal adhesions, as well as more
specialized structures such as microvilli and stereocilia. Again, each of those structures depends on
spatially-regulated interactions of actin filaments with specific sets of ABPs. Although the regulation
of ABP localization is generally explained by local biochemical signaling such as phosphorylation and
changes in the concentration of signaling molecules, not all aspects of ABP regulation can be explained
by local biochemical signaling [4], and the overall picture is still unclear.
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Recent developments in structural biology have revealed dynamic structural polymorphism
in pure actin filaments [5,6]. Furthermore, various ABPs are now known to induce cooperative
conformational changes of actin filaments [7], thereby controlling the binding of ABPs to actin
protomers not in direct contact with the bound ABP in vitro, which we call long-range allostery.
In addition to local biochemical signals, long-range allostery in actin filaments may be involved in
controlling the localization of ABPs in micrometer-scale intracellular spaces. In this review, we focus
on the spatial and temporal allosteric regulation of ABP localization by cooperative conformational
changes of actin filament cables.

2. Cooperative Binding of ABPs

For decades, cooperative binding of various ABPs to actin filaments, accompanied by cooperative
conformational changes in filaments, has been reported. Such ABPs include myosin II [8–23],
tropomyosin [24–27], cofilin [4,28–41], drebrin [42,43], fimbrin [44–46], α-actinin [47,48], filamin [49],
α-catenin [50], gelsolin [51,52] and formin [53]. In recent years, the interaction between different
ABPs via conformational changes of actin filaments, including a mutually exclusive interaction, has
also been reported. In this section, we will list ABPs that have been reported to bind cooperatively
with actin filaments. They are classified by one of three binding styles—side-binding, cross-linking,
and end-binding.

2.1. Side-Binding ABPs

2.1.1. Myosin II and V

Myosin [54] is a family of motor proteins that convert chemical energy of ATP into motion energy.
There are a large number of reports of cooperative conformational changes within actin filaments
induced by the binding of myosin [8,9]. Nearly fifty years ago, Oosawa et al. first reported the
cooperative interaction between heavy meromyosin (HMM) of myosin II and actin filaments, observing
that the binding of HMM increased the fluorescence intensity of labeled actin, with the effect being
saturated in the presence of a 1:20 molar ratio of HMM to actin protomers [10]. Miki et al. also
reported that the maximal change in fluorescence in actin filaments occurred when only one HMM
molecule was bound per 50 actin protomers or when one subfragment 1 (S1) molecule was bound
per 25 actin protomers [11]. There are many similar reports on the cooperative interaction between
myosin II and actin filaments [12–15]. Cooperative binding of myosin II and actin filaments was
observed by electron microscopy [16–20]. For, example, Orlova and Egelman reported very large
cooperativity in the binding of HMM to actin filaments with Ca2+ bound at the high-affinity metal
binding site [20]. Cooperative binding was also reported by fluorescence microscopic observation
using GFP-fused HMM (HMM-GFP) derived from Dictyostelium myosin II [21]. When HMM-GFP
was mixed with actin filaments with either Ca2+ or Mg2+ at the high-affinity metal binding site,
HMM-GFP formed clusters along both forms of actin filaments. The density of HMM molecules in the
cluster along Ca2+-actin filaments was higher than that along Mg2+-actin filaments [21]. The weak
cooperative binding to Mg2+-actin filaments required low, submicromolar concentrations of ATP [21].
The growth of HMM-GFP clusters along Mg2+-actin filaments, which is the physiological form [22],
was unidirectional, as determined by real-time fluorescence microscopy [23]. Cooperative cluster
formation was observed along Mg2+-actin filaments that were loosely immobilized on positively
charged lipid bilayers but not when tightly immobilized by biotin-avidin linkage, suggesting that
the myosin-induced cooperative conformational changes in actin filaments involves a change in the
helical pitch [23]. Kozuka et al. examined the dynamic polymorphism of actin filaments by using
single molecule intramolecular Förester resonance energy transfer (FRET) imaging, noting that actin
protomer switches between low- and high-FRET efficiency states [6]. The high-FRET efficiency state
is favored when actin filaments interact with myosin V in the presence of ATP [6], suggesting that
myosin V can also induce a cooperative conformational change in actin protomers.
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2.1.2. Tropomyosin

Tropomyosin [55] is a regulatory protein found in muscle and non-muscle cells. In striated
muscle, this protein functions in association with actin filaments and troponin to confer calcium
sensitivity to the actomyosin ATPase [56,57]. Cooperative effects between tropomyosin and actin
filaments have recently been reported. For example, proteolytic modification within the DNase-binding
loop of actin increased the rate of subunit exchange along actin filaments and tropomyosin binding
almost completely suppressed the increase in subunit exchange [25]. The effect was cooperative, with
half-maximal inhibition observed at about a 1:50 molar ratio of tropomyosin:actin [25]. In mammals,
>40 tropomyosin isoforms can be generated through alternative splicing from four tropomyosin genes.
Interestingly, the binding of these isoforms is segregated to different actin filament structures in
nonmuscle cells, presumably because of cooperative interactions [27].

2.1.3. Cofilin

Cofilin and the closely related actin-depolymerizing factor (ADF) control actin polymerization
and depolymerization in a pH-sensitive manner, and inhibit interaction of actin filaments with
myosin and tropomyosin [58,59]. Cofilin also binds to actin filaments cooperatively [28–31] and forms
tight clusters [4,32–38]. Severing of actin filaments by cofilin often occurs at or near the boundaries
between cofilin clusters and the bare zones, presumably because of structural discontinuities at
those sites [32,36,38]. Actin filaments bound with cofilin clusters were supertwisted by 25% [32–35],
and high-speed atomic force microscopy (HS-AFM) revealed that the supertwisted conformation
propagates unidirectionally to the neighboring bare zone on the pointed-end side of the cluster [32].
On the other hand, fluorescence microscopy revealed that cofilin clusters grow bidirectionally [38].
The cause of this discrepancy is currently unknown, but it may be due to the difference in resolution
between AFM and fluorescence microscopy or to differences in the method of immobilizing actin
filaments to the substrate. The cooperative binding of cofilin to actin filaments has been analyzed using
actin mutants as well. For example, actin of the G146V mutant fails to bind cofilin. Intriguingly, binding
of cofilin to copolymers of wild type and mutant actins was strongly inhibited even when the ratio of
wild type actin and G146V actin in copolymers was 9:1, suggesting that the cooperative conformational
change propagates about 10 molecules of actin protomers [39]. K336I mutant actin also cooperatively
inhibited binding of cofilin to wild type actin in a copolymer [41]. Moreover, HS-AFM demonstrated
that approximately a half helical pitch, which contains 14 actin protomers, of the bare zone on the
pointed end side of a cofilin cluster is supertwisted [32]. Recent cryoelectron microscopic analysis
suggested that only one or two actin protomers adjacent to cofilin clusters show maximum binding
cooperativity [40], and again, the source of discrepancy between this and the HS-AFM observation
is currently unknown. On the other hand, differential scanning calorimetry demonstrated that one
molecule of cofilin affects the structure of about 100 actin protomers [60]. These results suggest that
cofilin induces a wide range (~100 protomers) of structural changes in actin filaments, which may be
a different type of cooperative conformational change from that which occurs in a narrower range
(1–10 protomers) involving changes in the helical pitch.

2.1.4. Drebrin

Drebrin [61] is an actin-binding protein in the brain that regulates synaptic plasticity of neuronal
dendrites [62]. Drebrin A induces cooperative change in the helical structure of actin filaments and
cooperatively binds to filaments [42,43]. AFM analysis showed that drebrin A-induced structural and
mechanical remodeling in actin filaments involves significant changes in helical twisting and filament
stiffness [43]. Drebrin A N-terminal fragment (1-300) containing an actin-binding domain (ABD) and
an ADF homology domain forms clusters (average cluster size was ~107 nm or ~2.6 actin filament
helical repeats) along actin filaments [42].
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2.2. Cross-Linking ABPs

2.2.1. Fimbrin

Fimbrin [63], referred to as plastin in humans, belongs to a superfamily of actin cross-linking
proteins that share calponin homology (CH) domains. In addition to fimbrin, the actin cross-linking
proteins with CH domains include α-actinin, filamin, spectrin, dystrophin and ABP-120 [64–67].
The N-terminal CH domains of fimbrin induced a conformational change in actin filaments [44–46].
Fimbrin inhibits tropomyosin binding to actin filaments [46]. It would be interesting to test if this
inhibition is due to simple competition of the binding sites on actin protomers, or due to the
fimbrin-induced cooperative conformational changes in actin filaments.

2.2.2. α-Actinin

α-Actinin [68] forms a dimer and cross-links actin filament cables to form parallel bundles.
α-Actinin also enhances nucleotide exchange of bound actin filaments, and this activity was maximal
when α-actinin was added at a 1:49 molar ratio of α-actinin to actin protomers [47], strongly suggesting
the cooperative impact of α-actinin binding to many actin protomers.

2.2.3. Filamin

Filamin [69] is also a dimeric actin filament cross-linking protein [70]. The meshwork of actin
filaments cross-linked by filamin is involved in many cellular activities such as cell migration,
chemotaxis and mechanosensing [71–74]. The ABD of filamin selectively binds to actin filaments in
the rear of migrating cells and contributes to the posterior localization of filamin [49]. The speed of
translocation was much faster than that of the retrograde flow of cortical actin filaments, suggesting
that the ABD of filamin diffusing in the cytoplasm recognizes a certain feature of the actin filament
structure in the rear of the cell and selectively binds to it [49].

Further detailed studies are needed to obtain direct evidence for long-range allostery involving
ABDs of cross-linking ABPs.

2.3. End-Binding ABPs

2.3.1. Gelsolin

Gelsolin [75] was discovered as a calcium-dependent regulatory protein that controls cytoplasmic
actin gel-sol transformation. Low resolution electron microscopy revealed that the binding of one
molecule of gelsolin at the barbed end of an actin filament changes the structure of all actin protomers
in a filament, representing a case of extremely long-range cooperative conformational change in actin
filaments [51]. The amino-terminal half of gelsolin, G1-3, and full-length gelsolin both quenched the
pyrene fluorescence of actin, and the extent of quenching and stoichiometry were identical between
G1-3 and gelsolin. In contrast, severing of actin filaments by G1-3 was much less efficient than by
full-length gelsolin. Quantitative experiments suggested cooperative interactions in which the binding
of two G1-3 molecules in close proximity leads to cooperative severing of the polymer, thus increasing
severing efficiency [52].

2.3.2. Formin

Formin dimer [76] is a ubiquitous actin filament nucleator that progressively elongates filaments
by incorporating actin monomers complexed with profilin [77]. One formin dimer at the barbed end
can affect the dynamic properties of the entire filament. Analyses of the results obtained at various
formin/actin concentration ratios indicated that at least 160 actin protomers are affected by the binding
of a single formin dimer to the barbed end of a filament [53].
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3. Allosteric Interaction between ABPs and Actin Filaments Involved in the Formation and
Function Mechanism of the Actin-Based Machinery

The actin-based motile machineries, which include stress fibers, lamellipodia, filopodia,
invadopodia, muscle, and contractile rings, are formed by the interaction between actin filaments
and specific ABPs (Figure 1). As mentioned above, the interaction of ABPs with actin filaments
induces structural changes of filaments, which regulates the interaction between ABPs. Thus, allosteric
interactions involving multiple ABPs may control the formation and function of actin-based machineries,
but research in this area has only just begun. This section describes the formation and function
mechanisms and characteristics of these machineries, focusing on the stress fibers, lamellipodia,
and filopodia (Figure 1), which have been studied to some extent already.

 

Figure 1. Possible contribution of allosteric interaction between actin-binding proteins (ABPs) and
actin filaments to the formation and functions of actin-based machineries, including stress fiber,
lamellipodium, and filopodium. Green filaments indicate actin filaments along which cooperative
structural changes are evoked by myosin II. Blue filaments in lamellipodium and filopodia are
polymerized by formin bound to the barbed end near the cell membrane [78]. Formin would induce a
cooperative structural change, but those structural changes do not reach all the way to the pointed
ends of filaments (gray sections of the filaments). The binding of cofilin to the gray regions induced
another type of structural change (magenta filaments), so that the actin filaments are depolymerized
in regions deeper inside the cell. The detailed mechanism driven by cooperative structural changes
in actin filaments constituting the stress fibers, lamellipodia and filopodia will be explained in the
following sections.
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3.1. Stress Fibers

Stress fibers are contractile force-generating bundled structures mainly composed of actin filaments
and myosin II filaments [79], and are found in nonmuscle cells such as fibroblasts, endothelial cells,
myofibroblasts and epithelial cells. The coordination of stress fibers and cell adhesion controls cell
migration and cell morphogenesis. Stress fibers contain proteins with various functions, such as actin
crosslinking proteins and kinases, in addition to actin filaments and myosin II [80]. The formation and
contraction of stress fibers are controlled by the coordinated function of these proteins. The cooperative
interaction between actin filaments and ABPs presumably plays a role in the correct assembly of stress
fibers. For example, if the actin-depolymerizing protein, cofilin, enters a stress fiber, actin filaments
constituting the stress fiber will be severed and its structure will be disrupted.

Cofilin binding supertwists the helix of actin filaments by about 25%, and this conformational
change is propagated to a neighboring bare zone [32–35]. On the other hand, the helix slightly untwists
when the myosin motor domain binds in the rigor state [81,82]. This allosteric regulation by cooperative
conformational changes of actin filaments may contribute to mutually exclusive binding of cofilin and
myosin II [4] and/or tropomyosin [26] to actin filaments. However, the presence of ATP was essential
for the mutually exclusive binding of myosin II and cofilin [4], suggesting that the structural change of
actin filaments induced by the active myosin heads is different from that induced by rigor crossbridges,
and is important for long-range allostery. Additionally, cofilin cannot bind to tensed actin filaments
in vivo and in vitro [83]. Since interactions with myosin II in the presence of ATP generates tension,
myosin II can generate long-range allostery in actin filaments through two mechanisms, i.e., a direct
structural effect and the generation of tension, which would synergistically inhibit the binding of cofilin
to actively contracting stress fibers. This would partially explain why stress fibers are disassembled
when myosin II is pharmacologically inhibited [84,85] or when the deformable substrate to which cells
adhere is relaxed [80,83,86].

Stress fibers also include tropomyosin [87] and α-actinin [88], which interact cooperatively with
actin filaments [25,47]. Tropomyosin 4 recruits myosin II to stress fiber precursors, and tropomyosin 1,
2/3 and 5NM1/2 stabilize the actin filaments of stress fibers [89]. Although details of these mechanisms
are unknown, it is possible that the cooperative interaction between myosin II and tropomyosin 4
or α-actinin is involved. In addition to the mutually exclusive effects between myosin II and cofilin,
these positive cooperative effects may control the proper self-assembly of the actin filament-based
molecular machineries. Actin structural changes caused by the binding of myosin II, tropomyosin and
α-actinin are all transmitted up to about 50 actin protomers ahead, implying that these ABPs induce
structural changes of actin protomers using a similar mechanism. It is likely that the cooperative
structural changes of actin filaments evoked by the binding of these ABPs and the tension generated by
myosin II are involved in the resistance of stress fibers to cofilin (Figure 2), but also to recruit myosin II.
This speculation is supported by the observation that the motor domain alone [90] or S1 [91] of the IIB
isoform of nonmuscle myosin II binds to stress fibers in normal rat kidney (NRK) cells or fibroblasts, in
the absence of any known biochemical regulation. Moreover, the motor domain or S1 of myosin II is
localized to tensed, myosin II-containing actin structures, such as contractile rings in dividing cells and
the posterior cortex of migrating cells, in Dictyostelium [92]. This latter result is noteworthy in that it
suggested that myosin II-induced and/or tension-induced conformational changes in actin filaments
are sufficient to recruit myosin II, since Dictyostelium does not have tropomyosin.

In the NRK study by Tang and Ostap, unlike the motor domain of myosin II, the motor domain of
myosin I did not localize to stress fibers. Furthermore, the response to tropomyosin binding to actin
filaments was different between myosin I and IIB. Interestingly, S1 of the IIA isoform of nonmuscle
myosin II did not bind to stress fibers [91]. It is therefore unlikely that the motor domains of all classes
of myosin, or even different isoforms within a specific class, induce similar cooperative conformational
changes to actin filaments, or recognize a similar structure of actin filaments for cooperative binding.
Each isoform or class of myosin appears to be optimized in terms of inducing and/or recognizing
cooperative conformational changes in actin filaments.
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Figure 2. Stress fiber composed of tropomyosin, α-actinin, and myosin II, and the proposed mechanism
for how cofilin is excluded. The binding of myosin II (and probably tropomyosin and α-actinin) to
actin filaments induces a cooperative structural change of filaments accompanied by untwisting of
the helix (green filaments). In addition, stress fibers are also tensed by the movement of myosin II.
The untwisting and tension of the actin filaments presumably involve constructing a stress fiber that
repels cofilin.

3.2. Lamellipodia

Lamellipodia are broad and flat protrusions along the leading edge of a migrating cell, including
neural crest derived cells in several species, keratocytes and macrophages in Drosophila melanogaster [93].
They are also composed of actin filaments and various ABPs, such as formin, profilin, the ARP2/3
complex and cofilin [78]. Lamellipodia drive cell migration by the force of actin polymerization at the
leading edge. Therefore, it is important that G-actin is recruited to the tip of filaments to maintain
continuous polymerization. G-actin is supplied by recycling from old filaments that interact with
cofilin [94].

HS-AFM observation revealed that shortening of the helical pitch of actin filaments induced
by cofilin binding propagate to the pointed-end side of the cofilin cluster, and that cofilin clusters
grow unidirectionally toward the pointed-end of the filament [32]. Severing by cofilin was often
observed near the boundaries between cofilin clusters and bare zones or within each cofilin cluster [32].
Cluster growth on the pointed-end side of the initially bound cofilin molecule may accumulate strain
within the cluster, resulting in severing of actin filaments at the boundary between the cluster and
the bare region and/or inside the cluster. In lamellipodia, the pointed end and barbed end of actin
filaments are oriented toward the nucleus and leading edge of the cell, respectively. Formin is bound to
the barbed end of actin filaments [78]. Helical rotation of formin decreases the helical twist of an actin
filament if there is rotational friction between the formin molecule and the surroundings and between
the actin filament and the surroundings. This would confer resistance to cofilin [95]. Cofilin interacts
with actin filaments in sections near the pointed end and depolymerizes filaments because structural
changes due to formin bound at the barbed end are probably not transmitted to the sections close to
the pointed end due to the branch involving the ARP2/3 complex [78,96] (Figure 3). This structural
effect, together with the differential distribution of ATP-, ADP•Pi- and ADP-bound protomers along
the filament [97,98], which is not discussed in this article, may allow cofilin to efficiently depolymerize
actin filaments deeper inside a cell, which are no longer necessary for the generation of force along the
leading edge of a lamellipodium.
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Figure 3. Severing of formin-bound actin filament by cofilin in lamellipodia. Formin bound to the
barbed end of an actin filament induces untwisting of the filament (blue), but the effect does not
reach the pointed end of filaments (grey) deeper inside the cells because the untwisting is presumably
blocked at the branching point where ARP2/3 complex is connected. Cofilin binds to the grey section of
the filament unaffected by formin and causes cooperative structural changes with supertwisting of
filaments (magenta). Cofilin clusters grow in the magenta area, and the actin filament is severed.

3.3. Filopodia

Filopodia are thin (diameter 0.1-0.3 μm), finger-like projections containing parallel bundles of
actin filaments, and function as an antenna for detecting the cell environment [78,99]. The major
actin filament-bundling protein in filopodia is fascin [100]. The homologous molecules of fascin have
been discovered in a wide range of species, from insects to mammals [101]. The distribution of fascin
throughout the actin filament bundles in filopodia [102,103] suggests that fascin can bind to actin
filaments independently of formin binding and stabilize filopodia (Figure 4). The crosslinking of
actin filaments by fascin presumably suppresses the propagation of structural changes of filaments,
including not only untwisting by formin but also supertwisting by cofilin. In fact, Hirakawa et al.
reported that cofilin was difficult to cooperatively bind to actin filaments tightly immobilized on a
glass surface using biotin-avidin linkages [23]. It is likely that filopodia show resistance to cofilin due
to the untwisting of filaments by formin and the crosslinking of filaments by fascin (Figure 4).

It has not been reported whether fascin induces cooperative structural changes of actin filaments,
but a small-angle x-ray scattering study revealed that fascin bundles actin into a continuous spectrum
of intermediate twist states [104]. Fascin and α-actinin can work in concert to generate enhanced cell
stiffness [105], and myosin V selectively moves to the tip of filopodia along the actin filament bundled
by fascin [106]. These results imply that there is also an unknown cooperative interaction between
fascin and actin filaments.
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Figure 4. Extension and stabilization of filopodia. Similar to lamellipodia, in filopodia, formin binds to
the barbed end of actin filaments and untwists the filaments. Since fascin can bind to actin filaments
regardless of this structural change, filaments are bundled in filopodia. The formin-induced untwisting
is presumably blocked and not propagated to the pointed-end of filaments by the immobilization by
fascin. Cofilin cannot bind not only to the untwisted segments near the tip of filopodia, but also to the
bundled sections, since those bundled sections cannot be supertwisted.

3.4. Other Actin-Based Machineries

Muscle is the most representative and well-studied actin-based machinery. Proteins constituting
myofibrils are classified into contractile, regulatory, and structural proteins. Actin and myosin II,
which are contractile proteins, polymerize to form thin and thick filaments, respectively, and muscles can
contract as they slide on each other [54]. Tropomyosin and the troponin complex, which are regulatory
proteins, coordinate with each other to switch the myosin activity [107]. Connectin [108] (titin [109]),
nebulin [110], tropomodulin [111], α-actinin [68], Fhod3 [112] and others, which are structural proteins,
are involved in myofibril formation and maintenance, elasticity and elongation [113].

The contractile ring is a well-known actin-based machinery with an important function in
eukaryotic cell division [114]. The contractile ring is also composed of contractile proteins, actin
filaments and myosin II, and associated proteins such as formin [115], anillin [116] and septin [117].
α-Actinin and fimbrin cooperate with myosin II when the contractile ring is organized [118].

Muscles and contractile rings are categorized as actomyosin-based machinery, along with stress
fibers, because their power source is actomyosin-based motors. We suspect that in these machineries,
ABP-induced cooperative structural changes in actin filaments also cause allosteric regulatory effects
on other ABP interactions. Further research is needed to uncover the relationships between these
allosteric regulatory mechanisms.

Elongation of invadopodia of cancer cells requires microtubules and vimentin intermediate
filaments in addition to filopodia machinery [119]. We recently discovered that microtubule elongation
along actin filaments induced by microtubule-associated protein-4 contributes to the formation of
cellular protrusions [120]. These results suggest the possibility that cancer invasion is regulated by
complex and dynamic cell functions expressed by the cooperative interaction between the actin-based
machinery and the microtubule-based machinery.
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4. Significance of Propagation Distance and Directionality of Long-Range Allostery

Cofilin binds to actin filaments and induces structural changes accompanied by supertwisting in
a relatively narrow range of around 10 actin protomers [32,39]. As a result, dense cofilin clusters are
formed in a narrow section of the actin filament, and filaments that accumulate strain are severed at
the end or inside of the cluster [32]. Such a narrow range of transmission of conformational change
presumably results in dense clustering of cofilin, leading to severing of actin filaments by the cluster.
In a moderate range of about 50 actin protomers, transmission of conformational changes induced by
myosin II [11], tropomyosin [25] and α-actinin [47] may be involved in the formation and stabilization
of actin-based machineries such as stress fibers, muscles and contractile rings. Finally, there are cases
of structural changes over a much longer distance. For example, more than 160 actin protomers are
affected by formin [53], and this would be useful to prevent cofilin binding to actin filaments in a wide,
anterior area of lamellipodia.

Directionality of the propagation of structural changes may also play an important role in
functional expression of actin-based machineries. For example, the unidirectionality of the cooperative
interaction of myosin II with actin filaments [23] presumably plays a role in the unidirectional motor
properties of myosin. The mechanism of the cooperative structural change of actin filaments is not
well understood, but unidirectional propagation of structural change may be an inherent property of
polar cables. In other words, unidirectional propagation of cooperative structural changes may be a
consequence rather than being of physiological significance.

As described above, the information transmitted by a structural change in actin filament cables
may be important for the formation and function of the actin-based machinery in cells (Figure 3).
In addition to the stress fibers and lamellipodia discussed in this review, actin filaments and various
ABPs interact with each other in filopodia and the cell cortex, and long-range allostery may play
important roles in the expression of their functions. In the future, studies focusing on the types,
directions, and propagation distances of cooperative actin filament structural changes induced by the
binding of ABPs will elucidate how actin-based machineries are assembled and function.

Similar long-range allostery has been discovered in microtubules as well. Muto et al. reported
that kinesin-1 binding to microtubules in the presence of ATP causes a long-range structural change of
microtubules, increasing their affinity for kinesin toward the plus end [121]. Shima et al. reported
that kinesin-1 binding induces conformation switching of microtubules to increase the affinity for
kinesin-1 [122]. They concluded that the biased transport triggered by this positive feedback loop
would specify a future axon [122].

5. Future Perspectives

Future studies are needed to reveal detailed allosteric interactions between actin filaments and
ABPs whose cooperative interactions with actin filaments are not well analyzed, including drebrin,
fimbrin, filamin and gelsolin. Those studies will provide important information to unveil the entire
picture of how various ABPs control the formation and function of actin-based machineries through
long-range allosteric regulation driven by cooperative conformational changes of actin filaments.

Mutation of the Lys-336 residues of α-actin, which is located near the ATP binding site, to Ile or
Asp causes congenital myopathy [123,124]. Umeki et al. reported that K336I actin forms apparently
normal cofilaments with wild type actin, but the interactions between the cofilaments and α-actinin,
cofilin, and myosin II are impaired in vitro [41]. Noguchi et al. also revealed that the G146V
mutation, which causes dominant lethality in yeast, cooperatively inhibits cofilin binding in vitro [39].
These results support the idea that ABP-dependent cooperative structural changes in actin protomers,
or the long-range allostery, play important roles in essential cellular activities and that the defect in the
long-range allostery can cause disease. Clearly, more work is needed to understand the relationship
between diseases and actin’s long-range allostery.
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6. Conclusions

Actin filaments express some types of long-range allostery caused by an interaction with ABPs,
which have different propagation distances of cooperative structural change. These cooperative
structural changes influence each other, so that actin-based machineries can be properly formed and
function. Research to elucidate the function of the actin-based machinery through the cooperative
structural change of actin filaments is still in its infancy. This long-range allostery, found not only in
actin filaments but also in microtubules, will be the key to understanding differences between the
biological and artificial machineries. That is, artificial machines composed of gears, motors, etc., are
designed without considering the flexibility and cooperativity of the parts. In contrast, in biological
machineries, the functions realized by the high degree of cooperativity of parts themselves play
important roles in the operation mechanism. Protein molecules are by no means simply smaller
versions of parts of artificial machines.
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HS-AFM high-speed atomic force microscopy
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Abstract: Sensory hair cells of the inner ear rely on the hair bundle, a cluster of actin-filled stereocilia,
to transduce auditory and vestibular stimuli into electrical impulses. Because they are long and
thin projections, stereocilia are most prone to damage at the point where they insert into the hair
cell’s soma. Moreover, this is the site of stereocilia pivoting, the mechanical movement that induces
transduction, which additionally weakens this area mechanically. To bolster this fragile area, hair cells
construct a dense core called the rootlet at the base of each stereocilium, which extends down into the
actin meshwork of the cuticular plate and firmly anchors the stereocilium. Rootlets are constructed
with tightly packed actin filaments that extend from stereocilia actin filaments which are wrapped
with TRIOBP; in addition, many other proteins contribute to the rootlet and its associated structures.
Rootlets allow stereocilia to sustain innumerable deflections over their lifetimes and exemplify the
unique manner in which sensory hair cells exploit actin and its associated proteins to carry out the
function of mechanotransduction.

Keywords: rootlet; actin; stereocilia; hair cell

1. Introduction

Eukaryotic cells use actin as a basic building block of the cytoskeleton. Actin monomers bind
end-to-end to one another and form filaments, which grow through a polymerization reaction that
is controlled by ATP [1]. All actin filaments are polarized, with filament ends that are named for
their appearance when decorated with a myosin motor fragment; polymerization occurs about ten
times faster at the barbed (or plus) end than it does at the pointed (or minus) end. Depending on how
filaments are organized, actin can be deployed for a variety of cellular processes. Cells use actin to
power cell motility or control cytokinesis [2]; cells also exploit actin to adopt and maintain specific
cellular structures [3,4], which include lamellipodia, filopodia, microvilli, and stereocilia. Adding
another layer of versatility, compartments of actin can form within larger actin frameworks simply by
differential organization of the filaments; these specialized compartments can then perform unique
functions. One such compartment is the rootlet.

Actin-containing rootlets anchor actin-based structures to the cell’s soma, and these rootlets can
be found associated with microvilli, stereocilia, and other actin protrusions [5–12]. By their appearance,
rootlets appear to secure those actin protrusions to the rest of the cell. Confusingly, the term “rootlet”
is also used to describe anchors for microtubule-based processes, including cilia and flagella [13–17].
Cilia and flagella emanate apically from the basal body, an organizing structure for microtubules,
whereas rootlets project from the basal body deep into the cell [18]. Ciliary rootlets are thought to be
formed by rootletin [19,20], which is also a structural component of basal bodies and centrosomes.
Microtubule-associated rootlets are not thought to have any molecular similarities to the rootlets of
actin-based processes.
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Both types of rootlets share several key features, including an internal organization that is distinct
from surrounding structures, a role in anchoring projecting structures of cells, and specialized binding
proteins. We focus here on the essential role of the rootlet in the stereocilia of sensory hair cells.

2. Hair Cells Mediate Hearing and Balance

Hair cells are specialized neuroepithelial cells that are responsible for detecting sound and head
movements [21]. Hair cells of the auditory system are functionally similar to those of the vestibular
system, capable of responding to deflections of their apical hair bundles by external forces in both cases.
Auditory and vestibular stimuli are uniquely conveyed to hair cells, accounting for the differential
sensitivity of the two systems to differing external stimuli. Hair bundles each contain 20–300 stereocilia
per hair cell [22], arranged in rows of increasing height. Adjacent stereocilia are connected to each other
by a variety of linkages, the most famous of which are the tip links [23], which gate the mechanoelectrical
transduction (MET) channels [24]. Deflection of the hair bundle leads to sliding of individual stereocilia
relative to their neighbors, which in turn increases tension on tip links, activating the channels. MET
channels are nonselective cation channels, and by admitting K+ from the special ionic environment that
is exposed to the apical surface (the endolymph), channel opening leads to hair cell depolarization. In
turn, depolarization activates neurotransmitter release at the base of the hair cell, leading to excitation
of auditory or vestibular nerves.

3. Compartments of Actin in Sensory Hair Cells

Hair cells compartmentalize actin into three main structures: the stereocilia, a cuticular plate, and
the rootlets (Figure 1), each of which has a specialized role in the overall function of the hair cell. These
compartments are defined by type of actin filament and how these filaments are arranged.

 
Figure 1. Rootlet structure as visualized with transmission electron microscopy (TEM). Each panel
shows an image of a rootlet in a mouse utricle hair cell. Arrows indicate rootlets in each panel; arrows
point to upper rootlets in (a,e), and to lower rootlets in (b–d,f,i). Arrows point to the rootlet at the
insertion of the stereocilium into the soma in (g,h,j). The apparent length and location of a rootlet
depends on the orientation of the thin section used for imaging, as well as the orientation of the rootlet
within the stereocilia and cuticular plate. Asterisks in e and f indicate filaments that appear to connect
the rootlet to the membrane and cuticular plate. Ages: (a,b) P12; (c) P5; (d–f) P12; (g–j) P5. Panel full
widths: (a,b) 3000 nm; (c–f) 700 nm; (g–j) 350 nm.
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The most visually striking compartment of a hair cell is the stereocilium, a finger-like extension
from the apex of the soma. Stereocilia, which are comprised of parallel actin filaments that are heavily
crosslinked, are very rigid and do not bend except at the base [25]. All stereocilia actin filaments are
oriented in the same direction, with the barbed end pointed away from the cell [26]. The number of
actin filaments decreases from hundreds or even thousands along the shaft to only a few dozen at the
base of the stereocilium where it inserts into the apical soma [5]. This reduction in filament number
shapes the base into a narrow taper. This taper allows the stereocilium to pivot [27], which is the
mechanical movement that is required to activate a hair cell and give rise to hearing and balance [21].

The second compartment is the cuticular plate, which is located below the stereocilium in the
apical soma [28]. The cuticular plate is a bowl-shaped mesh of actin, constructed of filaments with no
directionality [7]; pointed and barbed ends are randomly oriented, and are crosslinked with proteins
like spectrin [29], LMO7 [30], and XIRP2 [31,32]. This meshwork of filaments provides a solid structure
similar to the way entwined twigs allow a bird nest to hold its shape, and makes an ideal anchoring
point for a third actin structure, the rootlet.

4. Morphology of the Rootlet

Hair cell rootlets were first noted in 1965 in transmission electron microscopy (TEM) images,
where they appear as dark, splinter-shaped densities associated with stereocilia [33]. Rootlets are
osmiophilic and therefore appear as heavily stained structures in conventional TEM micrographs
(Figure 1). A single rootlet appears as a core within a stereocilium, starting halfway down or lower,
and extends down through the tapered region and into the cell soma, anchoring into the cuticular
plate (Figure 2a). The rootlet thus forms a bridge that connects the stereocilium and cuticular plate.
Rootlets contain uniquely organized actin [34–36], with a higher density of filaments than in either the
stereocilia or the cuticular plate.

Rootlets begin to develop after the initial stereocilia lengthening phase [37]. In the chick auditory
organ, rootlets begin to appear at embryonic day 13 (E13), forming simultaneously with the taper [6].
In some cases, stereocilia actin filaments appear to merge into the rootlet, suggesting that formation
of the rootlet may contribute to shaping of the taper [38]. By E14, an osmiophilic plug is visible
at the stereocilia insertion; rootlet filaments continue to grow within the cuticular plate for several
more days, forming the lower rootlet. In the mouse auditory organ (the cochlea), rootlets begin to
develop around E15, and the cuticular plate then forms around the rootlet by E18 [39]. Others have not
observed rootlet development in mice until after P1, with the upper rootlet (the dense core at the base
of stereocilia) appearing first, and then extending down through the taper into the cuticular plate [40].
These developmental differences may reflect the lack of a strict morphological definition for the rootlet.

Detailed TEM images have revealed the shape and structure of the rootlet. In longitudinal
sections, the rootlet is composed of parallel filaments, similar to but more densely packed than in the
stereocilium [34,35,41]. When examined by TEM after staining with tannic acid, which can act as a
negative stain, the filaments stain relatively lightly but show a periodic banding pattern, occurring
at approximately 36 nm intervals [35]. As 36 nm is the actin helix half-repeat, the periodicity at
which actin subunits are optimally oriented for interaction with binding proteins [42], these results
suggest the presence of a regular structure binding the rootlet together. In alligator lizards, rootlets are
demonstrably composed of actin [5,7], but the identity of filaments in mammalian rootlets was initially
unclear. While the dimensions and organization of the filaments resembled actin paracrystals [34,35],
in early experiments with mammals, rootlets did not label with S1 myosin fragments [25,26,41].
Tight packing of the filaments likely impeded entry by S1 myosin fragments; however, thin sectioning
exposed the rootlet filaments, which could then be labeled with anti-actin antibodies [36]. Mammals
have six genes for actin [43], two of which—ACTB and ACTG1—are expressed in non-muscle cells.
Immunogold labeling revealed that rootlets are primarily comprised of ACTB oriented with barbed
ends up, exactly like the stereocilia, though they label sparsely for ACTG1 too [38,44].
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Figure 2. Diagrams illustrating rootlet structure. (a) Actin filament structure only. In a stereocilium,
spacing of actin filaments (gray) is maintained by actin–actin crosslinkers (not shown). Crosslinkers
disappear in the taper region, where most filaments terminate on or near the plasma membrane in
a systematic way, forming the taper. By contrast, the central dozen or two filaments are gathered
together to form the rootlet, which eventually penetrates into the cell and extends into the cuticular
plate. The rootlet stains darkly with osmium tetraoxide, forming the dense rootlet, which accounts for
the majority of the rootlet visible in TEM. Rootlets have an upper portion in the stereocilium (‘upper
rootlet’) and a lower portion in the cuticular plate (‘lower rootlet’). In the cuticular plate, there is a gap
between the filaments of the rootlet and the meshwork of the cuticular plate. (b) Rootlet connecting
filaments. In cross-sections of the rootlet near the apical surface (see box in a), several types of filaments
can be identified. Radial fibrils (red) extend from the core of the rootlet to the surrounding cuticular
plate, while rootlet–rootlet filaments, visible only after detergent and EDTA extraction prior to fixation,
appear to interconnect rootlets. (c) Proteins of the rootlet. TRIOBP-4 is exclusively associated with
the upper rootlet, while TRIOBP-5 is associated with the lower rootlet. Both TRIOBP splice forms
have multiple actin binding domains, which apparently allow TRIOBP to wrap around and bundle the
rootlet filaments. TRIOBP-5 has additional domains (separately encoded by the TRIOBP-1 splice form)
that may connect TRIOBP-5 to surrounding structures. The spectrin isoforms SPTAN1 and SPTBN1
apparently form a sheath around the lower rootlet, appearing as rings in confocal horizontal sections.
CLIC5, RDX, and PTPRQ form a membrane complex in the taper region; they may also bind TPRN,
which is also associated with the taper and rootlet. GRXCR2 maintains TPRN in the taper region. The
precise localization of PJVK is not clear. RIPOR2 (FAM65B) also forms rings around the rootlet, but it is
unclear whether the rings persist along the lower portion of the rootlet.

Rootlets vary in their morphology as they traverse the stereocilia and cuticular plate. In alligator
lizards, lower rootlets are composed of filament ribbons held in a circular pattern by fibrils that are 3
nm in diameter, forming a hollow tubular structure [5,7]. These fibrils do not label with S1 myosin
fragments, suggesting that they are not actin [5,7]. However, in horizontal sections of mammals,
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the rootlet is composed of approximately 8 nm diameter filaments that are arranged in a hexagonal
pattern in both the upper and lower rootlet [34,35]. Some lower rootlets have a hollow center [34,35],
particularly those from the first and second row stereocilia [38]. The filaments stain lightly with tannic
acid and are outlined by electron-dense material [41]. With a center-to-center spacing of about 8
nm [34,40], close to the diameter of the filaments themselves [35], it is unlikely that actin binding
proteins are present between the actin filaments of mammalian rootlets.

In the mammalian inner ear, horizontal TEM sections show that rootlets within the stereocilium
(upper rootlets) have a dense core surrounded by a dense ring, with a gap of non-dense material
in between [38]. In outer hair cells, the rootlet is widest just above the entry point to the cuticular
plate [38]. The rootlet diameter corresponds to stereocilia height, with longer stereocilia having thicker
rootlets [38]. As the rootlet passes down through the taper region, the dense ring converges on the
rootlet, so that lower rootlets appear as a solitary dense core with a non-dense gap circling it [38]. In the
non-dense gap surrounding lower rootlets, thin fibrils (3–5 nm in diameter) extend outward radially
from the rootlet, connecting it to the meshwork of the cuticular plate (Figure 2b) [34,35,38,41,45].
These radial fibrils are most numerous at the apex of the cuticular plate, with the number and length of
fibrils decreasing as the rootlet plunges deeper [45]. Other filaments form rootlet–rootlet connectors
within the cuticular plate [34]. Neither the radial fibrils nor the rootlet–rootlet connectors decorate
with S1 myosin fragments, which are specific for actin filaments, suggesting that these filaments are
comprised of proteins distinct from actin [41,45].

In the mouse auditory organ, rootlet position and length vary by hair cell subtype, location of
the cell along the sensory epithelium, and by individual rows of stereocilia. In all hair cell types, the
total length of a rootlet correlates with the height of its associated stereocilium; the longest rootlets
in an individual cell are associated with first row stereocilia, the tallest row [38,40]. Loss of rootlets
does not affect stereocilia height, nor does loss of stereocilia affect lower rootlet length, indicating that
independent mechanisms control the lengths of these two structures [40]. The longest rootlets, those
associated with first row stereocilia, sometimes punch through the cuticular plate entirely [38] and
have been observed to take a sharp 110◦ turn to merge with filaments of the striated organelle [46].
The striated organelle is a cytoskeletal lattice located near the plasma membrane below the cuticular
plate; it is only found in mammalian inner hair cells and vestibular hair cells [47–49]. In outer hair cells,
the apical soma folds over to form a lip that contains the outer edges of the cuticular plate, and lateral
rootlets within this lip have been observed to angle sideways and directly contact the lateral wall [38].
At the base of rootlets within the cuticular plate, some rootlets become thin, flat, or crescent-shaped,
and the terminal points can sometimes splay [38].

Another important measure is how far the upper rootlet extends into the stereocilium; greater
penetration into the stereocilium may indicate additional strength. In all apical mouse auditory hair
cells, both inner and outer, upper rootlets rise about a third of the way up the stereocilia, whereas in
basal outer hair cells, they rise about halfway up the stereocilia [38]. This measurement has not been
reported for basal inner hair cells. In addition, how deep the rootlet extends into the cuticular plate
may reflect the stresses imposed on the stereocilium. In one study [38], reconstructed serial vertical
TEM sections were used to measure the lengths of lower rootlets, and this length was compared to
the height of their stereocilia as a ratio (stereocilia height: lower rootlet length). In inner hair cells,
regardless of location, there was a consistent drop in this ratio across stereocilia rows. This progressive
drop in ratio across the stereocilia rows also occurred in apical outer hair cells, where the first, second
and third row ratios were 2.7:1 2:1, and 1.7:1. This shifting ratio may suggest that the length of lower
rootlets has an upper limit, possibly set by the size of the cuticular plate. Basal outer hair cells showed
a uniquely consistent ratio across stereocilia rows; in all rows, the height of the stereocilium was about
equal to the length of the lower rootlet (ratio about 1:1).

It is intriguing that there are differences in the morphology of rootlets when comparing basal and
apical hair cells. Mammalian auditory hair cells are frequency-tuned, with apical cells responding best
to low frequencies and basal cells responding to high frequencies. In basal outer cells, the longer upper
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and lower rootlets (relative to stereocilia height) may reflect a greater need to stiffen and strengthen
stereocilia in high-frequency cells, which are subjected to many more cycles of stimulation. These
differences in rootlet organization among hair cell populations could contribute to frequency selection.

Rootlets can bend in the taper region of the stereocilia [38] where the stereocilia pivot; bending
makes functional sense, as activation of the hair cell relies on the stereocilia pivoting. Strikingly,
however, rootlets are bent even at rest—the lower rootlet can be angled as much 7◦ off from its upper
section and corresponding stereocilium [50]. Furthermore, the direction of this angle differs across
stereocilia rows. The angles of rootlets in tall stereocilia are negative (bent towards shorter stereocilia),
and those in short stereocilia are positive (bent towards taller stereocilia). This bending suggests
that rootlets contribute to forces that cause the stereocilia to maintain contact with their neighbors
by leaning into each other, taller toward shorter and vice-versa. Previously, it was thought that the
curve of the cuticular plate into a shallow bowl was the only contributor to this resting tendency for
stereocilia tips to contact one another [51]. Further investigation revealed that while rootlets may
contribute to the resting lean of stereocilia, they are likely not required for maintaining this contact
during deflections. During deflections, the bundle integrity is instead attributed to side and ankle
linkages between neighboring stereocilia [50]. Internal tension within the hair bundle caused by motor
control over the tip links could lead to bending of rootlets [52], as could tension that pulls rootlets apart
from each other, especially if they are connected by elastic linkages. Regardless, the observation that
rootlets are bent at rest and presumably impart internal tension to the bundle suggests that forces that
keep stereocilia spaced at discrete intervals are also very important.

5. Rootlet Protein Composition

While prior studies utilized TEM imaging of the stereocilia rootlets to determine their structure,
reports of the protein composition of the rootlet—beyond actin—have only recently emerged (Figure 2c).
Two groups of proteins associated with rootlets can be distinguished: those that are internal components,
and those that associate externally with the rootlet. Although the filamentous component of the rootlet
is actin, several other proteins have been localized to the rootlets directly. An early study examined
the localization of contractile proteins in the mammalian auditory hair cells [36]; antibodies against
tropomyosin, an actin binding protein, labeled the rootlet region of both outer and inner hair cells.
Although tropomyosin’s precise localization relative to the rootlet actin density was unclear, later
immunogold labeling experiments confirmed tropomyosin’s presence within stereocilia rootlets [38].
Tropomyosin binds within the groove of the actin helix and prevents binding of some proteins to
actin [53]; in the rootlet, tropomyosin may control access of actin binding proteins to the rootlet
structural filaments.

A key structural component of rootlets is TRIOBP (TRIO and F-actin binding protein), an
actin-associated protein [54]; highlighting its significance for the auditory system, mutations in
TRIOBP cause hereditary hearing loss in humans [55,56]. The mouse Triobp gene encodes three
isoforms: TRIOBP-5 is full-length, while TRIOBP-4 only encodes the N-terminus and TRIOBP-1 the
C-terminus [57,58]. TRIOBP-1 is ubiquitously expressed, whereas the expression of TRIOBP-4 and
TRIOBP-5 is mainly restricted to the eye and inner ear [55,56]. In vitro, TRIOBP-4 tightly bundles actin
into rootlet-like structures [40,58]. While loss of TRIOBP-1 causes embryonic lethality, mice expressing
TRIOBP-1 but lacking both TRIOBP-4 and TRIOBP-5 have fragile stereocilia that never develop rootlets,
and that are prone to damage [40,58]. Loss of just TRIOBP-5 causes dysmorphic rootlets, with lower
rootlets that are thin and wispy or absent, and upper rootlets that are elongated and widened [58].

Immunolabeling demonstrated that TRIOBP-4 is present primarily in the upper rootlet, while
TRIOBP-5 expression is restricted to the lower rootlet [40,58]. A GFP fusion with TRIOBP-1 localizes
to rootlets [59], suggesting that the C-terminus of TRIOBP-5 (which contains the complete TRIOBP-1
sequence) interacts with binding partners while the N-terminus (which contains actin-bundling
domains) interacts with the rootlet actin filaments. TRIOBP expression is reduced in the absence of
LIM-only protein 7 (LMO7), a primary component of the cuticular plate [30]. Consistent with loss
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of TRIOBP-5, LMO7-deficient mice also have abnormal rootlet morphology, and suffer progressive
hearing loss [30].

Pejvakin (PJVK) also localizes to rootlets. While mice lacking PJVK suffer from profound hearing
loss, their rootlets appear normal, and instead hair bundle morphology is disrupted [59]. TRIOBP
co-localizes with PJVK, and TRIOBP-1 interacts with the C-terminus of PJVK [59]. As the exons
encoding TRIOBP-1 are also found in TRIOBP-5, it is likely that PJVK is a binding partner of TRIOBP-5.
The functional role of PJVK in rootlets is unclear, however.

Taperin (TPRN) may also play a role in rootlet function. TPRN is primarily concentrated at the
taper region of the stereocilia and associated with non-syndromic hearing loss in humans [60]. Loss of
TPRN in mice leads to the disruption of the stereociliary rootlet and eventual loss of stereocilia, which
results in hearing loss [61]. Visualization of TPRN using stochastic optical reconstruction microscopy
(STORM) suggested that TPRN is present in the core of the taper, where the rootlet resides [62].
Although TPRN immunoreactivity does not appear to be associated with the lower rootlet within the
cuticular plate, Tprn−/− mice have rootlets that are unusually curved and that have hollow central
regions surrounded by dense rings on the periphery [61]. TPRN can have profound effects on stereocilia
actin structure; when the Grxcr2 gene is disrupted, TPRN mislocalizes to upper stereocilia shafts, and
stereocilia are both longer and profoundly disrupted [63]. The tight restriction of TPRN to stereocilia
bases is thus functionally important.

Experiments using immunogold labeling suggest that rootlets contain the actin-binding protein
spectrin [38]. Spectrins usually oligomerize as αβ tetramers, and the predominant isoforms expressed
in mouse hair cells are SPTAN1 and SPTBN1 [64]. A recent study imaged both SPTAN1 and SPTBN1
using super-resolution fluorescence microscopy [65], and showed that spectrin is not a structural
component of rootlets, but rather surrounds the lower rootlet. While spectrin is initially present
throughout the cuticular plate in both inner and outer hair cells, by P14, spectrin condenses into
ring-like structures that surround lower rootlets, extending several hundred nanometers down into
the cuticular plate [65]. The spectrin structures are hollow cylinders or sheaths that surround the
rootlets. The late formation of the spectrin sheaths suggests that this protein has a role in maintenance
of rootlets. Spectrin sheaths are not found in the third row of inner hair cells [65]; since these stereocilia
pivot when the hair bundle is deflected, spectrin cannot be responsible for the ability of the dense
rootlet to bend in the taper region. Instead, it suggests a role in strengthening the connection between
the lower rootlet and the cuticular plate. The stereocilia of the third row are narrow compared with
those of the first and second rows, so the extra support provided by spectrin may only be necessary for
thicker stereocilia. This conclusion is supported by spectrin distribution in vestibular hair cells. In
these hair cells with thinner stereocilia, spectrin forms a meshwork in the cuticular plate instead of
ensheathing the lower rootlets [65].

Mice lacking SPTBN1 display severe deafness, which highlights the importance of spectrin sheaths
for mammalian hearing [65]. SPTBN1 is also required for proper localization of SPTAN1, and so
SPTAN1 is also missing from cuticular plates in Sptbn1−/− mice [65]. TPRN expression is disrupted by
the loss of SPTBN1 [65], although the altered distribution reflects the disorganization of stereocilia
in Sptbn1−/− mice rather than a change in TPRN distribution within a stereocilium. Spectrin also
plays an important role in the localization of RIPOR2, also known as FAM65B, around the rootlet [65].
RIPOR2 is expressed in a distinct ring around the edges of the taper region, with no labeling in the
center [62]; in Sptbn1−/− mice, RIPOR2 is no longer associated with the stereocilia insertions. RIPOR2,
like spectrin, apparently surrounds rootlets, and its altered distribution in Sptbn1−/− mice suggests
that spectrin anchors it there. While it is unclear whether RIPOR2 has a distinct function in rootlets,
its presence influences the localization of TPRN; in Ripor2 knockouts, TPRN no longer localizes to
rootlets [62]. Similarly, TPRN localization to the base of stereocilia is dependent on the protein CLIC5.
TPRN and CLIC5 form a complex with RDX and MYO6 [66], and the three proteins other than TPRN
are concentrated in the taper region but are not thought to associate directly with rootlets.
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In the frog saccule, immunoelectron microscopy revealed that MYO1C, an unconventional myosin,
was located in a ring where stereocilia insert into the soma [67]. Additionally, these authors also
showed that isolated stereocilia display a concentration of the unconventional myosin MYO6 at their
tapered ends [67]. Combined with its known association with TPRN, MYO6 may be involved in rootlet
formation or function. Whether myosin molecules can crawl along exposed rootlet actin filaments
is unclear; both MYO1C and MYO6 may be bound to rootlet actin filaments but are unable to move
further along the filaments, trapping them at the base of stereocilia.

In the auditory organ of guinea pigs, TEM with immunogold labeling demonstrated that
calmodulin (CALM) is enriched in the rootlet region of both outer and inner hair cells [68]. These
results suggest that a component of the rootlet may bind CALM and be regulated by Ca2+, although
no known CALM binding proteins have yet been localized to rootlets.

6. Function of the Rootlet

Projecting structures often have rootlets or similar structures, and it is likely that the fundamental
function of a rootlet is to anchor the projection. A dense core that literally roots into the principal
cytoskeleton may provide stability and strength to otherwise flimsy structures. Hair cell stereocilia
undoubtedly rely on rootlets to resist damage, as stereocilia that lack rootlets are more susceptible
to long-term damage after deflections [40]. Rootlets could resist damage either by strengthening
the stereocilia insertion or by increasing stereocilia stiffness, preventing large damaging deflections.
Stereocilia that lack rootlets are 2–4×more flexible during deflections by fluid-jet stimulation; however,
once BAPTA treatment removed the contribution of extracellular linkages between stereocilia, stereocilia
without rootlets were then 3–10× more flexible than controls [40]. Since neither TEM nor scanning
electron microscopy revealed extra bending in stereocilia lacking rootlets, the change in flexibility must
arise from alterations to the mechanical properties of the taper region rather than to changes in the
stereocilia core rigidity [40]. Even with its specialized reinforcing structures, or perhaps because it
is the first line of defense to mechanical stress, the rootlet is the hair cell structure that is most often
damaged by sound stimuli that cause permanent threshold shifts [69]. Damaging noise exposure can
cause upper rootlets to shorten, which may reduce bundle stiffness, or even to disconnect entirely from
the lower rootlet [69]. If rootlets are prevented from developing, stereocilia form and reach normal
heights but eventually fuse to their neighbors and degenerate [40]. These observations argue for an
essential structural role for rootlets.

Do rootlets contribute to the features of hair cell MET? Hair cells are able to sense sound and
vibrations because stereocilia pivot at their bases and slide with respect to each other within the hair
bundle; accordingly, detection of motion by stereocilia is the basis of hearing and balance. Experiments
and models show that the stiffness of the rootlets (also known as the pivot springs) contributes to
overall stiffness of the stereocilia [52,70,71]. The rootlets provide an opposing force that allows the
gating spring, the elastic element that controls opening of MET channels, to remain extended at rest.
The magnitude of this opposing force can be measured directly in experiments where gating springs are
severed with BAPTA iontophoresis while a hair bundle is under displacement clamp [72,73]. Significant
rootlet stiffness is also required for the negative bundle stiffness observed in the frog saccule [74,75].
Rootlets thus play a critical role in the mechanics of stereocilia deflection, but are not required to
perform MET itself. When applying a displacement stimulus to hair cells using a glass probe, the
maximum current elicited from the MET channel was unchanged in Triobp mutants, which lack rootlets.
Moreover, MET in these mutants did not differ from that of their wild-type siblings with regard to
the current–displacement relationship, fast adaptation rate and extent, and slow adaptation rate and
extent [40]. Application of a force stimulus to a bundle, for example using a fluid-jet stimulus, reveals
the essential function of rootlets; in Triobp mutant mice, bundle stiffness was greatly diminished [40].
More in-depth characterization of mechanotransduction using a flexible-fiber force stimulus should
reveal the consequences of alteration of the rootlets for hair bundle function.

42



Int. J. Mol. Sci. 2020, 21, 324

7. Conclusions and Perspectives

In sensory hair cells, rootlets play an essential role in ensuring that the pivot point of stereocilia,
the locus of greatest mechanical stress, is durable. Rootlet actin filaments, tightly bundled by TRIOBP
and surrounded by hollow spectrin cylinders, must resist significant life-long forces.

Many aspects of rootlets remain mysterious. TEM imaging reveals a rich abundance of filaments
that both comprise the rootlet and connect it to other structures, but the identities of the proteins making
up these filaments remain largely unknown. For example, which protein comprises the rootlet–rootlet
connectors in the lower rootlet, or the radial fibrils? The localization of spectrin makes it a plausible
candidate, and in some published images rootlet–rootlet connectors or radial fibrils appear to be
labeled by spectrin antibodies [65]. High-resolution immunogold labeling of SPTAN1 and SPTBN1
could determine if the filaments observed in TEM images are indeed spectrin. We still do not know the
protein component of the dark ring surrounding the upper rootlet, and there are no good candidates.

The unique mechanical needs for the stereocilia pivot point of the stereocilium stimulate questions
regarding the molecular structure of the rootlet. Stereocilia can pivot to extreme degrees, and the
rootlet pivots with it. How is it possible for the rootlet to form sharp angles when it is comprised of
rigid actin filaments? Rootlets damaged by loud sound often fracture at the pivot point, confirming
that this is a weak area [69,76]. Do the actin filaments of the upper and lower rootlets terminate at
the pivot point? If so, are they held in place by unknown proteins that provide flexibility? Or is the
actin specially organized at this single point so as to allow filaments to bend without breaking? If
the bundled rootlet actin filaments can slide with respect to each other (shearing), then differential
movements of the filaments can accommodate pivoting stereocilia (Figure 3). Note however that
this model, where only rootlet filaments slide but stereocilia filaments do not, contradicts Tilney’s
hypothesis that all stereocilia actin filaments shear during a stimulus [77].

 
Figure 3. Hypothesis for rootlet filament movement during stereocilia pivoting. (a) Rootlet actin
filaments are mechanically similar to 1/4” steel cables—flexible but inextensible. Multiple rootlet
filaments are bundled together, probably with TRIOBP. (b) If rootlet filaments are capable of shearing
(sliding with respect to each other), then during stereocilia pivoting, filaments furthest from the direction
of the pivoting (left in this diagram) will shear more than those closest to the direction of pivoting.
(c) Magnified view of the soma ends of rootlets illustrating differential shear of rootlet filaments.

The unique cytoskeletal structure of the stereocilia rootlet requires further investigation, both
to determine its structural features and to identify the proteins that are required for its assembly,
structure, and function. Because of the difficulty in visualizing the three-dimensional structure of
the rootlet using conventional TEM methods, the focused ion beam-scanning electron microscopy
(FIB-SEM) approach taken by Katsuno and colleagues [58] should be a superior method for rootlet
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characterization [78], as is electron cryo-tomography [79]. Both methods allow for three-dimensional
reconstruction of structures in a volume once segmentation has been carried out. Localization of
proteins using antibodies is possible with each technique, but is difficult.

Like other actin domains in hair cells, the rootlet is a rich source of intriguing cytoskeletal
mysteries. Further investigation into the rootlet’s structure is essential and now possible given the
superior three-dimensional imaging tools available. Moreover, continued identification of new rootlet
components, as well as more accurate localization of all components, is necessary to determine the
rootlet’s molecular structure and mechanism of assembly. Finally, a deeper understanding of the
rootlet’s function is needed; does it serve to strengthen the stereocilia insertion or simply to stiffen the
pivot point? Answering these and related questions will contribute to our deepening understanding of
the stereocilia rootlet.
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Abstract: Extracellular vesicles (EVs) are shed by all eukaryotic cells and have emerged as important
intercellular regulators. EVs released by osteoclasts were recently identified as important coupling
factors in bone remodeling. They are shed as osteoclasts resorb bone and stimulate osteoblasts to form
bone to replace the bone resorbed. We reported the proteomic content of osteoclast EVs with data
from two-dimensional, high resolution liquid chromatography/mass spectrometry. In this article, we
examine in detail the actin and actin-associated proteins found in osteoclast EVs. Like EVs from other
cell types, actin and various actin-associated proteins were abundant. These include components of
the polymerization machinery, myosin mechanoenzymes, proteins that stabilize or depolymerize
microfilaments, and actin-associated proteins that are involved in regulating integrins. The selective
incorporation of actin-associated proteins into osteoclast EVs suggests that they have roles in the
formation of EVs and/or the regulatory signaling functions of the EVs. Regulating integrins so that
they bind extracellular matrix tightly, in order to attach EVs to the extracellular matrix at specific
locations in organs and tissues, is one potential active role for actin-associated proteins in EVs.

Keywords: exosome; microvesicle; microfilament; integrins; bone remodeling; myosins; actin-related
protein; proteomics; extracellular vesicles

1. Introduction

Extracellular vesicles (EVs) are 30–150 nm in diameter vesicles that are released by eukaryotic cells
and function in intercellular signaling [1,2]. The term EVs encompasses exosomes and microvesicles
(Figure 1) [3]. Exosomes develop as inward buds into endocytic compartments, which pinch off into
the lumen of the compartment, resulting in the formation of multivesicular bodies. Multivesicular
bodies can then fuse with the plasma membrane to shed the exosomes from the cell. Microvesicles
bud off directly from the plasma membrane. The two types of EVs have similar size, composition,
and regulatory functions and are difficult to distinguish in extracellular vesicle populations, although
some articles suggest that microvesicles may be on average larger and may have some differing
components [4]. In addition, some non-vesicular particles are probably often isolated in EV preps,
including exomeres and lipoproteins [5]. Unless the type of vesicle being studied is known, which is
usually not the case at the present time, the term EVs is preferred [3].
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Figure 1. Extracellular vesicles include exosomes which are derived from multivesicular bodies (MVB)
and microvesicles (ectosomes) which bud directly from the plasma membrane. Both may bind surface
receptors of target cells to stimulate signaling pathways, or to fuse with the plasma membrane or
membranes of endocytic compartments. Fusion releases their luminal contents into the cytosol of the
target cell, and membrane proteins into either the plasma membrane or endocytic membrane.

Exosomes were first identified and characterized due to their role in the removal of the transferrin
receptor from reticulocytes as they differentiated [6,7]. For many years, exosomes were mostly thought
of as “garbage bags”, although evidence that EVs could present antigen appeared during the 1990s [8].
In 2007, landmark articles showed that exosomes carried mRNAs and microRNAs, and could fuse
with target cells to introduce the functional RNAs into the cytosol [9,10]. The concept of EVs being
able to regulate target cells acting at different regulatory levels stimulated the EV field. Subsequently,
much evidence has accumulated that by transferring microRNAs, EVs modulate target cell protein
expression. For example, two groups reported that microRNA 214-3p is found in EVs from osteoclasts,
and is transferred to osteoblasts, where it inhibits osteoblast formation by reducing the expression of
regulatory proteins [11,12]. Despite the plethora of articles supporting the hypothesis that microRNAs
in EVs are crucial to their regulatory function, some studies have cast doubt on whether sufficient
numbers of microRNAs are present in EVs to suppress mRNA translation [13].

For EVs to bind and stimulate a target cell, either from the outside through traditional signal
transduction pathways, or after fusing, the EVs must interact with the cell. Osteoclast EVs serve as a
model for the sorts of interactions and regulation that have been found in EVs in general.

In osteoclasts, three potential modes of interaction have been identified, namely semaphorin
4D in EVs binding plexin-B1 on osteoblasts [11], ephrin-B2 in EVs binding ephB4 [12], and receptor
activator of nuclear factor kappa B (RANK) in EVs binding RANK-ligand (RANKL) [14]. Semaphorin
4D and ephrinB2 were reported to be osteoclast-derived signaling factors, before their detection in
EVs [15,16]. Both were found to tether EVs to the surface of osteoblasts prior to the fusion that delivers
microRNA-214-3p from the EVs lumen to the cytosol of the osteoblast.

RANK is part of the central signaling pathway in bone remodeling [17,18]. RANKL, which
is found on osteoblasts and osteocytes, binds RANK on the surface of osteoclasts to stimulate a
signaling pathway, resulting in the activation of nuclear factor kappa B and nuclear factor of activated
T cells 1 signaling. These pathways are required for osteoclasts to differentiate from multipotent
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hematopoietic precursors to osteoclasts, and for the bone resorbing activity by mature osteoclasts. A
third protein, osteoprotegerin, is a soluble protein secreted by osteoblasts that binds RANKL and serves
as a competitive inhibitor of binding between RANKL and RANK. The detection of RANK-containing
EVs (RANK-EVs) suggested immediately the possibility that they might function like osteoprotegerin
as competitive inhibitors of binding between RANKL and cellular RANK. Consistent with this idea,
when added to calcitriol-stimulated mouse marrow, in which calcitriol stimulates the coordinated
differentiation of osteoblasts, which produce RANKL, and osteoclasts, RANK-EVs reduced osteoclast
formation [14]. Quantitative assessment of the data, however, suggested that there were likely too few
RANK-EVs to trigger the observed reduction in osteoclast numbers by simple competitive inhibition,
and another regulatory mechanism was likely in play [19].

A solution was presented when it was shown that RANK-EVs stimulate a reverse RANKL signaling
pathway through mammalian target of rapamycin and runt-related transcription factor 2, which drive
cells of the osteoblastic lineage toward bone formation [20]. This idea is also consistent with findings
that osteoblasts and osteoclasts are rarely in direct contact in vivo. In addition, increasingly strong
evidence shows that osteocytes, terminally differentiated cells of the osteoblastic lineage which are
buried in the bone, are the source of most of the RANKL that stimulates bone resorption in vivo [21–24].
Hence, RANK-EVs produced by osteoclasts in vivo would be free to bind RANKL on osteoblasts to
stimulate bone formation, thus providing an elegant mechanism for coupling bone resorption to bone
formation [20].

Although this provides a satisfying explanation for regulation by RANK-EVs, it leaves open the
question of whether these EVs fuse with osteoblasts and whether other components, like microRNAs,
may be present in RANK-EVs. Another crucial question regarding RANK-EVs is how their shedding
is regulated. More RANK-EVs were shed from osteoclasts resorbing bone compared with dentine
or when they were quiescent on plastic [25]. Understanding the function of regulatory EVs from
osteoclasts requires more complete knowledge of their composition.

2. Proteomics Show that EVs Shed by Osteoclasts Are Rich in Actin and Actin-Associated
Proteins

We performed two-dimensional, high resolution liquid chromatography/mass spectrometry of
EVs isolated from osteoclasts resorbing bone, dentine or quiescent on plastic [25]. The morphology of
osteoclasts on bone and dentine was indistinguishable, while those on plastic lacked actin rings and
ruffled membranes. The quantitative and qualitative data we obtained identified actin as the most
abundant protein of EVs resorbing bone, and various actin-associated proteins as being very abundant.
The levels of actin associated proteins referred to in the manuscript, except integrins, which will be
presented separately, are shown in Figure 2. These numbers are normalized to actin in EVs from bone
resorbing osteoclasts.

Osteoclasts are highly specialized to resorb bone [26]. To do this, they form resorption
compartments, each composed of an actin ring and a ruffled plasma membrane, or ruffled border
(Figure 3). Actin rings are composed of arrays of podosomes (also called invadopodia) [27]. These
dynamic structures are very similar to the podosomes found in other cell types [28], but to meet
the needs of resorbing osteoclasts, they are joined by interconnecting actin filaments to form the
cohesive actin ring [29]. The actin ring is associated with a very tight contact between the osteoclast
membrane and bone, the sealing zone, which segregates an extracellular resorption compartment.
The ruffle plasma membrane is surrounded by the actin ring and is packed with vacuolar H+-ATPase
(V-ATPase), which pumps protons out of the cell into the resorption compartment [30,31]. This lowers
the pH to about 5.0, which solubilizes bone mineral, and provides an environment where the acid
cysteine proteinase, cathepsin K, which is secreted by the osteoclasts, degrades the organic matrix of
the bone [32,33]. Because of the prominent role of the actin cytoskeleton in osteoclasts, it is perhaps not
surprising that EVs would be loaded with abundant actin and associated proteins. Nevertheless, to
understand extracellular vesicles, the potential roles of the most abundant components, which include
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actin and associated proteins, must be addressed. Even if they have no functional role, that too must
be understood, and that would be a clue regarding the formation of EVs and their functions. As a first
step in this process, in this article we will discuss what is found, and what is not found, in EVs and the
questions that are raised.

 

Figure 2. The relative abundance of the actin associate proteins discussed in the current manuscript.
These numbers are normalized to actin in extracellular vesicles from conditioned media form osteoclasts
resorbing bone at Days 4–7. The raw Day 4–7 data were published previously [25]. Abbreviations:
MYH (myosin heavy chain), MYO (myosin), ACTN (alpha-actinin), TAGLN (transgelin), CAP (capping
protein). Statistical analysis was performed from Z-scores as described in reference 25. Proteins with
Z-scores greater than 1.65 or smaller than 1.65 were considered significantly different. The following
symbols are used; # indicates different from bone; % indicates different form plastic; * indicates different
from dentine.
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Figure 3. Osteoclasts are highly specialized cells that migrate through mineralized tissue.
(A) A schematic of a resorbing osteoclast from the side. (B) Schematic of cell from side.
(C) Immunofluorescence micrograph of actin rings stained with Texas Red-phalloidin (red).
(D) Immunofluorescence micrograph of same cells stained with a rabbit polyclonal anti-E-subunit of
V-ATPase antibody followed by an Alexa 488-tagged anti-rabbit IgG secondary antibody to detect
ruffled plasma membranes (green). Arrows show examples of actin rings and ruffled membranes, with
arrows pointing to same cells in the two panels. The scale bar for the micrographs is 25 μm.

In the discussion that follows, we will assume that actin and associated proteins are evenly
distributed among EVs. This is unlikely to be the case. However, this simplification makes it easier
to organize the quantitative data and given that actin and associated proteins are very abundant in
EVs from various sources, it may be a reasonable approximation. It is possible that these proteins
are concentrated in a subset of EVs, for example, into microvesicles and not exosomes. As we go
through the different types of actin-associated proteins found in osteoclast EVs, we will provide a brief
review of their known functions in cells and discuss how the specific proteins may be involved in the
formation and/or function of EVs.

3. Possible Roles for the Actin Cytoskeleton in the Formation of EVs

As EVs form from the budding of a membrane either into an endocytic compartment or from
the plasma membrane, the actin cytoskeleton may play a role in the process, and indeed may be
included in EVs due to its role in EV formation. There is some data supporting this idea for the
formation of microvesicles (also called ectosomes) [34]. The actin cytoskeletal protein filamin A was
shown to be involved in regulating the incorporation of tissue factor into EVs [35,36]. It remains
uncertain, however, whether elements of the actin cytoskeleton are required for EV formation. The
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endosomal sorting complexes required for transport (ESCRT) complex [37], Rab27 [38], and neutral
sphingomyelinases [39,40] have all been implicated in EV formation.

At least three ways can be envisioned by which the actin cytoskeleton could be involved in EV
formation. Actin filaments may be involved by pushing against the membrane, harnessing the force
generated by actin polymerization to form a bud [41–43]. Myosin mechanoenzymes could move
components to sites where EVs are forming [44]. Actin–myosin contraction could be involved in
sealing buds that form [45] (Figure 4).

Figure 4. Three ways that the actin cytoskeleton might be involved in extracellular vesicle (EV)
formation. (A) Microfilaments may push against membranes using force generated by polymerization
of actin. (B) Myosin motors may materials to the site of EV formation for packaging. (C) Myosin
contraction may play a role in the scission of the EV. In each of these cases, elements of the actin
cytoskeleton may be trapped in the EVs as the result of the cytoskeleton’s involvement in the EV
formation process. Arrows denote the direction filaments push into membrane in actin piloymerization,
or the direction of cargo transport.

Crawling motility is powered by force generated by actin polymerization to push against
membranes [46], so the notion of actin polymerization pushing against membranes to facilitate
bud formation is plausible. Likewise, myosins for delivering materials [47] and for the scission of
membranes, as in cytokinesis where myosin II works in conjunction with elements of ESCRT [48], is
well established. In addition, myosin contraction, downstream of ADP-ribosylation factor 6 (ARF6)
signaling, has been implicated in the formation of microvesicles [49]. A conventional myosin II and
ARF6 are detected in osteoclast EVs [25].

Testing these ideas is more difficult, since actin polymerization and myosins are involved in a
wide array of cell processes. To formally test this idea likely will require use of a cell-free model of
multivesicular body formation [50]. Ideally a model could be developed that incorporates a minimal
number of purified components, in a similar way to that in which the force generation mechanism of
actin polymerization has been characterized [51,52].

4. Are Microfilament Dynamics Possible in EVs?

Actin exists as either a 42 kD monomer or as polymers of the monomer called microfilaments [53].
Typically in cells, about half of the total actin is polymerized into microfilaments. Polymerization and
depolymerization in the cytosol occur constantly and are tightly controlled [54]. Is actin polymerized or
unpolymerized in EVs and do transitions between monomers and polymers occur? Filaments within
subpopulations of EVs leading to non-spherical EVs, and perhaps dynamics of the filaments have been
reported [55,56]. This provides some empirical support for the idea that dynamic cytoskeletal systems
may exist in at least some EVs. As we will discuss, some, but not all, of the components normally
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associated with actin dynamics are detected in EVs. However, cytoskeletal dynamics in the cytosol
of cells is tied to a high rate of adenosine triphosphate (ATP) hydrolysis [57]. There is evidence that
ATP can be generated by glycolytic enzymes in certain types of EVs, prostasomes, and seminal plasma
exosomes [58,59]. However, it has not been shown that the ability to generate ATP through glycolysis
occurs in the lumen of EVs in general.

Actin can bind either ATP, ADP-Pi, or ADP. ATP-actin polymerizes much better and is the species
that usually (or always) enters filaments in cells. Soon afterward, the actin-bound ATP is broken down,
first to ADP-Pi-actin, then ADP-actin. This occurs as a result of its presence in the microfilament [57].
When filaments depolymerize, ADP-actin typically is released and it is then recharged into ATP-actin
from the cytosolic free ATP pool by interaction with profilin, which binds actin monomers and causes
a change in conformation that accelerates nucleotide exchange [60]. This in practice means conversion
of ADP-actin to ATP-actin, since ATP is much more abundant in the cytosol than ADP.

EVs isolated by standard methods, including EVs from osteoclasts, have abundant glycolytic
enzymes [25]. However, recent evidence suggests that at least a portion of the glycolytic enzymes
normally detected in EV preparations are components of non-vesicular structures called exomeres [61].
Even if EVs are rich in glycolytic enzymes, no membrane transporters for glucose or other sugars were
detected in osteoclast EVs [25]. It is possible that such transporters are present at low levels, which may
be enough to supply glucose or other raw materials for glycolysis. Nevertheless, it has not yet been
demonstrated that osteoclast EVs, or most other EVs, have the energy producing resources to support
traditional actin dynamics. This also does not rule out some sort of non-traditional polymerization
scheme. For example, high concentrations of ADP-actin will polymerize [62]. However, unless a
mechanism for ATP generation or the import of ATP into EVs is identified, serious concerns about the
plausibility of actin dynamics in EVs are warranted.

Finally, isolated EVs are typically stored in media lacking ATP or free sugars. This would mean
the EVs that are usually studied by electron microscopy or nanoparticle tracking lack an energy
source. It may be worth studying EVs under conditions where ATP might be available or could be,
in principle, generated.

One mechanism by which actin polymerization is triggered in cells is through the action of a class
of proteins called formins [63]. None of this family were detected in EVs from osteoclasts.

The actin related protein 2/3 (Arp2/3) complex is the basis of the other general mechanism for
triggering actin polymerization in cells. It contains one copy each of seven different proteins including
Arp2 and Arp3, which are close relatives of actin [64–66]. Arp2/3 is activated to stimulate actin
polymerization by interactions with members of the Wiskott–Aldrich syndrome protein (WASP) family
of proteins [67]. WASP proteins are activated by Rho-class GTPases [54]. In osteoclast EVs, all of
the elements of the Arp2/3 complex are very abundant and, in the stoichiometry, expected for intact
complexes (Figure 2). We estimate about 1 copy per 7 actin monomers. Surprisingly, we only detected
traces of two members of the WASP family of proteins, WASP and WAVE2. It is not clear that the
abundant Arp2/3 complex could be activated to stimulate actin polymerization in EVs.

In principle, Arp2/3 complex could enter EVs independent of actin, associated with the
“slow-growing” end of actin filaments, or as part of a branched actin network. The incorporation of the
Arp2/3 complex into branched actin networks can involve interactions with cortactin and n-WASP
(one of the WASP family) [68]. Cortactin is upregulated as osteoclasts differentiate, is expressed at high
levels in mature osteoclasts, and it is required for the formation of actin rings [69–71]. However, it was
not detected in osteoclast EVs, even in trace amounts.

Three isoforms of coronin were abundant in osteoclast EVs [72]. Coronin binds and locks Arp2/3
into an inactive complex in the absence of preexisting filaments, but links Arp2/3 to existing filaments,
and can either protect them from or enhance the activity of cofilin [73], a protein that binds to the
side of actin filaments, disassembles filaments and binds actin monomers. It is abundant in osteoclast
EVs (Figure 2). Coronin binds ATP-actin with 47-times higher affinity that ADP-actin. It protects
microfilaments from cofilin when it is bound to ATP-actin but does not protect ADP-actin. As discussed

54



Int. J. Mol. Sci. 2020, 21, 158

above, it seems likely that most of the actin in EVs is ADP-actin. Therefore, although EVs may have
initially have had polymerized actin in them, for example, if actin polymerization has a role in EV
formation, very soon microfilaments would be expected to be disassemble, aided by the activities
of cofilin, gelsolin, and profilin [74,75], which are abundant, unless they are protected by stabilizing
proteins. Coronin may associate with Arp2/3 to maintain it in the inactive state. In this scenario,
ADP-actin would be unlikely to spontaneously polymerize as it requires a higher concentration
to polymerize than ATP-actin, and the abundant profilin and cofilin, which sequester actin from
polymerization, would bind ADP-actin monomers and keep the free actin concentration low. It is
worth considering that if such an EV was to fuse with a target cell, many of the necessary raw materials
for actin polymerization would be locally enriched, requiring only the abundant free ATP in the
cytosol, and a WASP family member to trigger rapid local polymerization. Such an event could
mechanistically help explain the observation that EVs can contribute to persistent cell movement
through extracellular matrix [76,77]. The fusion of EVs associated with the matrix with the migrating
cell could provide concentrated packages of cytoskeletal components at the leading edge, in addition
to signaling molecules.

Molecule interacting with CasL (Mical) catalyzes redox reactions using microfilaments as a
substrate [78]. This makes the filaments more susceptible to depolymerization by cofilin [79]. Mical1 is
present in osteoclast EVs.

Based on this analysis, it seems unlikely that actin assembly/disassembly cycles occur in EVs in
the manner of the cytosol, at least in most EVs, most of the time. There is probably neither the ATP
to support polymerization nor the regulatory proteins to promote polymerization. In addition, any
new filaments assembled would be rapidly disassembled by depolymerizing proteins, unless they
were protected and stabilized. As we will see, proteins that could protect and stabilize filaments are
present. It is therefore possible that microfilaments enter EVs as the EVs are formed and are stabilized
to remain polymerized in the EVs.

5. Stable Microfilaments in EVs?

Before examining whether stable microfilaments might exist in osteoclast EVs, it is worth
considering the possible length of a microfilament that could be contained in an osteoclast EV, which
are on average about 50 nm in outside diameter. Structurally, each monomer in a microfilament is
associated with an increase in length of about 3 nm, and microfilaments do not bend very much [53].
This constrains the possible length of microfilaments in most osteoclast EVs to be no more than
about 30 nm in length (10 monomers). Even in a large, 150 nm-diameter EV, the size limit is about
50 monomers. In cells, microfilaments often achieve lengths of a micron or more, and contain hundreds
of monomers Unless microfilaments deform the EVs, only relatively short microfilaments are physically
possible in EVs.

In cells, subsets of microfilaments are stable, depolymerizing slowly or not at all [41]. These
microfilaments are bound by proteins that interact with ADP-actin in filaments and protect the filaments
from the actions of depolymerizing proteins like cofilin. Proteins also stabilize microfilaments by
reducing depolymerization through the binding of free filament ends and blocking actin dynamics at
that end. Osteoclast EVs contain a number of abundant proteins from this category.

The following proteins that bind to, and block the fast-growing ends of filaments are abundant in
osteoclast EVs, gelsolin, the alpha and beta subunits of capZ and capG [80]. The slow growing end of
actin filaments has a higher critical concentration [53]. It is possible that capped stabilized filaments
could be incorporated into EVs and stabilized as short filaments. Such short filaments would fit in
the lumen of EVs and might be appropriate for stabilizing protein complexes that interact with and
regulate the binding state of integrins, as will be discussed in more detail below. Vasodilator-stimulated
phosphoprotein (VASP) is an end tracking protein that has also been reported to protect microfilaments
from depolymerization by gelsolin [81]. It is detected in EVs with modest abundance.
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Tropomyosins bind the sides of microfilaments and protect them from degradation by cofilin [82].
Different isoforms of tropomyosin provide differing levels of protection [83]. Three tropomyosins are
detected in osteoclast EVs though none are abundant. Tropomyosin 3 is the most abundant of the three
and provides the greatest protection against cofilin severing. Plastins, including l-plastin, which is
abundant in the EVs, compete with tropomyosins and cofilin for binding the microfilaments. They
synergize with cofilin, under some conditions, to displace tropomyosin [82].

Transgelin-2 is a microfilament-binding protein that protects microfilaments from cofilin-mediated
depolymerization, and it is a tumor-suppressor [84–88]. This small protein is abundant in EVs, and in
principle could be involved in stabilizing a significant amount of the actin as microfilaments. Little is
known about transgelin-2 in osteoclasts or EVs.

6. Myosins in EVs

By far the most abundant myosin in osteoclast EVs is the conventional non-muscle myosin IIa
(MYH9). This is a common myosin to be found in EVs from other sources and was identified as a
potential exosomal biomarker for inflamed trigeminal satellite glial cells [89]. In osteoclasts, both
myosin IIa and myosin IIb are expressed, and myosin IIa is associated with the actin rings. Myosin IIb
is associated with the non-actin ring actin cytoskeleton and was detected in trace amounts in EVs from
osteoclasts resorbing bone [90].

The unconventional myosin 1E was the second most abundant myosin detected. It has not been
studied in osteoclasts but was recently identified as a regulator of phosphatidylinositol signaling
and actin polymerization in posodomes in mouse embryonic fibroblasts [91]. Several other myosin I
isoforms (myosin 1B, myosin 1D, myosin 1C, myosin 1F, and myosin 1G) were found in trace amounts.
Likewise, traces of myosin Va, myosin IIb, myosin XIV, myosin XVIIIA, myosin XV, and myosin
VIIB were detected. Myosins are large proteins. We detected 50–80 peptides from myosin IIa in our
proteomic analysis. We only detected only 2–4 peptides from the trace myosins, usually in only one
sample [25].

As with the discussion of actin dynamics, a major limiting factor of potential myosin activity in
EVs is whether ATP for the motor would be present. If not, it would likely be locked in ATP-free rigor.
The presence of abundant myosin IIa could implicate it in EV formation. It will be important to test
whether myosin contraction is required for exosome or microvesicle formation.

7. Integrins and Regulators of Integrin Binding in EVs

Integrins in EVs have garnered considerable attention for their ability to connect EVs to specific
sites in the extracellular matrix [92–95]. The activity of integrins in EVs has been linked to promoting
metastasis of cancer cells and to pulmonary tissue destruction [76,96,97]. More generally, it is thought
that integrins are at least partially responsible for observed organotropism [98,99]. For example,
EVs collected from osteoclasts in cell culture, then injected into the tail vein of mice, were shown to
preferentially hone to bone, and EVs from other types of cells to hone preferentially to their organ of
origin [11]. An important mechanistic concern remains to be addressed. Integrins, which are composed
of an alpha and beta subunit, in the plasma membrane can exist in three conformations, only one of
which binds the extracellular matrix with high affinity [100]. These conformational states are regulated
by proteins that bind directly or indirectly to the cytosolic (or in the case of EVs luminal) domain of the
integrins. These include talin, filamin, vinculin, and l-plastin, which are all abundant in osteoclast EVs.

The most abundant integrins found in osteoclast EVs are alphaV beta3, alphaM beta2, and alpha2
beta1 [25]. The proteomic experiment performed was designed to compare osteoclasts resorbing
bone or dentine and osteoclasts quiescent on plastic. AlphaV beta3 was more abundant on EVs from
osteoclasts resorbing bone than on those resorbing dentine, while the reverse was true for alphaM beta2
(Figure 5). Our data suggest that there is more beta2 than alphaM, it is likely that very small amounts
of alphaL and/or alphaX, other partners of beta2, are also present, but too little to detect. AlphaM/X/L
beta 2 have all been reported to be present in osteoclasts or in osteoclast precursors [101–105]. It is
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possible that EVs containing these integrins are from precursor cells in the culture and are being shed
during osteoclast differentiation.

 

Figure 5. The relative abundance of the integrins (ITGB is integrin beta; ITGA is integrin alpha) found
in osteoclast extracellular vesicles. AlphaV beta3 were found at higher levels in EVs from osteoclasts
resorbing bone, compared with dentine or quiescent osteoclasts. Beta2 was found at higher levels in
EVs from dentine. Our data suggest that beta1 integrin is found at higher levels in EVs from dentine.
Alpha2 beta1 is probably found in all samples, although alpha2 was not detected in the EVs from
dentine it was not detected in Day 7 dentine. Alpha4 beta1 may be found at higher levels in osteoclasts
resorbing dentine and alpha5 beta1 may be more prominent in osteoclasts resorbing bone. Statistical
analysis was performed from Z-scores as described in reference 25. Proteins with Z-scores greater than
1.65 or smaller than −1.65 were considered significantly different. The following symbols are used; #
indicates different from bone; % indicates different form plastic; * indicates different from dentine.

Three binding partners for beta1 integrin were found, alpha2, which was most abundant, alpha4
and alpha5. Interestingly alpha4 was more prominent in EVs from osteoclasts resorbing dentine while
alpha5 was more prominent in EVs from osteoclasts resorbing bone. The binding specificity for the three
partially overlaps but has key differences. Alpha2 beta1 binds collagen, laminin, and thrombospondin.
Alpha4 beta1 binds thrombospondin, osteopontin, fibronectin, and mucosal vascular addressin cell
adhesion molecule (MAdCAM). MAdCAM is a ligand found on mucosal endothelial cells to direct
cells into inflamed tissues [106]. Alpha5 beta1 binds fibronectin and osteopontin.

The roots of deciduous teeth are resorbed physiologically during normal tooth. Pathophysiologic
root resorption usually involves resorption of the roots of permanent teeth [107]. One example is root
resorption associated with orthodontic force application [108]. During orthodontic procedures a small
amount of root resorption often occurs, but not enough to cause short- or long-term difficulties with
tooth retention. In some patients, for reasons that are not clear, the application of mechanical force
triggers massive root resorption that endangers the health and retention of the tooth. Although dentine
and bone are both mineralized matrices with similar compositions, our study showed that there are
subtle differences in the response of the osteoclasts to bone versus dentine. A crucial difference was the
shedding of RANK-containing EVs, which occurred at lower levels from osteoclasts resorbing dentine
compared with bone [25].
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The difference in the predominant integrins being shed may also be illuminating. AlphaM/L/X
beta2 binds fibrinogen, Factor X, iC3b, and intercellular adhesion molecules, which are soluble ligands
associated with inflammation or cell surface receptors of cell-cell interactions [109]. It is possible
that the beta2 integrin containing EVs could play anti-inflammatory roles by competitively inhibiting
interactions between pro-inflammatory ligands with the integrins on the cell. The relative abundance
of alpha4 in EVs from osteoclasts resorbing dentine, could support the idea that these EVs may be
acting in an anti-inflammatory manner, competitively inhibiting integrin interactions that are involved
in inflammatory responses. AlphaV beta3 is important for osteoclast activation and binds denatured
collagen, like that present during bone resorption [110–114]. It will be of great interest to determine if
alphaV beta3 integrins are found in EVs that also carry RANK. If so, this could be a mechanism for
targeting the RANK EVs to the sites where new bone formation is required. We believe that studies to
determine the composition of EVs with different integrins are of vital importance. We hypothesize
that specific EVs will have one type of integrin and that regulatory factors will be associated with
specific EVs.

As described above, there is considerable evidence for integrins targeting EVs to specific locations
in the organism. Integrins serve as an information conduit. When they bind an external ligand, not
only does it serve, in some cases, as a means to secure adhesion with the extracellular matrix, or in
some cases, another cell, but it also triggers signaling within the cell. A complex of proteins that
bind the cytosolic region of the integrin accumulate, recruit the actin cytoskeleton and trigger signal
transduction pathways [115]. Integrins also serve as a conduit for inside-out signaling [116–118].
To bind external ligands with high affinity, the integrin must be in a specific conformation. This is
accomplished by the binding of specific actin-associated proteins (Figure 6). For integrins in EVs
to bind extracellular matrix, as has been described, it must be in a conformation that enables that
binding, and that is achieved by the interaction with proteins including filamin. Likewise, other
binding proteins of the cytosolic (luminal) domain of integrins can lock them into a conformation
where they cannot bind their ligands in the outside world.

Figure 6. Integrins can take on multiple conformations. In the bent conformation the integrin does not
bind external ligands. In extended conformation, integrins bind ligands with intermediate affinity. In
the extended open conformation integrins bind ligands with high affinity. Attachment of talin to the
cytosolic (luminal) domain of the beta3 integrin can promote the high affinity bonding conformation.
In the schematic, alpha integrins are on the left, beta integrins are on right. As described in text, filamin
and other integrin–associated proteins can regulate the conformation of integrins by associating with
the cytosolic domain.
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For EVs to utilize integrins for targeting, they must also have elements necessary to maintain
them in their high affinity binding conformation. Our proteomic analysis of osteoclast EVs suggests
that the proteins necessary to maintain active integrins are present, and so the idea of a membrane
cytoskeleton of actin-associated proteins in EVs is plausible. Experiments are crucial to identify the
binding state of integrins in EVs and the overall compositions of those EVs. Affinity isolation of the
EVs using the integrin-ligand interaction has been accomplished for EVs from B-cells [92].

When the fusion of EVs with target cells is considered, it is usually thought of as delivering
luminal components, like microRNAs, to the cytosol of the target cell [119,120]. Another consequence
of the fusion of EVs is the delivery of membrane components, including integrins [121,122]. In a series
of studies, data has been presented that suggests that EVs deliver integrins from a cell of origin to a
target cell, and that this is an element of the machinery that allows cancer cells to precondition the
local environment of a site of metastasis [93,121]. With osteoclast EVs, both alphaV beta3 and alpha2
beta1 integrins have been shown to have critical regulatory functions in osteoblasts [123–125]. It is
plausible that fusion of osteoclast EVs, containing these integrins with osteoblasts could enhance
signaling responses that are intrinsic to osteoblasts. This is particularly intriguing in the scenario
where integrins first attach EVs, with signal like RANK on their surface, to areas where bone has
been resorbed, then contact and fuse with osteoblasts. This could both stimulate osteoblastogenesis
through reverse RANKL signaling and enhance the response by donating integrins that would increase
adherence and adherence based signaling in the osteoblasts.

8. Summary

Actin and various actin-associated proteins are among the most abundant components that make
up EVs, including EVs shed by osteoclasts. It is not known whether these proteins are present because
they were part of the mechanism by which EVs are made, or whether they are involved in the regulatory
function of EVs. Although EVs likely lack sufficient ATP to support dynamic filaments, and key
elements of the machinery that stimulate actin polymerization are missing, it is possible that as EVs
fuse with target cells, and the incorporation of concentrated cytoskeletal components could enhance
cellular responses like directed cell movement. Integrins have been reported to be vital for targeting
EVs to the extracellular matrix. Actin-associated proteins, and perhaps microfilaments in EVs may
function to maintain integrins in the conformation that binds the extracellular matrix tightly. EVs have
only recently emerged as important agents of intercellular signaling. Understanding the roles of the
abundant actin cytoskeletal proteins is crucial for the long-term goal of fully understanding signaling
by EVs and making use of that understanding to develop new therapeutic approaches.
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Abbreviations

EV Extracellular vesicle
RANK Receptor activator of nuclear factor kappa B
RANKL Receptor activator of nuclear factor kappa B-ligand
ESCRT Endosomal sorting complexes required for transport
ATP Adenosine triphosphate
ADP-Pi Adenosine diphosphate with attached phosphate group
ADP Adenosine diphosphate
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WASP Wiskott-Aldrich syndrome protein
Mical Molecule interacting with CasL
MadCAM Mucosal addressin cell adhesion molecule
ITGB Integrin beta
ITGA Integrin alpha
MYH Myosin heavy chain
MYO Myosin
ACTN Alpha actinin
TAGLN Transgelin
CAP Capping protein
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Abstract: Coronin proteins are evolutionary conserved WD repeat containing proteins that have
been proposed to carry out different functions. In Dictyostelium, the short coronin isoform, coronin
A, has been implicated in cytoskeletal reorganization, chemotaxis, phagocytosis and the initiation
of multicellular development. Generally thought of as modulators of F-actin, coronin A and its
mammalian homologs have also been shown to mediate cellular processes in an F-actin-independent
manner. Therefore, it remains unclear whether or not coronin A carries out its functions through
its capacity to interact with F-actin. Moreover, the interacting partners of coronin A are not known.
Here, we analyzed the interactome of coronin A as well as its interaction with F-actin within cells
and in vitro. Interactome analysis showed the association with a diverse set of interaction partners,
including fimbrin, talin and myosin subunits, with only a transient interaction with the minor actin10
isoform, but not the major form of actin, actin8, which was consistent with the absence of a coronin
A-actin interaction as analyzed by co-sedimentation from cells and lysates. In vitro, however, purified
coronin A co-precipitated with rabbit muscle F-actin in a coiled-coil-dependent manner. Our results
suggest that an in vitro interaction of coronin A and rabbit muscle actin may not reflect the cellular
interaction state of coronin A with actin, and that coronin A interacts with diverse proteins in a
time-dependent manner.

Keywords: Dictyostelium; coronin A; interactome analysis; Actin

1. Introduction

The coronin protein family is comprised of a group of evolutionary conserved proteins that are
characterized by the presence of a central Tryptophan-Aspartate (WD or WD-40) repeat-containing
domain fused via a linker of variable length to a coiled-coil domain that is involved in
homo-oligomerization [1,2]. Coronin molecules are widespread in eukaryotes, with a bioinformatic
analysis defining over 723 coronin molecules from 358 different eukaryotic species [3]. Notably, while
lower eukaryotes such as yeast, amoeba and parasites including Leishmania, Toxoplasma and Plasmodium
appear to express one or maximally two coronin molecules [4–6], in higher eukaryotes, multiple
coronin molecules are expressed, with up to seven coronins expressed in mammals [1,7–9].

The biological function for many of the coronins within cells or organisms remains unclear. While
a number of studies have demonstrated an interaction of coronin molecules with actin in vitro, most of
the work linking coronin molecules to F-actin interaction has been performed using recombinantly
expressed Saccharomyces cerevisiae coronin (Crn1) [4,10]. In vitro, Crn1 was found to co-precipitate
with F-actin [11], which is in accordance with the presence of a CA-like (Central region fused to an
acidic region) domain in yeast Crn1 [12] that is known to be responsible for interactions with actin and
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Arp2/3 [13,14]. However, the CA-like domain is missing in most other coronin molecules, and in fact,
it is unclear to what degree yeast Crn1 is a functional homologue of Dictyostelium and mammalian
coronins [3]. Furthermore, yeast cells lacking Crn1 do not show an obvious phenotype and have no
detectable defects in actin-based processes under a variety of different growth conditions [4,15]. In the
unicellular parasites Toxoplasma gondii, Plasmodium and Leishmania, coronins appear to play divergent
roles; while in Leishmania, coronin regulates microtubule remodeling during cytokinesis [16], in
Toxoplasma gondii, deletion of coronin does not affect a number of actin-dependent processes, although
a weak interaction with actin was observed in vitro [6]. Similarly, Plasmodium coronin only weakly
interacts with actin in vitro [5] and was shown to localize within the cell in a calcium-dependent and
actin-independent manner [17].

In mammals, coronin molecules are emerging as multifunctional regulators of diverse physiological
processes, and a common molecular function for the different coronins has not been clearly established.
Thus far, F-actin modulation has been the common denominator to explain the role of the different
coronin proteins; whereas several coronin proteins were shown to bind F-actin in vitro and within
cells [18–21], other coronin proteins were specifically shown to neither bind to nor modulate F-actin
within cells [22,23]. Notably, for one of the best characterized coronins, mammalian coronin 1 (also
known as P57 or TACO, for Tryptophan Aspartate containing Coat protein) [24,25], as well as a
number of other coronins, emerging evidence is suggesting that they perform actin-independent
functions that include neuronal signaling, T cell homeostasis and the initiation of multicellular
differentiation [6,26–30].

Given the above-mentioned conflicting reports on the capacity of coronin proteins to interact with
F-actin in vitro and within cells as well as the issue of potential redundancy, for example, in mammals,
where multiple coronin molecules can be co-expressed [1], we turned to Dictyostelium discoideum, that
only expresses a single short coronin, coronin A. Coronin A was initially described as a myosin-actin
co-precipitating protein that accumulates at crown-shaped, actin-rich cell protrusions (hence the name
‘coronin’) although subsequent work showed that ‘crowns’ are also formed in the absence of coronin
A [31,32]. Dictyostelium cells lacking coronin A show pleiotropic defects in cytokinesis, uptake of
yeast particles as well as motility and migration [33–35]. In addition to coronin A, Dictyostelium
also expresses a ‘tandem’ coronin molecule, termed coronin B, and the two coronins appear to have
non-redundant functions [36]. Dictyostelium cells, which are a unicellular species when sufficient food
is available, have the remarkable capacity, upon starvation, to transform into multicellular structures,
resulting in spore-bearing fruiting body formation to ensure long-term survival. The developmental
program responsible for the transformation from single cells to spores is initiated upon starvation
and depends on cell density and food-deprivation factors that induce pulsating release of cyclic
Adenosine Monophosphate (cAMP). This cAMP-release induces the upregulation of genes necessary
for cAMP production and chemotaxis, driving the initiation of multicellular development [37–39].
Recent work showed that coronin A is responsible for the initiation of the cAMP relay that is required
for development upon starvation, but dispensable for cAMP sensing, chemotaxis, and development per
se [30]. Together with the finding that F-actin depolymerization does not compromise cAMP-mediated
signal transduction, these results suggest that coronin A does not directly modulate F-actin during
multicellular development [30]. Instead, F-actin-dependent processes may occur downstream of the
coronin A-dependent starvation response, and, in accordance with the role for coronin 1 in mammals
and coronin in Plasmodium, a prime role for coronin A in Dictyostelium may lie within the regulation of
cAMP-dependent signal transduction [30].

In this paper, we characterized the interactome of coronin A by affinity purification followed by
mass spectrometry as well as analyzing the interaction of Dictyostelium coronin A with F-actin within
cells and with rabbit muscle F-actin in vitro. We found that while the interactome analysis revealed
the co-precipitation of coronin A with a number of actin-interacting proteins as well as a transient
interaction with the minor actin10 isoform, within cells, coronin A failed to interact with actin under
conditions in which actin robustly interacted with myosin. In accordance with Dictyostelium coronin A
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being dispensable for F-actin modulation, phagocytosis of bacteria and inert beads were unaffected
by deletion of coronin A. Together, these data suggest that an interaction of coronin A with the actin
cytoskeleton occurs indirectly, and that an in vitro association with rabbit muscle actin may not be
indicative for the cellular state of coronin A.

2. Results

2.1. Coronin A-F-Actin Interaction in Vitro and within Cells

Coronin A was originally identified as an actin-myosin interacting protein and has been suggested
to play diverse roles in the regulation of a number of actin-dependent processes [40–42]. However,
more recent work has suggested that the function for coronin A in initiating multicellular development
occurs independently of a role in F-actin reorganization [30]. To investigate an interaction of coronin
A with actin, a number of experimental approaches were undertaken to determine the interaction
partners of coronin A within Dictyostelium as well as to assess the capacity of coronin A to interact with
F-actin within cells (with endogenous actin) and in vitro (using rabbit muscle F-actin).

First, to identify the coronin A interactome in an unbiased manner, corA− cells that were transfected
with FLAG-tagged coronin A or with non-tagged coronin A (control) and grown in HL5 medium were
immunoprecipitated from cell lysates using FLAG affinity chromatography, eluted and interacting
proteins analyzed by quantitative mass spectrometry. A total of 47 significantly enriched (log2ratio
> 1.5; q-value < 0.05) coronin A interacting proteins were identified (Figure 1A,B and Tables S1 and
S2). The most prominently associated proteins included several uncharacterized proteins, metabolic
enzymes, tubulin chaperones and a transcription factor (Figure 1A,B). While a > 2-fold enrichment for
the actin interacting proteins myosin-K heavy chain, actobindin-B/C, talin-B and fimbrin was observed
(Figure 1A,B and Tables S1 and S2), actin was not present in the interactome.

 

 

Figure 1. Coronin A interactome analysis. Growing Dictyostelium cells were collected, lysed and
subjected to AP-MS as described in Materials and Methods. Shown are all interacting proteins with
log2ratio > 1.5 and q-value < 0.05. (A). Volcano plot; (B). Log2ratiorank. See also Tables S1 and S2.

Since cell lysis prior to mass spectrometry analysis may have disrupted any interactions between
coronin A and actin, as a second approach, we analyzed an interaction of coronin A with F-actin
within cells. To do so, cells were lysed using F-actin stabilization buffer [43–45], followed by analysis
of the pellets and supernatants by SDS-PAGE and immunoblotting for actin and coronin A. Since this
assay probes the state of F-versus G-actin in situ, care was taken to avoid any dilution factor (see also
Materials and Methods). As shown in Figure 2 (‘untreated’), all of the coronin A immunoreactivity was
recovered in the supernatant, suggesting that at steady state, coronin A does not interact with F-actin.
To analyze interaction of coronin A with F-actin under conditions in which F-actin is polymerized,
cells were either left untreated or incubated with the F-actin polymerizing drug Jasplakinolide. As a
control, F-actin was fully depolymerized by the inclusion of Latrunculin A. Cells were then harvested,
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lysed, and sedimented followed by analysis of soluble proteins as mentioned above. As can be seen in
Figure 2 (‘Jasp’ and ‘LatA’), under all conditions of actin polymerization/depolymerization, coronin A
was resolved in the supernatant, independent of the polymerization state of actin.

Figure 2. Coronin A-F-actin interaction within cells. Cells were either left untreated (left) or treated
with Jasplakinolide (middle) or Latrunculin A (right). The cells were lysed in 200μL F-actin stabilization
buffer and F-actin and G-actin were separated by ultracentrifugation of the lysate as described in
Materials and Methods. The pellet was resuspended in the exact same volume as the original
lysis volume. Proteins in the supernatant (S) or pellet (P) fractions were separated by SDS-PAGE
and immunoblotted for coronin A and actin. Shown are representative results from at least four
independent experiments.

In a third approach, to asses coronin A-F-actin interaction, we directly analyzed whether actin
co-eluted with FLAG-coronin A following affinity purification. To that end, the purification procedure
as described above for FLAG-coronin A was adapted to ensure that F-actin remained intact by replacing
the filtration step (that may have resulted in the clearance of F-actin) by homogenization followed
by low-speed centrifugation to remove large debris. Cell lysates were subsequently loaded onto
the anti-FLAG column, and following elution with the FLAG peptide, fractions were analyzed by
SDS-PAGE and immunoblotted using either coronin A antibodies or anti-actin antibodies. As can be
seen in Figure 3A,B, all actin eluted in the flow through, without any actin co-eluting in FLAG-coronin
A containing fractions. To test whether the absence of actin in FLAG-coronin A-eluted fractions was due
to the FLAG tag, we repeated the purification using His-tagged coronin A (Figure 3C,D). In addition,
both the lysis and the elution buffer did not contain any NaCl, given the reported sensitivity of the
interaction of Dictyostelium coronin A with F-actin to NaCl in vitro [31]. As can be seen in Figure 3C,D,
no actin co-eluted with His-coronin A-containing fractions and all the detectable actin signal was
found in the flow through. As a positive control, a His-tagged myosin-coronin A fusion protein was
expressed in Dictyostelium, and this fusion protein was purified by metal affinity chromatography as
for His-coronin A. In this case (Figure 3E,F), as expected, actin co-eluted in His-tagged myosin-coronin
A containing fractions.
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Figure 3. Co-purification of Dictyostelium coronin A and actin. Dictyostelium cells expressing the
constructs indicated were lysed in lysis buffer and homogenized using a glass Tenbroek homogenizer
followed by low speed centrifugation. (A,B). FLAG-CorA was purified using an anti-FLAG column.
Fractions were collected, separated by SDS-PAGE, and tested for the presence of coronin A (A) and
actin (B) by Western blotting. (C,D). Coronin A fused to a Histidine-tag was purified using Nickel
beads. Cells were lysed in the absence of NaCl, fractions were collected, separated by SDS-PAGE, and
tested for the presence of coronin A (C) and actin (D) by Western blotting. (E,F). Coronin A fused to
a Histidine-tagged myosin heavy chain fragment was purified using Nickel beads. Fractions were
collected, separated by SDS-PAGE, and tested for the presence of coronin A (E) and actin (F) by Western
blotting. Shown are representative results from at least three independent experiments.

Together, the above data suggest that within cells, coronin A failed to interact with actin; instead,
actin may interact with coronin A in an indirect manner, possibly via one or more of the interactors
defined by mass spectrometry, such as myosin, fimbrin or talin (Figure 1). However, given the
published datasets showing the interaction of coronin A, as well as a number of other coronin molecules
with (rabbit muscle) F-actin in vitro [4–6,12,31,46,47], we also analyzed the capacity of FLAG-coronin
A to interact with purified rabbit muscle F-actin. In addition, given the reported interaction of several
coronins with F-actin via their coiled coils [4,18], we included a coronin A mutant lacking the coiled coil
domain. We found, in accordance with earlier reports [31], that the interaction of coronin A with rabbit
muscle F-actin depended on the ionic strength (Figure 4A), and that coronin A co-pelleted with rabbit
muscle F-actin at a concentration of 50 mM NaCl but not at 100 or 150 mM NaCl (Figure 4A). As a
control, S. cerevisiae Crn1 was employed as it possesses actin interaction domains (in contrast to most
other coronins, including Dictyostelium coronin A, see [3,12]); as expected, Crn1 readily co-sedimented
with rabbit muscle F-actin (Figure 4B). These data suggest that in vitro, coronin A can be co-precipitated
with rabbit muscle F-actin under low—but not at elevated ionic—strength conditions.
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Figure 4. Coronin A-F-actin interaction with muscle F-actin in vitro. (A). Purified FLAG-CorA
and/or equimolar amounts of rabbit muscle G-actin or F-actin was subjected to ultracentrifugation
at 100,000× g, for 1h at 4 ◦C in the presence of rabbit muscle G-actin and F-actin and different NaCl
concentrations. The supernatant was removed and the pellet resuspended in 2× SDS-PAGE sample
buffer. Samples were separated by SDS-PAGE and the gel stained using Coomassie blue. Lanes 1–4:
controls; lanes 5–8: coronin A and G-actin; lanes 9–14: Sedimentation analysis was performed in the
presence of the NaCl concentrations indicated. (B). Rabbit muscle F-actin or G-actin were incubated
in the absence or presence of S. cerevisiae Crn1, incubated for 20 min at room temperature and the
samples were then processed as described in the Materials and Methods. Pellets (P) and supernatants
(S) were separated by SDS-PAGE and immunoblotted for Crn1 (left panel) or actin (right panel) as
described above. The lower band most likely represents a degradation product of Crn1. (C). Purified
actin, FLAG-CorA or FLAG-CorAΔCC were analyzed as in A, separated by SDS-PAGE and the gel
stained using Coomassie blue. (D). Interaction of the indicated amounts of purified FLAG-CorA
(top) or FLAG-CorAΔCC (bottom) with rabbit muscle G- and F-actin was carried out as described
in the Materials and Methods. Samples were separated by SDS-PAGE and the gel stained using
Coomassie blue. (E). Plot of the ratio of rabbit muscle F-actin-bound (co-pelleting, P) to non-bound
(S) for FLAG-CorA or FLAG-CorAΔCC determined from the mean grey values of the bands from the
Coomassie blue stained gels. Curve fitting shows an apparent Kd of 8.9 μg (CI 5–20 μg). Shown are
representative results from at least three (two in the case of panels D, E) independent experiments.
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To further analyze a potential interaction of coronin A with rabbit muscle F-actin, as well as a
possible involvement of the C-terminal coiled coil in this process, FLAG-tagged coronin A or coronin A
lacking the coiled coil (FLAG-CorAΔCC) was purified and analyzed for co-sedimentation with rabbit
muscle F-actin (Figure 4C). As shown in Figure 4D,E, coronin A co-sedimented with rabbit muscle
F-actin in vitro in a saturable manner (Figure 4D,E and left panels). Co-sedimentation was dependent
on the presence of the coiled coil, since purified FLAG-tagged coronin A lacking the coiled coil did not
co-sediment with rabbit muscle F-actin (Figure 4D,E and right panels).

The here shown in vitro interaction of coronin A with rabbit muscle actin through its coiled coil is
in sharp contrast to the absence of an interaction of coronin A with Dictyostelium actin (Figures 1–3).
Therefore, to further investigate a potential interaction of coronin A and Dictyostelium actin that may
have a temporal aspect and possibly depends on the presence of the coiled coil, we used affinity
precipitation followed by mass spectrometry to analyze the interactome of cells expressing either
FLAG-tagged coronin A or coronin A lacking the coiled coil (FLAG-CorAΔCC) at the time points shown
in Figure 5. Interestingly, there were only a limited number of common interacting proteins among the
top 25 hits across the different time points (Figure 5 and Table S1), suggesting a highly dynamic coronin
A interactome, at least at this time resolution. Furthermore, we found that for the different time points,
a number of actin-interacting molecules were detected in the coronin A interactome, including myosin
(24 h), talin, fimbrin (48 h) and actobindin (110 h). In contrast to the in vitro results showing robust
interaction with rabbit muscle actin, of the 31 different actin genes expressed in Dictyostelium that
encode for 15 different isoforms [48,49] we found only the minor actin-10 form to associate with coronin
A in a coiled coil-dependent manner at 48 h, but not at 24 or 110 h. We conclude from these data that
while Dictyostelium coronin A can be co-pelleted in vitro with rabbit muscle F-actin, an interaction of
coronin A with actin within cells or cell lysates is not detected; rather, coronin A was found to interact
with a range of proteins, including actin-interacting proteins, in a transient manner.

2.2. Coronin A is Required for the Phagocytosis of Yeast Particles, but not Bacteria and Inert Beads, Independent
of the Coiled-Coil Domain

Together the above data suggest that while in vitro, coronin A can interact with rabbit muscle
F-actin in a manner dependent on its coiled coil, it fails to directly bind (F-)actin within cells. To
further analyze a potential role for coronin A in F-actin-mediated processes, we assessed the rate of
phagocytosis, a process highly dependent on F-actin rearrangement [50,51]. Indeed, blocking actin
dynamics using cytochalasin strongly reduced bead uptake, similar to internalization at 4 ◦C (Figure
S1). To determine a role for coronin A in phagocytosis, we assessed the capacity of wild type, corA-,
or as well as corA-cells expressing coronin A or the delta coiled coil mutant to ingest a range of
fluorescently labelled particles of different surface compositions and sizes including yeast, bacteria
and inert beads using fluorescent activated cell sorting (FACS). We first assessed the ingestion of the
natural food of Dictyostelium (bacteria) such as live Escherichia coli expressing the neon green fluorescent
protein (Figure 6A,C) and heat-killed Klebsiella aerogenes (Figure 6E), but also of carboxylated inert
beads of 1 μm, 4.5 μm, and 6 μm diameter (Figure 6B). No major differences were observed in the
phagocytosis of bacteria and inert beads between wild type, coronin A-deficient, or cells expressing
full length or delta coiled coil coronin A (Figure 6), suggesting that coronin A as well as the coiled
coil is dispensable for phagocytosis of bacteria and inert beads. Interestingly, when internalization
of heat-killed Saccharomyces cerevisiae was analyzed, cells lacking coronin A displayed significantly
reduced levels of phagocytosis compared to wild type cells (Figure 6E), which is consistent with earlier
work describing a defect in the uptake of yeast particles in the absence of coronin A [34]. Since yeast
uptake in Dictyostelium is known to depend on receptor-mediated uptake and is characterized by
associated activation of signal transduction [52–54], these data are consistent with a role for coronin A
in the modulation of signal transduction rather than F-actin rearrangement.
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Figure 6. Phagocytosis in the presence and absence of coronin A. (A): Histogram profiles of the
distribution and percentage of wild type and corA− cells that have phagocytosed (S1) live E. coli
after different time points of incubation. Incubation at 4 ◦C (control) showed significant reduction of
phagocytosis. Shown are representative results from at least 3 independent experiments. (B–E): Plot of
the percentage of wild type, corA−, corA− + CorA, corA− + FLAG-CorA and corA− + FLAG-CorAΔCC
DH1-10 cells that have taken up beads of the indicated sizes (B) live E. coli (C), heat-killed bacteria (D),
or heat-killed yeast (E), respectively (error bar = standard error; ** p < 0.002).

Together, these results suggest that coronin A is dispensable for phagocytosis of bacteria and inert
beads, but plays a role in yeast particle uptake in a manner that is independent of F-actin interaction.

3. Discussion

Coronins constitute a family of WD repeat containing proteins that are often referred to as
F-actin binding and modulating molecules. One reason for this assignment is the fact that coronin
A from Dictyostelium discoideum was originally identified as a molecule that co-sedimented with an
actin/myosin precipitate [31]. However, the evidence for coronin A modulating F-actin within cells
is indirect and largely based on the reported phenotypes of Dictyostelium lacking coronin A, namely
a defect in phagocytosis, chemotaxis and migration [31,32,34,55]. Interestingly, more recent work
showed that the defect in chemotaxis and migration in corA− cells is readily complemented by pulsing
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the cells with cAMP [30], suggesting that, per se, these processes do not depend on coronin A. Instead,
coronin A was found to be responsible for the initiation of multicellular development [30].

Here, we analyzed the interactome of Dictyostelium coronin A as well as its interaction with actin.
We found that coronin A interacts with diverse proteins in a transient manner and could not find
evidence for a direct interaction of coronin A and F-actin within cells or cell lysates. Furthermore, we
found a transient association with the minor (<5%) actin10 isoform, but not with actin8, that represents
>95% of the cellular actin [48,56]. Since we did detect a number of actin-interacting molecules to
co-purify specifically with coronin A, including talin, fimbrin, actobindin and myosin subunits, it is
possible that any interaction of coronin A with actin may occur indirectly via these proteins. We also
show that the phagocytosis of a range of different cargos was not compromised by the absence of coronin
A, with the exception of yeast phagocytosis, which is known to depend on signaling processes [52].
Together these data suggest that coronin A does not directly interacts with/modulates F-actin.

Most previous studies analyzing coronin–actin interaction have employed rabbit muscle actin to
demonstrate in vitro co-pelleting with F-actin. Similarly to earlier studies, we confirmed the in vitro
interaction of coronin A with muscle F-actin and further found that this interaction was dependent
on the coiled coil, which is consistent with the demonstration that the coiled coil in other coronins
also possesses low-affinity actin binding sites [11,57]. Since these latter analyses were also performed
using in vitro interaction analyses, it is unclear to what degree this reflects an in vivo association with
F-actin; while for a number of mammalian coronins, association with F-actin within cells could not
be demonstrated [22,23,45], we cannot, however, also given the high degree of homology between
Dictyostelium and rabbit muscle actin, exclude the possibility that the presence (within cells) or
absence (in vitro) of other factors or differential posttranslational modifications determines coronin
A-F-actin interaction.

The absence of a direct interaction between Dictyostelium coronin A and F-actin within cells as
shown here is consistent with the finding that coronin A in Dictyostelium is dispensable for several F-actin
dependent processes: first, as shown here, the phagocytosis of bacteria and inert beads, an exquisite
actin-dependent process [50,51], was unaltered in the absence of coronin A. Second, in Dictyostelium
cells lacking coronin A, F-actin-dependent processes including folate-mediated chemotaxis as well as
chemotaxis upon external cAMP pulsing occurred normally [30]. Rather, the reported phenotypes
of corA– Dictyostelium, including altered chemotaxis, reduced yeast particle phagocytosis, reduced
macropinocytosis as well as defective cytokinesis, all of which largely depend on proper signal
transduction [54,58–61], suggests that Dictyostelium coronin A may perform a signaling function,
consistent with the sequence homology of coronin A with the Gβ subunit of trimeric G proteins
as well as the function of mammalian coronin 1 in the modulation of the cAMP protein kinase A
pathway [1,26,28,31]. In this light, it is interesting to note that recent work also suggests that the
capacity of Plasmodium coronin to modulate actin filament turnover occurs in a manner dependent on
protein kinase A/cAMP signaling [17].

It is possible that the identified coronin A interacting proteins fimbrin, myosin, talin and actobindin,
all of which are known actin interactors [62–65], function as intermediates to link coronin A to the
actin cytoskeleton. For example, the interaction with the F-actin cytoskeleton might serve to regulate a
dose- and time-dependent availability and/or potentiation of coronin A for signaling processes such
as in multicellular development initiated upon starvation [30,66,67]. In such a scenario, an indirect
and labile interaction of coronin A with the cytoskeleton would be advantageous, making it quickly
available for incorporation into other complexes.

4. Materials and Methods

4.1. Cells, Antibodies, and Growth Conditions

DH1-10 wild-type Dictyostelium discoideum cells were acquired from dictybase.org. The corA
-deficient (corA−) cells are described elsewhere [30]. Cells were grown in HL-5 media [68] in 100
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mL or 500 mL Erlenmeyer flasks at 22 ◦C with 160 rpm. Anti-coronin A antiserum was described
earlier [30]. Anti-yeast Crn1 antiserum was produced in rabbits using recombinant Crn1 (Thermo Fisher).
Mouse anti-actin clone 4 was purchased from Millipore. For production of N-terminal FLAG-tagged
(DYKDDDDK) coronin A, full length coronin A-encoding cDNA was amplified from DH1-10 genomic
DNA by PCR, using primers to insert a thrombin cleavage site to the 5′ end, and BamHI restriction sites to
either end of the PCR product. The thrombin cleavage site was optimized for Dictyostelium codon usage.
Forward primer: 5′ ATTGGATCCTTAGTTCCAAGAGGTTCAATGTCTAAAGTAGTCCGTAGTAG
‘3; Reverse primer: 5′ ATTGGATCCTTAGTTGGTGAGTTCTTTGATTTTGGGATCCTTTTTAACG
‘3. The PCR product was first subcloned into pCR-BluntII-TOPO vector (Invitrogen), sequenced,
digested with BamHI and inserted into the vector pTX-FLAG (dictybase.org). The resulting vector
carried a FLAG-tag 10 amino acids upstream of the inserted thrombin cleavage site and coronin A.
The expression of the fusion protein is driven by a Dictyostelium-actin 15 promoter. For the construction
of the coronin A expression vector, the actin15 promoter was synthesized with XbaI restriction sites
at both ends and cloned into pUC57 vector (Eurofin genomics); then subcloned into the XbaI site of
pBIG (dictybase.org) and checked for correct orientation by sequencing. Then full length coronin A
CDS was amplified from DH1-10 genomic DNA by PCR, using primers to introduce BamHI restriction
sites on both ends of the PCR product, which was then cloned into the pBIG vector to give pBIG-CorA
driven by the actin15 promoter. For ΔCC-CorA, the expression plasmid was generated by synthesizing
(Eurofins genomics) BamHI flanked coronin A CDS lacking the last 34 codons, which encode the coiled
coil motif, and cloning into the BamHI site of pTX-FLAG vector to generate pTX-FLAG-CorAΔCC.

For the generation of a histidine-tagged (6×) version of coronin A, the coronin A coding
region was amplified from DH1-10 genomic DNA with forward (FwCorA HpaI AGAGCGT
TAACATGTCTAAAGTAGTCCG) and reverse (RevCorA HpaI AGAGCGTTAACTTAGTTGGT
GAGTTCTTTG) primers adding HpaI restriction sites on both ends of the gene. The resulting
fragment was ligated into the cloning vector T-easy (Promega) according to the manufacturer’s
protocol. The vector for production of N-terminal His-tagged (6×His) coronin A was then generated by
removing the GFP sequence from the vector pTX-GFP (dictybase.org) with EcoRV and inserting the full
length HpaI restricted coronin A sequence in its place via blunt end ligation. For use as a positive control
in the actin co-purification experiments, we generated a vector that expresses coronin A as a fusion
protein fused to the C terminus of a 6x His-tagged portion of myosin heavy chain capable of binding
actin. pDIC2, the vector containing the myosin heavy chain fragment, was a kind gift from Thomas
Reubold of the Institute for Biophysical Chemistry at Hannover Medical School [69,70]. The coronin
A-encoding gene was excised from the T-easy cloning vector described earlier using the restriction
enzyme HpaI to create blunt ends, pDIC2 was linearized with the blunt-cutting restriction enzyme
EcoICRI and the coronin A-coding sequence was ligated via blunt end ligation. For the generation of
a yeast Crn1 expression vector, Glutathione S-transferase (GST)-fused Crn1 was amplified from an
existing vector (pGAT_Crn1); forward primer: 5′GTGTCTGCAGATGTCCCCTATACTAGGTTATTG’3
and reverse primer: 5′CACACTGCAGTCATTTTGACAGTTCGCC’3. GST-Crn1 was then cloned into
a p425-TEF yeast expression vector via PstI sites [71].

4.2. Anti-Flag Immunoprecipitation and Mass Spectrometry

Cells (5 × 106, the corA− transformed with and stably expressing FLAG-CorA or FLAG-CorAΔCC
and corA− expressing CorA as control for unspecific binding) were seeded in triplicates at 10ˆ5 cells/mL,
grown in HL-5 media as mentioned above and harvested at 24, 48 and 110 h, washed 2 times with ice
cold PBS and lysed with 500 μL Lysis Buffer (low salt TBS (20 mM Tris-HCl pH 8.0, 25 mM NaCl, 5 mM
KCl)/1% Triton ×100/HALT from Thermo #1861281) for 30 min on ice with gentle agitation every 5 min
and clarified for 15 min at 18,200× g at 4 ◦C. Monoclonal anti-FLAG-M2 slurry (Sigma, F1804-50UG,
25 μL) was washed twice with low salt TBS and co-incubated with 450 μL of cleared lysate for 90 min
at 4 ◦C in 2 mL microfuge tubes with 360◦ rotation. Unbound/non-interacting proteins were removed
by 3 washes with low salt TBS. Peptide elution occurred in series, first with 100 μL elution buffer 1
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(1.6 M urea, 100 mM Ammoniumbicarbonate, 5 μg/mL trypsin) at 37 ◦C with 1200 rpm for 30 min and
then twice, each with 40 μL elution buffer 2 (1.6 M urea, 100 mM Ammoniumbicarbonate, 1 mM TCEP),
vortexing and centrifuging, collecting and pooling the supernatant. Eluted proteins were reduced by
adding 9 μL TCEP from a 200 mM stock solution to the pooled supernatant (total volume 180 μL)
and alkylated with 3.8 μL chloroacetamide (750 mM stock solution) for 1 h at 37 ◦C, then digested
overnight with 0.5 μg of trypsin (Promega USA). Samples were acidified with 150 μL of 5% TFA, pH <
2. Peptides were bound to acetonitrile conditioned C18-columns, washed with 0.1% TFA and eluted
with C18-buffer (50% acetonitrile/50% water (v/v) and 0.1% TFA). Eluted peptides were concentrated
under vacuum to dryness, then dissolved in and adjusted to 0.2 μg/μL with 0.1% formic acid.

For the LC-MS/MS analysis, the μRPLC-MS system was setup as described previously [72].
Chromatographic separation of peptides was carried out using an EASY nano-LC 1000 system (Thermo
Fisher Scientific), equipped with a heated RP-HPLC column (75 μM × 37 cm) packed in-house with
1.9 μM C18 resin (Reprosil-AQ Pur, Dr. Maisch). Aliquots of 1 μg total peptides were analyzed per
LC-MS/MS run using a linear gradient ranging from 95% solvent A (0.15% formic acid, 2% acetonitrile)
and 5% solvent B (98% acetonitrile, 2% water, 0.15% formic acid) to 30% solvent B over 120 min at a flow
rate of 200 nl/min. A mass spectrometry analysis was performed on Q-Exactive HF mass spectrometer
equipped with a nano electrospray ion source (both Thermo Fisher Scientific). Each MS1 scan was
followed by high-collision-dissociation (HCD) of the 20 most abundant precursor ions with dynamic
exclusion for 30 s. The total cycle time was approximately 1–2 s For MS1, 3e6 ions were accumulated in
the Orbitrap cell over a maximum time of 100 ms and scanned at a resolution of 120,000 FWHM (at
200 m/z). MS2 scans were acquired at a target setting of 1e5 ions, accumulation time of 50 ms and a
resolution of 15,000 FWHM (at 200 m/z). Singly charged ions and ions with unassigned charge state
were excluded from triggering MS2 events. The normalized collision energy was set to 28%, the mass
isolation window was set to 1.4 m/z and one microscan was acquired for each spectrum.

To determine bait-binding affinities, an MS1 based label-free quantification was carried out.
Therefore, the generated raw files were imported into the Progenesis QI for proteomics software
(Nonlinear Dynamics, Version 2.0) and analyzed using the default parameter settings. MS/MS-data
were exported directly from Progenesis QI for proteomics in mgf format and searched against a decoy
database of the forward and reverse sequences of the SwissProt entries of Dictyostelium discoideum
(www.ebi.ac.uk, release date 2017/10/09) and commonly observed contaminants (in total 26,272
sequences) using MASCOT (Matrix Science, Version 2.4.1). The search criteria were set as follows:
full tryptic specificity was required (cleavage after lysine or arginine residues); 3 missed cleavages
were allowed; carbamidomethylation (C) was set as fixed modification; oxidation (M) as variable
modification. The mass tolerance was set to 10 ppm for precursor ions and 0.02 Da for fragment ions.
Results from the database search were imported into Progenesis QI for proteomics and the final peptide
measurement list containing the peak areas of all identified peptides, respectively, was exported.
This list was further processed and statically analyzed using our in-house developed SafeQuant R
script (SafeQuant, https://github.com/eahrne/SafeQuant, [72]). The peptide and protein false discovery
rate (FDR) was set to 1% using the number of reverse hits in the dataset. All quantitative analyses
were performed in biological triplicates. The resulting details of the proteomics experiments carried
out including identification scores, number of peptides quantified, normalized (by sum of all peak
intensities) peak intensities, log2 ratios, coefficients of variations and p-values for each quantified
protein and sample are displayed in Supplementary Table S1. All raw data and results associated with
the manuscript will be deposited into the Proteome X change Consortium via the PRIDE [73] partner
repository with the dataset identifier PXD009483 and 10.6019/PXD009483.

For the data shown in Figure 1b (Table S2), the log2ratio for FLAG-CorA samples (pooled of
all samples from the different timepoints) was determined against the control sample expressing
non-FLAG tagged CorA and background proteins were filtered out using the cutoff of log2ratio >
1.5 and q-value < 0.05; this dataset reflects the growth phase-independent interactome of coronin A.
The significantly enriched proteins ranked per their fold enrichment were plotted using Numbers. For
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the time-dependent analysis in Figure 5, the log2ratio for FLAG-CorA and FLAG-CorAΔCC against
the control sample expressing non-FLAG tagged CorA were calculated and the same cutoff set as
above, and the samples for each time point (representing the early log, log and early stationary growth
phases, i.e., common to exponential growth and stationary phases) were compared to the control of
the same time point. The top 25 significantly enriched proteins ranked per their fold enrichment in
FLAG-CorA were plotted using Numbers.

4.3. Analysis of F-Actin and G-Actin from Cell Lysates

Coronin A-actin interaction from cell lysates was essentially performed as described [45]. In brief,
DH1-10 wild type cells were harvested (4 × 106 cells/sample), washed and resuspended in 0.5
mL starvation buffer B (5 mM Na2HPO4, 5 mM KH2PO4, 2.5 mM MgSO4, 200 μM CaCl2 [74].
The cells were then exposed to either 9 μM Jasplakinolide (Sigma-Aldrich) for 1 h to induce actin
polymerization, 10 μM Latrunculin A (Sigma-Aldrich) for 30 min to induce actin depolymerization,
or buffer alone as a control and placed on a shaking platform at 22 ◦C. The cells were pelleted and
washed twice with phosphate-buffered saline (PBS), and then lysed with 200 μL F-actin stabilization
buffer (50 mM PIPES pH 7.0, 50 mM NaCl, 5 mM MgCl2, 5 mM ethylene glycol-bis(β-aminoethyl
ether)-N,N,N′,N′-tetraacetic acid (EGTA), 5% glycerol, 0.1% Triton X-100, 0.1% Tween 20, 0.1%
NonidetP-40, 0.1% β-Mercaptoethanol, 1 mM ATP, protease inhibitor mix [44,75]) on ice for 15 min.
The lysates were pre-cleared by centrifugation at 600× g for 5 min and the supernatant was subjected
to ultracentrifugation at 150,000× g for 30 min at 4 ◦C to sediment F-actin. The supernatant was
removed and the remaining pellet was resuspended in 100 μL ice cold distilled water containing
10 μM Cytochalasin D (Sigma, St. Louis, MO, USA) for 30 min on ice and occasionally agitated gently
by pipetting up and down. The resuspended pellet fraction was then mixed with 100 μL 2× F-actin
stabilization buffer to bring the solution to the same volume as the previously removed supernatant
fraction. Ten microliter of each supernatant (G-actin) and pellet (F-actin) were analyzed by SDS-PAGE
and immunoblotting using anti-actin and anti-coronin A antibodies as described below.

4.4. Protein Purifications

For co-precipitation analysis, FLAG-coronin A and FLAG-CorAΔCC were purified using the M2
Flag affinity gel. In brief, 5 × 108 FLAG-CorA- or FLAG-CorAΔCC-expressing cells were harvested
in log growth phase and washed twice with ice cooled TBS (20 mM Tris-HCl pH 8.0, 150 mM NaCl,
5 mM KCl). The cells were then lysed in 4 mL lysis buffer (TBS, 2 mM EDTA, 1% Triton ×100,
Protease/Phosphatase Inhibitor from Thermo-Fischer #1861281) on ice for 30 min with gentle agitation
every 5 min. The lysate was cleared at 18,000× g for 15 min at 4 ◦C, filtered through a 0.45 μM filter
(Sartorius), then loaded onto 250 μL of M2-anti-FLAG slurry and incubated with rotation in 15 mL
Falcon for 90 min at 4 ◦C. Non-bound protein were washed off 4× (each with 1 mL lysis buffer), and
then 8×with 1 mL each of low salt TBS (20 mM Tris-HCl pH 8.0, 25 mM NaCl, 5 mM KCl) at 1000× g, 5
min at 4 ◦C, while collecting the supernatant and determining the presence of protein at OD280 with
an Eppendorf BioSpectrometer® basic (Eppendorf, Hamburg, Germany). By the 9th wash, no protein
was detected in the supernatant. Bound proteins were eluted with 250 μL of 3× FLAG peptide (Sigma
or GenScript) at 0.2 μg/μL in low salt TBS for 1 h at 4 ◦C. Purified fractions were run on 10% SDS-PAGE
gel, stained with Coomassie® G-250 SimplyBlue™ SafeStain (ThermoFisher) and imaged by scanning
with a CanoScan 9000F Mark II scanner (Canon).

G-actin was isolated from rabbit muscle acetone powder (Sigma M6890) as described
previously [76]. In brief, 1.5g acetone powder was dissolved in 30 mL buffer G (2 mM imidazole,
0.2 mM ATP, 0.5 mM dithiothreitol (DTT), 0.2 mM MgCl2, pH 7.2–7.4) and stirred on ice for 30 min.
The extract was filtered and the remaining acetone powder was extracted with another 30 mL of
buffer G for 30 min. Both supernatants were pooled and centrifuged for 20 min at 25,000× g at 4 ◦C.
The supernatant was pooled and supplemented with KCl (1M stock) to a final concentration of 50 mM
and MgCl2 to a final concentration of 2 mM and stirred at 4 ◦C for 1 h. After stirring we slowly
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added ground KCl powder to reach 0.8 M final concentration and stirred for another 30 min at 4 ◦C.
The solution containing polymerized actin was centrifuged for 1 h at 150,000× g at 4 ◦C and the
resulting pellet was resuspended in 4 mL of buffer A (2.5 mM imidazole, 0.2 mM ATP, 0.2 mM CaCl2,
0.005% NaN3, 0.2 mM DTT, pH 7.2–7.4) using 18G and 23G syringe needles. The dissolved pellets were
dialyzed for 3 days against daily exchanged buffer A, followed by ultracentrifugation at 250,000× g at
4 ◦C for 1.5 h. The depolymerized actin in the supernatant was further purified using gel filtration
(Superdex 200 10/300 GL, GE Healthcare). The purified G-actin was kept dialyzing against buffer A at
4 ◦C for two weeks.

For the purification of yeast Crn1, the cDNA coding for Crn1 was fused with that of GST as
described above. An overnight culture of Y36032_GST-Crn1 yeast (Euroscarf) was diluted in synthetic
dropout complete-LEU medium to an OD600 of 0.2. The cells were grown at 30 ◦C to an OD600 of
0.8–1 in 3l Erlenmeyer flasks on a shaking platform. The cells were harvested at 5000× g for 5 min at
4 ◦C and washed with ddH2O. Pellets from a volume of 100 mL original culture were resuspended in
500 μL yeast lysis buffer (20 mM Tris-HCl pH 8.0, 150 mM NaCl, 2 mM EDTA, 0.1% TX-100, 1 mM
PMSF, 3 mM DTT, complete protease inhibitor from Roche) and mixed with 500 μL glass beads (Carl
Roth: A553.1 Glasperlen 0.25–0.5 mm). The yeast cells were disrupted in a bead vortex for 2 × 30 s.
In between vortexing steps, the lysate was placed on ice for 5 min. The supernatant was removed
and the remaining material was extracted a second time with 500 μL yeast lysis buffer. Pooled lysates
were centrifuged at 17,000× g for 1 min at 4 ◦C and GST-Crn1 purified on a GSTrap (GE Life Sciences)
column followed by incubation with thrombin (4 hrs, 4 ◦C; 1 unit per 100 μg of protein) to remove the
GST-tag. Thrombin was removed using benzamidine beads (50% slurry; Sigma-Aldrich #A7155) and
the Crn1 solution was dialyzed (Spectrapor, 10 kDa cutoff) against KMEI buffer (see below) followed
by removal of the GST tag using GSTrap from GE and concentrated in an Amicon MWCO 50 kDa
device (Millipore, Burlington, MA, USA).

For the co-purification of His-coronin A and His-Myosin-coronin A with actin, the purification
was performed as described above with the following changes: cells were lysed in 5 mL imidazole lysis
buffer (50 mM Tris-HCl pH 7.5, 20 mM Imidazole, 2 mM Benzamidine, 1 mM EDTA, 0.5% Triton × 100,
protease inhibitor mix) on ice for 20 min. The lysate was loaded onto a 300 μL bed of Ni-NTA resin
(Qiagen, Hilden, Germany). The loaded column was washed with 40 column volumes of imidazole
washing buffer (50 mM Tris-HCl pH 7.5, 40 mM Imidazole, 1 mM EDTA, 2 mM Benzamidine), and
bound proteins were eluted with imidazole elution buffer (washing buffer + 260 mM imidazole).
Collected fractions were then analyzed by Western blotting as described below.

4.5. Coronin A-F-Actin co-Precipitation Analysis

Coronin A-F-actin co-precipitation analysis was carried out using the FLAG-coronin A or
FLAG-CorAΔCC and the procedure according to the Hypermol Actin toolkit (Hypermol, Bielefeld,
Germany). In brief, FLAG-CorA and FLAG-CorAΔCC were purified as described above using
M2-anti-FLAG resin and dissolved in low salt TBS (20 mM Tris-HCl pH 8.0, 25 mM NaCl, 5 mM
KCl). For preparation of rabbit muscle actin, lyophilized G-Actin was reconstituted with 900 μL
H2O to obtain a 1.1 mg/mL stock solution, and left to rehydrate at room temperature for 5 min, and
subsequently dialyzed overnight in MonoMix buffer (0.1 mM CaCl2, 0.5 mM DTT, 0.4 mM ATP, 2 mM
Tris-HCl, pH 8.2). For F-Actin preparation, the G-actin stock was pre-spun at 100,000× g, 1 h, 4 ◦C
in an Optima TLX ultracentrifuge (TLA55) and the supernatant was used for the co-sedimentation
assay. G-actin was mixed in a 1:10 ratio with 10× PolyMix buffer (Hypermol, 1 M KCl, 0.02 M MgCl2,
0.01 M ATP, 0.1 M imidazole, pH 7.4) and left 30 min at room temperature for polymerization. For
co-sedimentation, 2 μg prespun (100,000× g, 1 h at 4 ◦C in an Optima TLX ultracentrifuge (TLA55))
FLAG-CorA or FLAG-CorAΔCC was incubated with different amounts of F-actin for 45 min at room
temperature. For higher salt concentrations, FLAG-CorA and G/F-Actin were mixed at equal molar
ratios of 1 μM and additional NaCl (from a 5M stock solution in ddH2O) was added to the samples
to final concentrations of 50 mM, 100 mM and 150 mM in a total volume of 40 μL. After incubation,
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samples were centrifuged at 100,000× g, 1 h, 4 ◦C in an Optima TLX ultracentrifuge (TLA55, Beckman
Coulter). As controls G-actin, F-actin, FLAG-CorA, and FLAG-CorAΔCC were centrifuged separately
to assess their solubility. After centrifugation, the supernatants were transferred to 1.5 mL microfuge
tubes containing SDS sample buffer (Tris-HCl pH 6.8, 2% SDS, 5% Glycerol, 0.015% DTT, 0.0002%
bromophenol blue). The pellet was washed twice with low salt TBS (25 mM NaCl, 20 mM Tris-HCl,
pH 7.5) and resuspended in low salt TBS containing SDS sample buffer and transferred into 1.5 mL
microfuge tubes. Samples were boiled for 5 min at 95 ◦C and separated on a 10% SDS-PAGE. The gel
was stained using Coomassie G250 SimplyBlue™ SafeStain (ThermoFisher, Waltham, MA, USA). For
the sedimentation analysis of yeast Crn1, a stock of freshly purified G-actin was diluted to 4 μM into
buffer A. KMEI (10×) actin polymerization buffer was added to yield a 1× concentration (KMEI; 20 mM
Imidazole, 50 mM KCl, 1 mM EGTA, 1 mM MgCl2, pH 7.5) and the actin was left to polymerize at RT
for 1 h. Thirty μL of F-actin or G-actin were mixed with 10 μL yeast-Crn1 purified as described [4]
to a final volume of 40 μL and a final concentration of 500 nM. The mixture was incubated for 30
min at room temperature while shaking. The samples were then subjected to ultracentrifugation at
150,000× g for 30 min at 4 ◦C. After removal of the supernatant the pellets were resuspended in 40 μL
distilled water with 10 μM cytochalasin D and left to stand for 20 min at RT. Both supernatant and
pellet were mixed or resuspended in equal amounts of SDS sample buffer. The samples were separated
by SDS-PAGE and Western blot was performed as described below. The apparent Kd was obtained by
non-linear fitting of the data using Prism (8.3.0) based on duplicate data allowing different values of
the maximum P/S ratio for each group.

4.6. Western Blotting

Proteins were separated on 10% Sodium dodecyl sulfate polyacrylamide gel electrophoresis
(SDS-PAGE) gels and transferred onto nitrocellulose membranes with semi-dry or wet transfer systems
(BioRad, Hercules, CA, USA), depending on the size of proteins to be analyzed. The membranes were
stained with Ponceau red protein stain for 15 min, rinsed with ddH2O and scanned with a CanoScan
9000F Mark II scanner (Canon). The Ponceau red was washed off and the membrane blocked with
5% milk in PBS-Tween20 for 1 h at RT or overnight at 4 ◦C. The antibodies were diluted in 5% milk
PBS-Tween20 at 1:15,000 for anti-coronin A, and 1:5000 for anti-actin. Primary antibody incubation was
done either at room temperature for 2 h or overnight at 4 ◦C, followed by washes and by incubation with
horseradish peroxidase (HRP)-coupled secondary antibodies (Southern Biotech). Membranes were
developed using SuperSignal PicoWest chemiluminescence substrate (Thermo-Fisher) or WesternBright
Quantum HRP substrate (Advansta) and imaged using a Fuji FPM 800A (Fuji, Tokyo, Japan) or Fusion
FX7 (VILBER, Paris, France)

4.7. Phagocytosis

For the preparation of particles, harvested log-growth phase Klebsiela aerogenes and S. cerevisiae
(strain NYYO-1, [77]) were washed with and resuspended in KK2 buffer (16 mM KH2PO4, 4 mM
K2HPO4) before heat killing at 80 ◦C and 65 ◦C, respectively, for 20 min. Heat-killed bacteria and
yeast cells were stained in the dark, respectively, with 10× and 2.5× manufacturer recommended
working concentration of CellBrite Fix 640 dye (#30089, Biotium, Freemont, CA, USA) for 30 min at
RT. Excess dye solution was removed by centrifugation and labelled cell were resuspended in KK2
buffer. Live bacteria were laboratory strain E. coli (DH5α) expressing neon green fluorescent protein
grown overnight in liquid broth to stationary growth phase. The live bacteria were a kind gift from
Dirk Bumann at the Biozentrum, University of Basel, Basel, Switzerland. For beads, Ø = 1 μm, 3 μm,
4.5 μm or 6 μm fluorescent carboxylate-modified microspheres particles were obtained from Life
technologies or PolySciences. For the uptake experiment, 12 × 107 Dictyostelium cells were harvested in
early log growth and resuspended in 6 mL HL5 medium at a density of 2 × 106 cells/mL in a 2 conical
flask and then incubate at 22 ◦C for 1 h at 160 rpm. For control, cells were pretreated with the actin
depolymerizing drug cytochalasin A (C6637 Sigma-Aldrich) to a final concentration of 5 μg/mL for 30
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min at 22 ◦C before the fluorescent particles were added. Particles were added to the Dictyostelium
cells at MOI of 5, 10, 100, or 200 and incubated at 22 ◦C with 160 rpm, or at 4 ◦C (control) and 500 μL
samples were collected at 0, 10, 20, 30, 60, and 90 min into 3 mL ice-cold KK2 supplemented with 5 μM
NaN3, washed and resuspended in 250 μL ice cold FACS buffer (PBS, 2% FCS, 10 mM EDTA, 0.05%
Na-azide) and maintained on ice until measurement [78]. Non-ingested fluorescently labelled bacteria
and yeast particles were quenched by adding 0.4% trypan blue at a ratio of 2:1 (trypan blue:sample)
and incubated for 10 min prior to analysis. Samples were analyzed by Fluorescent Activated Cell
Sorting (FACS) on a BD LSRFortessa (Becton-Dickinson, Franklin Lakes, NJ, USA) and FlowJo Software
(flowjo.com).

Supplementary Materials: Supplementary materials can be found at http://www.mdpi.com/1422-0067/21/4/1469/
s1. Figure S1: Control for phagocytosis, Table S1: Table S1_Summary Sheet for all time points plus the combined,
Table S2: Log2ratios_FLAG-CorA.
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Abstract: Remodeling of the actin cytoskeleton is one of the critical events that allows platelets to
undergo morphological and functional changes in response to receptor-mediated signaling cascades.
Coronins are a family of evolutionarily conserved proteins implicated in the regulation of the actin
cytoskeleton, represented by the abundant coronins 1, 2, and 3 and the less abundant coronin
7 in platelets, but their functions in these cells are poorly understood. A recent report revealed
impaired agonist-induced actin polymerization and cofilin phosphoregulation and altered thrombus
formation in vivo as salient phenotypes in the absence of an overt hemostasis defect in vivo in
a knockout mouse model of coronin 1. Here we show that the absence of coronin 1 is associated
with impaired translocation of integrin β2 to the platelet surface upon stimulation with thrombin
while morphological and functional alterations, including defects in Arp2/3 complex localization
and cAMP-dependent signaling, are absent. Our results suggest a large extent of functional overlap
among coronins 1, 2, and 3 in platelets, while aspects like integrin β2 translocation are specifically or
predominantly dependent on coronin 1.

Keywords: actin; Arp2/3 complex; cAMP; coronin 1; integrin β2; platelets; thrombin; collagen;
prostacyclin

1. Introduction

Vascular injury leads to exposure of prothrombotic extracellular matrix proteins, which facilitates
the entrapment and activation of platelets through specialized receptors. These interactions contribute
to stable adhesion of platelets by generating intracellular signals that lead to shape change, secretion
of granules, and activation of integrins. Activation of integrins facilitates the binding of the plasma
protein fibrinogen, which subsequently supports platelet aggregation and clot formation, rapidly
consolidated by secreted soluble agonists [1]. While this process is critical to hemostatic protection
of the vasculature after injury, the rupture of atherosclerotic plaques drives uncontrolled platelet
activation that leads to arterial thrombosis and clinical events such as myocardial infarction and stroke.

Platelet activation is the result of multiple integrated signaling cascades that ultimately drive
remodeling of the platelet cytoskeleton and sustain the morphological changes required for adhesion,
spreading, aggregation, and secretion at the sites of vascular damage [2]. The cytoskeleton is also
the target of inhibitory signaling pathways regulated by cyclic nucleotides that balance the activating
pathways and prevent thrombus formation [3]. Coronins are a family of evolutionarily conserved
regulators of the actin cytoskeleton turnover represented by seven members in mammals They have
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been grouped into three classes based on phylogenetic and functional criteria [4,5]. Class I includes
Coronins 1, 2, 3, and 6 (also called 1A, 1B, 1C, and 1D) that associate with the actin cytoskeleton,
localize at the leading edge of migrating cells, and participate in various signaling processes. Class II
includes Coro4 and 5 (also called 2A and 2B), involved in focal adhesion turnover, reorganization of
the cytoskeleton, and cell migration. The class III coronin (Coro7) has an unusual structure and plays
a role in Golgi morphology maintenance. We have reported that class I coronins coronin 1, 2, and 3 are
abundant in both human and mouse platelets, whereas coronin 7 is also present in human and mouse
platelets in very low amounts and class II coronins are apparently absent [6].

Coronin 1 (coronin-1A or Coro1, also known as P57 or Tryptophan Aspartate containing COat
protein (TACO)) [7,8] participates in the modulation of a number of processes through protein–protein
interactions. For example, it modulates cyclic adenosine monophosphate (cAMP) signaling in neurons
through interaction with the Gαs subunit of heterotrimeric G proteins [9], neutrophil adhesion through
interaction with the cytoplasmic tail of integrin β2 [10], and the activity of the small GTPase Rac1 [11].
Coro1 also participates in a number of other cellular processes including NADPH oxidase complex
regulation, calcium signaling, vesicle trafficking, and apoptosis [12–16].

Coro1 is abundantly expressed in cells of the hematopoietic lineage, where it is essential for the
survival of naïve T cells [16–19], but little is known about its role in platelets. We have shown that Coro1
is mainly a cytosolic protein, but a significant amount associates to membranes in an actin-independent
manner. It rapidly translocates to the detergent-insoluble cytoskeleton upon platelet stimulation with
thrombin or collagen. Along with Coro2 and 3, it accumulates at the cell cortex and actin nodules [6].
Stocker et al. reported the absence of an overt hemostasis defect in vivo in a knockout mouse model
of Coro1. Detailed examination revealed impaired agonist-induced actin polymerization and cofilin
phosphoregulation and altered thrombus formation in vivo as salient phenotypes [20]. Here we extend
Stocker et al. report by an in-depth characterization of platelet function exploring additional aspects.
Our data show that the absence of Coro1 is associated with impaired translocation of integrin β2
to the platelet surface upon stimulation with thrombin but otherwise does not result in noticeable
morphological and functional alterations, including Arp2/3 complex localization and cAMP-dependent
signaling. This mild phenotype suggests a complex picture in which class I coronins might share roles
extensively in platelets.

2. Results

2.1. Absence of Coro1 Is Not Compensated by Increased Coro3

To gain insight into the roles of Coro1 in platelet function, we undertook the characterization of
a previously described Coro1a knockout (KO) model [15]. We confirmed the absence of the protein in
platelet lysates of homozygous KO mice by Western blot analysis and observed that heterozygous
mouse platelets expressed approximately half of the amount of the protein present in wild type (WT)
mouse platelets (Figure 1A). Coro1 KO mice have been reported to exhibit unaffected hematological
parameters, including platelet counts, indicating that hematopoiesis is not affected [17,20]. The size of
Coro1 KO platelets was comparable to that of WT platelets as estimated from the forward light scatter
in flow cytometry experiments (p = 0.8164, Student’s t-test) (Figure 1B).
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Figure 1. Relative size and receptor expression in Coro1a deficient platelets. (A) Absence of Coro1
in Coro1a deficient platelets and no obvious compensation by Coro3. Platelet lysates were resolved
by SDS-PAGE, blotted and probed with specific antibodies for the indicated proteins. GAPDH was
used for normalization. Data represent mean ± standard error of the mean (SEM) of 4–6 independent
experiments. ** p < 0.01; Mann–Whitney U-test. Full blots are shown in Supplemental Figure S1;
(B) Relative size of Coro1a deficient platelets. Mean platelet volume was estimated in platelet-rich
plasma (PRP) by mean forward light scatter area using flow cytometry. Data represent mean ± SEM of
13–14 independent experiments. No statistically significant differences were found, Student’s t-test;
(C) Surface receptor expression in Coro1a deficient platelets. Platelet surface receptors were determined
in PRP by flow cytometry both in basal conditions (B) and upon stimulation with 0.1 U/mL thrombin for
20 min at 37 ◦C (T). Data represent mean ± SEM of 7–16 independent experiments. * p < 0.05; ** p < 0.01;
*** p < 0.001; paired Student’s t-test between basal and stimulated conditions. No statistically significant
differences were found between wild type and knockout, nonpaired Student’s t-test.

2.2. Receptor Expression Is Not Affected in Coro1 Deficient Platelets

We assessed the expression of characteristic surface platelet receptors (GPVI, CD41, CD42b,
and CD49b) by flow cytometry both in unstimulated and in thrombin-stimulated platelets. Thrombin
stimulation caused a significant increase in the expression of GPVI, CD41 (integrin αIIb), and CD49b
(integrin α2) (20–40%) and a significant decrease in the expression of CD42b (GP1b) (32–43%), the latter
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due to cleavage and internalization of the GP1b/IX/V complex [21]. Both basal and thrombin-stimulated
receptor expression levels were comparable in Coro1 WT and KO platelets (Figure 1C).

2.3. Translocation of Integrin β2 Is Impaired in the Absence of Coro1

Coro1 interacts with the cytoplasmic tail of integrinβ2 and regulates its function in neutrophils [10].
Although less abundant than integrins β1 and β3, integrin β2 (CD18) is expressed in murine
platelets [22–25] and has also been described in human platelets, where expression increases upon
thrombin stimulation [26]. This prompted us to investigate whether Coro1 deficiency would have
an effect on this integrin. We used flow cytometry to assess the levels of expression of CD18 both
in resting and in thrombin stimulated platelets and observed that in resting platelets the levels of
CD18 were higher, although statistically not significant, in WT platelets (940 ± 70 median fluorescence
intensity) than in KO platelets (783 ± 51; p = 0.1016). However, upon thrombin stimulation expression
increased significantly in WT platelets to 1562 ± 158 (p = 0.0032 relative to basal) but only modestly
in KO platelets (to 986 ± 110; p = 0.0915 relative to basal, p = 0.0123 relative to WT) (Figure 2A,B).
The impaired translocation of CD18 in KO platelets can be visualized in immunostained platelets
(Figure 2C).

Integrin β2 main ligand is intercellular adhesion molecule-1 (ICAM-1), a glycoprotein expressed
in endothelial cells and leukocytes. We used fluorescence microscopy to investigate the effect of
Coro1 absence on platelet adhesion and spreading on surfaces coated with 5 mg/mL native BSA,
a surrogate method of assessing binding to ICAM-1, both basally and upon stimulation with 0.1 U/mL
thrombin [27,28]. On average, similar numbers of WT and KO resting platelets adhered to coverslips
(116.7 ± 14.0 and 120.8 ± 7.1, respectively). Resting platelets of both strains attached to the BSA-coated
surface but most did not appear to spread, presenting a round morphology and covering a small area
(approximately 9 μm2) (Figure 2D–F). Thrombin stimulation prior to seeding resulted in more than
twice the numbers of adhering platelets (280.3 ± 17.2 in WT vs. 276.9 ± 24.0 in KO). Most stimulated
platelets presented a well spread round morphology with stress fibers, although some had a spiky
morphology, and covered an area of approximately 21 μm2. No obvious differences were apparent
in cell area between WT and KO platelets (Figure 2D–F). To investigate whether stimulation with
lower thrombin doses would reveal any subtle difference in spreading between WT and KO platelets,
we performed a set of experiments basally and upon stimulation with 0.05 and 0.025 U/mL thrombin.
We observed that both doses resulted in numbers of adhering platelets similar to those obtained with
0.1 U/mL: 309.3 ± 16.8 in the WT vs. 282.0 ± 13.7 in the KO with 0.05 U/mL and 296.3 ± 22.4 in the
WT vs. 320.8 ± 38.9 in the KO with 0.025 U/mL. The areas of the spread platelets were also in a range
similar (20–21 μm2) to those observed with 0.1 U/mL thrombin. This indicates that low thrombin
doses (0.025 U/mL) are sufficient to elicit full spreading on native BSA and Coro1 is dispensable for
this response.
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Figure 2. Impaired translocation of integrin β2 in Coro1a deficient platelets. (A) Platelet surface integrin
β2 (CD18) was determined in PRP by flow cytometry both in basal conditions and upon stimulation
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with 0.1 U/mL thrombin for 20 min at 37 ◦C. Individual data and the mean ± SEM of 7–8 independent
experiments are shown. * p < 0.05; ** p < 0.01; paired Student’s t-test between basal and stimulated
conditions. Nonpaired Student’s t-test between wild type (WT) and knockout (KO); (B) Representative
flow cytometry data of platelet surface CD18 distribution in basal conditions and upon thrombin
stimulation; (C) Washed platelets were stimulated in suspension with 0.1 U/mL thrombin, fixed with 4%
paraformaldehyde (PFA) and spun on poly-l-lysine coated coverslips. The permeabilization step was
omitted and the cells were stained with an anti-integrin β2 antibody followed by an Alexa568-coupled
secondary antibody (red) and counterstained with fluorescein isothiocyanate (FITC)-phalloidin for
filamentous actin (green). Images were acquired with a fluorescence microscope equipped with
a structured illumination attachment and deconvolved. Scale bar represents 10 μm; (D) Adhesion of
Coro1 KO and WT platelets to native bovine serum albumin (BSA). Washed platelets were stimulated
with 0.1 U/mL thrombin and immediately allowed to attach to glass coverslips coated with 5 mg/mL
of native BSA. Adherent platelets were fixed with 4% PFA, permeabilized with 0.3% Triton X-100,
and stained with tetramethylrhodamine isothiocyanate (TRITC)-phalloidin. Images of random areas
were acquired with a fluorescence microscope. Examples of platelets at two magnifications are shown.
Scale bars represent 10 μm; (E) Number of platelets adhering to BSA. 5 fields each 31,560 μm2 from 9
independent experiments were scored per condition. Data represent mean ± SEM. Number of platelets
was significantly higher upon thrombin stimulation (** p < 0.01, paired Student’s t-test). No significant
differences were found between WT and KO platelets both resting and stimulated (unpaired Student’s
t-test); (F) Surface coverage per platelet calculated by thresholding using ImageJ. Data represent mean
± SEM from 9 independent experiments and 600–1200 platelets per condition for each experiment.
Platelet surface was significantly higher upon thrombin stimulation (*** p < 0.001, paired Student’s
t-test). No significant differences were found between WT and KO platelets, both resting and stimulated
(unpaired Student’s t-test).

2.4. Effect of Coro1 Deficiency on Integrin αIIbβ3 Activation and Granule Secretion

We assessed the potential effects of Coro1 deficiency on integrin αIIbβ3 activation with the
activation state-specific antibody JON/A by flow cytometry. Stimulation with a wide range of
agonists (thrombin, collagen-related peptide (CRP), as well as adenosine diphosphate (ADP) and
the thromboxane analog U46619 alone or in combination) caused activation of αIIbβ3, in the case of
thrombin and CRP in a dose-dependent manner (Figure 3A). However, we were not able to detect any
significant differences in JON/A levels between Coro1 KO and WT platelets, indicating that Coro1 is
dispensable for αIIbβ3 activation.

We next explored whether Coro1 KO platelets have a defect in granule secretion. To monitor
alpha and dense granule secretion, we induced P-selectin and CD63 expression, respectively, by the
same agonists as in the αIIbβ3 activation experiment. In both cases, thrombin produced a clear
dose–response effect, CRP had little effect and ADP and U46619 had a synergistic effect in both WT
and KO platelets (Figure 3B,C). None of the conditions tested revealed any statistically significant
difference between both populations, suggesting that Coro1 is dispensable for granule secretion.
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Figure 3. Integrin activation and secretion in Coro1a deficient platelets. Integrin activation (A), P-selectin
exposure (B), and CD63 exposure (C) were determined in PRP upon stimulation with the indicated
doses of agonists for 20 min at 37 ◦C and subsequent flow cytometry analysis. The data (median
fluorescence intensity) represent the mean ± SEM of 5–9 independent experiments expressed relative
to basal (unstimulated) platelets. No statistically significant differences were found between WT and
KO, Student’s t-test.

2.5. Effect of Coro1 Deficiency on Platelet Aggregation and Spreading

A functioning actin cytoskeleton remodeling is critical for platelet aggregation and for adhesion
and spreading on extracellular matrix proteins. We next investigated the implications of Coro1
deficiency for those processes. Stocker et al. reported subtle defects in aggregation induced by
low doses of collagen using impedance-based aggregometry on whole blood [20]. We applied light
transmission aggregometry on washed platelets using a range of doses of thrombin (0.0125–0.1 U/mL),
collagen (1–10 μg/mL), and CRP (3–10 μg/mL). All three agonists elicited, as expected, a dose-dependent
aggregation response, which was comparable in both WT and KO platelets at all doses (Figure 4).
The aggregation velocity, calculated as the slope of the aggregation curve, was also dose-dependent
for all three agonists. We only observed a statistically significant alteration in the response to
high-dose thrombin, with KO platelets showing a marginally higher percentage of aggregation (91.7 vs.
82.4, p = 0.0420) and a moderately higher velocity (3.29 vs. 4.30, p = 0.0137, Student’s t-test) compared
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to WT platelets. We did not observe any statistically significant difference between WT and KO platelets
at any dose of collagen or CRP.

 

Figure 4. Aggregation in Coro1a deficient platelets. Washed platelets (2.0 × 108 platelets/mL) were
stimulated with the indicated doses of thrombin (A), collagen (B), or collagen-related peptide (CRP)
(C) and aggregation was recorded for 6 min in a Chrono-Log aggregometer. Representative traces are
shown on the left. Bar diagrams show percentage of maximum aggregation within 5 min of stimulation
and slope as calculated from the linear part of the aggregation trace. Data are mean ± SEM of 4–10
independent experiments. * p < 0.05, Student’s t-test for thrombin; no significant differences were
found with collagen and CRP, Mann–Whitney U-test.
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The effect of Coro1 absence on platelet adhesion and spreading was further investigated on
surfaces coated with collagen (100 μg/mL) or fibrinogen (100 μg/mL) by fluorescence microscopy.
On average, slightly more platelets per observation field adhered on fibrinogen; however, there were
no statistically significant differences in the numbers of platelets adhering to either surface between
the WT and the KO platelets (60.4 ± 4.5 vs. 61.4 ± 5.1 on fibrinogen and 48.3 ± 4.6 vs. 52.3 ± 7.4
on collagen) (Figure 5A, B). Irrespective of genotype, platelets covered a slightly larger surface on
collagen (13.43 ± 1.07 μm2 in the WT vs. 15.83 ± 0.85 μm2 in the KO) than on fibrinogen (10.75 ±
0.74 μm2 in the WT vs. 11.89 ± 0.71 μm2 in the KO) (Figure 5C). Characteristically, on fibrinogen,
most platelets showed abundant filopods and actin nodules whereas on collagen most displayed stress
fibers, however, no differences in the morphology were apparent between WT and KO platelets in any
of the matrices.

 

Figure 5. Absence of Coro1 does not impair platelet spreading. (A) Adhesion of washed platelets to glass
coverslips coated with the indicated concentration of collagen, fibrinogen, Gly-Phe-Hyp-Gly-Glu-Arg
(GFOGER), or CRP. Adherent platelets were fixed with 4% PFA, permeabilized with 0.3% Triton X-100,
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and stained with TRITC-phalloidin. Images were acquired with a fluorescence microscope equipped
with a structured illumination attachment and deconvolved. Examples of platelets at two magnifications
are shown. Scale bars represent 10 μm; (B) Number of platelets adhering to the indicated concentrations
of collagen, fibrinogen, GFOGER, or CRP. 5 fields each 12,500 μm2 from 5–10 independent experiments
were scored per condition. Data represent mean ± SEM. No significant differences were found
between WT and KO platelets for any condition (Mann-Whitney U-test); (C) Surface coverage per
platelet calculated by thresholding using ImageJ. Data represent mean ± SEM from 5–10 independent
experiments and 250–1000 platelets per condition for each experiment. No significant differences were
found between WT and KO platelets for any condition (Mann–Whitney U-test).

We investigated any subtle effect of Coro1 ablation on adhesion to specific collagen receptors
using coverslips coated with peptides that discriminate between receptors, Gly-Phe-Hyp-Gly-Glu-Arg
(GFOGER) (for α2β1 integrin), or CRP (for GPVI). Approximately 50% less platelets adhered on
GFOGER and CRP compared to collagen and the trend was similar in both WT and KO platelets
(Figure 5B). Surface coverage was lower on GFOGER (10.98 ± 0.62 μm2 in the WT vs. 11.43 ± 0.81
μm2 in the KO) and higher on CRP (22.92 ± 2.24 μm2 in the WT vs. KO 21.96 ± 0.77 μm2 in the KO)
compared to collagen (Figure 5C). On CRP, platelets morphologically resembled the ones on collagen,
whereas on GFOGER they were discoid and spiky. Again, there were neither statistically significant
differences in surface coverage between WT and KO platelets nor noticeable morphological differences
in collagen receptor-specific matrices.

2.6. Coro1 Is Dispensable for Arp2/3 Complex Localization

We have shown that in platelets Coro1 co-immunoprecipitates and colocalizes with components of
the Arp2/3 complex and that the activity of the complex is necessary for extension of lamellipodia and
accumulation of Coro1 at the cell cortex of spreading platelets [6]. We used Coro1 deficient platelets to
address whether Coro1 is necessary for Arp2/3 complex localization by allowing them to spread on
fibrinogen upon activation with 0.1 U/mL thrombin (Figure 6A). Virtually all unstimulated platelets
spread on fibrinogen and showed abundant filopods and actin nodules. In those platelets, the Arp2/3
component ARPC2 (p34-Arc, component of the Arp2/3 complex) displayed a diffuse distribution and
some accumulation at actin nodules. Upon thrombin stimulation, approximately 92% of platelets
adopted a well spread circular shape with stress fibers and neat accumulation of actin and ARPC2 at
the cell cortex. These patterns of platelet morphology and ARPC2 distribution were indistinguishable
in both WT and KO platelets (Figure 6B), indicating that Coro1 is dispensable for Arp2/3 localization
and lamellipodia formation upon platelet stimulation. Using the same approach, we explored whether
activation of the Arp2/3 complex is required for spreading and for cortical localization of ARPC2 upon
thrombin stimulation (Figure 6A). We treated wild type and Coro1 deficient platelets with the Arp2/3
complex inhibitor CK666 (50 μM) prior to stimulation with thrombin and seeding. While still capable
of adhering to fibrinogen, virtually all unstimulated platelets remained discoid with inconspicuous
ARPC2 distribution. Upon thrombin stimulation, approximately 80% of platelets remained discoid,
whereas the rest spread, however, their morphology was irregular, their F-actin staining was weaker
compared to untreated platelets, and ARPC2 was almost never found at the cell cortex. This shows
that activation of the Arp2/3 complex is required for its cortical localization and for efficient spreading,
irrespective of the presence of coronin 1.
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Figure 6. Coro1 is dispensable for Arp2/3 complex localization. (A) Localization of ARPC2 in resting
and thrombin-stimulated platelets. Washed platelets were stimulated with 0.1 U/mL thrombin and
immediately allowed to attach to glass coverslips coated with 100 μg/mL of fibrinogen. A population
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of platelets was treated with the Arp2/3 complex inhibitor CK666 (50 μM) for 30 min at 37 ◦C prior to
thrombin stimulation. Adherent platelets were fixed with 4% PFA, permeabilized with 0.3% Triton
X-100, stained with an anti-ARPC2 antibody followed by an Alexa568-coupled secondary antibody
(red) and counterstained with FITC-phalloidin for filamentous actin (green). Images were acquired
with a fluorescence microscope equipped with a structured illumination attachment and deconvolved.
Examples of platelets at two magnifications are shown. Boxes mark the enlarged regions. Scale bar
represents 25 μm; boxes are 27 × 27 μm; (B) Platelet morphology. Platelets were assigned to one of three
classes based on spreading and ARPC2 distribution (cortical or not). 5 fields each 36,670 μm2 from 4
independent experiments were scored per condition. Data are shown as percentage of platelets of each
class and represent mean ± SEM. * p < 0.05, ** p < 0.01, *** p < 0.001 relative to the corresponding basal
condition. ## p < 0.01, ### p < 0.001 relative to platelets not treated with CK666 of the same condition.
Symbols are placed inside their corresponding bars. No significant differences were found between WT
and KO platelets for any condition (Kruskal–Wallis test).

2.7. Absence of Coro1 Does Not Affect cAMP Signaling

Jayachandran et al. have shown that Coro1 interacts with Gαs and modulates the cAMP signaling
pathway in neurons and T cells [9,29]. In platelets the cAMP pathway can be triggered by exposure to
prostacyclin (PGI2), whose receptor is coupled to heterotrimeric G proteins containing the Gαs subunit,
resulting in dampening of the ability to respond to thrombin stimulation. We have shown that in
platelets Coro1 is able to immunoprecipitate and colocalize with Gαs [6], prompting us to investigate
the functionality of the cAMP pathway in Coro1 deficient platelets. We monitored the activity of the
cAMP pathway by detection of vasodilator-stimulated phosphoprotein (VASP) phosphorylation at
Ser157. Treatment with a low (5 nM) and a high (100 nM) dose of PGI2 resulted in a dose-dependent
increase in the amount of pVASP-S157 in both WT and KO platelets. No statistically significant
differences were observed between both genotypes (Figure 7A). We used flow cytometry to quantify
the effect of PGI2 on thrombin-stimulated integrin αIIbβ3 activation and granule secretion. Platelets
were pretreated with 100 nM PGI2 prior to stimulation with 0.1 U/mL thrombin. As already shown in
Figure 3, stimulation with thrombin caused activation of integrin β3 as well as P-selectin and CD63
expression, whereas PGI2 itself did not elicit any response. Treatment with 100 nM PGI2 prior to
thrombin stimulation completely abolished those responses both in WT and KO platelets (Figure 7B).
Collectively, our results indicate that Coro1 is dispensable for Gαs-dependent modulation of the cAMP
pathway in platelets.

2.8. Absence of Coro1 Does Not Impair Hemostasis

To evaluate the influence of Coro1a deletion on hemostasis, we examined tail bleeding (Figure 8).
Both Coro1 KO and WT animals showed a comparable average bleeding time (1.99 ± 0.19 min in the
KO vs. 1.71 ± 0.20 min in the WT). In these experiments, two WT and two KO mice out of 15 per
genotype re-bled within one minute of cessation of bleeding.
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Figure 7. The cAMP pathway is not affected in Coro1a deficient platelets. (A) Phosphorylation of
vasodilator-stimulated phosphoprotein (VASP) upon prostacyclin (PGI2) stimulation for 5 min at
the indicated doses. Platelet lysates were resolved by SDS-PAGE, blotted, and probed with specific
antibodies for pVASP-Ser157. GAPDH was used for normalization. Representative blots and bar
diagrams showing mean ± SEM of 7 independent experiments. Full blots are shown in Supplemental
Figure S2; (B) Integrin activation, P-selectin exposure, and CD63 exposure upon stimulation with
thrombin prior to PGI2. Platelets in PRP were treated with 100 nM PGI2 for 5 min prior to stimulation
with 0.1 U/mL thrombin and subsequently analyzed by flow cytometry. This set of experiments was
carried out simultaneously with the ones presented in Figure 3. The data (median fluorescence intensity)
are expressed relative to basal (unstimulated) platelets. The data represent the mean ± SEM of 4–9
independent experiments. No significant differences were found between WT and KO in any of the
assays (Student’s t-test or Mann–Whitney U-test).
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Figure 8. Tail bleeding time. Tests were performed by cutting off 2 mm of the tail tip and immediately
placing the tail in PBS at 37 ◦C. The time until hemostasis was recorded for up to 10 min and re-bleeding
monitored for 60 s beyond hemostasis. Data represent mean ± SEM of 15 animals. No significant
differences were found between WT and KO (Student’s t-test).

3. Discussion

The availability of animal models has significantly contributed to elucidate the roles in platelet
function of cytoskeleton proteins, which usually cannot be targeted pharmacologically [30]. Here we
present a functional characterization of Coro1, an abundant class I coronin, in a KO mouse model.
The salient phenotype of Coro1 deficient platelets is the impaired translocation of integrin β2 to the
cell surface upon thrombin stimulation, in the absence of any alteration in a range of morphological
and functional tests. Our study broadly confirms a recent report by Stocker et al. and explores aspects
not covered there [20]. However, we failed to observe some of the mild defects reported by Stocker
et al., namely increased relative platelet size and adhesion receptor expression, decreased platelet
spreading area upon stimulation with thrombin or collagen, and decreased velocity of aggregation in
response to low-dose collagen [20]. These divergent outcomes could be tracked back to methodological
differences, size of experimental populations, and statistical analysis. For example, Stocker et al.
used an impedance-based method on whole blood to study aggregometry, whereas we used light
transmission aggregometry on washed platelets. Impedance-based aggregometry on whole blood
captures responses that depend on interactions with leukocytes and red blood cells and is, therefore,
closer to the physiological situation, however, it is considered insensitive to low levels of platelet
activation. Light transmission aggregometry, by contrast, requires more manipulations but takes
platelets at face value, without the influence of variations in hematocrit and cellular content [31,32].
The different methods might have influenced platelet reactivity, causing opposite outcomes, although
the differences between WT and KO were always small.

While translocation and activation of integrin αIIbβ3 were not affected in the Coro1 KO platelets,
we observed impaired translocation of integrin β2 by deletion of Coro1, suggesting that Coro1
is specifically implicated in the regulation of this integrin in platelets. Integrin β2, a component
of lymphocyte function-associated antigen 1 (LFA-1) when associated with integrin αL, is one of
the 6 integrins expressed in mouse platelets and the fourth most abundant [25]. β2 integrins are
important for polymorphonuclear neutrophil adhesion to the endothelium and subsequent events,
like extravasation [33]. Coro1 is critical for these processes because it interacts with the cytoplasmic tail
of integrin β2 and regulates the accumulation of activated integrin in focal zones of adherent cells [10].
In platelets, LFA-1 has not been extensively investigated. Platelets from mice deficient in integrin β2 are
characterized by a shorter lifespan, reduced adhesion to the endothelium in response to tumor necrosis
factor (TNF), and caspase activation [24]. Stocker et al. reported a normal lifespan of Coro1 deficient
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platelets, suggesting that this coronin is not the only protein responsible for the regulation of integrin
β2 [20]. Similarly, we did not observe any defective adhesion and spreading on an ICAM-1 surrogate
matrix, suggesting that Coro1 deficient platelets retain sufficient binding capacity through LFA-1 and/or
other mechanisms. In line with this observation, Stocker et al. reported unaffected accumulation of
neutrophils within arterial thrombi in Coro1 deficient platelets [20]. However, the role of integrin β2 in
platelet–leukocyte interaction is difficult to dissect due to concurrent and more prevalent mechanisms
mediating those interactions [34] and to the fact that the interactions mediated by LFA-1 and ICAM
family molecules are reciprocal: both are present simultaneously in platelets and leukocytes. A rigorous
attempt at exploring this aspect would require the generation of a platelet-specific Coro1 knockout
model combined with platelet-specific deletion of ICAM-2, the adhesion molecule isoform present in
the platelet membrane [25].

Jayachandran et al. have uncovered the role of Coro1 in modulating the cAMP signaling pathway
in excitatory neurons, where deficiency of the protein resulted in the loss of excitatory synapses and
a range of neurobehavioral disabilities [9]. Coro1 interacts with Gαs in a stimulus-dependent manner,
leading to increased cAMP production [9]. Moreover, the association of Coro1 with Gαs is regulated
by cyclin-dependent kinase 5 (CDK5)-mediated phosphorylation of Coro1 on two particular threonine
residues [35]. Furthermore, Coro1 regulates cAMP signaling in T cells [29] whereas the homolog in
Dictyostelium discoideum regulates cAMP-dependent initiation of multicellular aggregation [36] and the
homolog in the fungus Magnaporthe oryzae interacts with a Gαs subunit to regulate cAMP production
and pathogenicity [37]. In platelets, Gαs activation and subsequent cAMP production are coupled to
binding of PGI2 to its G protein-coupled receptor. Although Coro1 is able to co-immunoprecipitate
Gαs in platelets [6], absence of Coro1 does not appear to be detrimental to the production of cAMP,
as demonstrated by the ability of Coro1 deficient platelets to phosphorylate VASP and block the effects
of thrombin stimulation when exposed to PGI2. The role of Coro1 in cAMP regulation is, however,
complex. In T cells depletion of Coro1 results in reduced production of cAMP, however, cAMP levels
are increased due to a compensatory decrease in phosphodiesterase 4 (PDE4) levels [29]. Further
research would be needed to clarify whether Coro1 regulates the cAMP pathway in platelets and,
if so, through which molecular mechanisms. PDE4 is absent [38] but CDK5 is present both in human
and mouse platelets [25,39], although the role of the latter in platelets has not been addressed so far.
In addition, we have reported the presence of Coro2 and Coro3 in immunocomplexes with Gαs [6],
suggesting that these two class I coronins may compensate for the absence of Coro1 for regulation of
the cAMP pathway. Functional compensation by other class I coronins might also explain the retained
ability of the Arp2/3 complex to accumulate at the cell cortex and enable the formation of lamellipodia
and consequently spreading. We have shown that Coro2 and 3 can be found in immunocomplexes
with ARPC2 and accumulate at the cell cortex of spread platelets [6].

In summary, we propose that class I coronins display a large extent of functional overlap in
platelets. This would explain the absence of a strong phenotype in most platelet functional assays
while aspects like integrin β2 translocation reported by us and the formation of F-actin and cofilin
dephosphorylation in response to agonists reported by others [20] are specifically or more strongly
dependent on Coro1 function. This is not uncommon among components of the actin cytoskeleton,
where examples abound [30]. Thus, disruption of the Arp2/3 complex regulators cortactin and its
homolog HS1 does not cause any noticeable alteration in platelet function, indicating that their roles
might be fulfilled by other proteins [40]. Similarly, disruption of the formin mDia results in no major
platelet phenotype, pointing at functional compensation by other formins present in platelets [41].
Future studies toward the elucidation of coronin function in platelets will, therefore, require the
generation of mouse models lacking two or three class I coronins in order to arrive at a complete
picture of the shared and unique roles of these proteins.
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4. Materials and Methods

4.1. Reagents

Primary antibodies against following proteins were used: Coro1 (ab56820 and ab72212),
β-actin (ab20272) from Abcam (Cambridge, UK); Coro3 (K6-444 hybridoma supernatant) [42];
β3-integrin (HC93 sc-14009) and Gαs (sc-823) from Santa Cruz Biotechnology (Heidelberg, Germany);
phosphor-VASP(Ser157) (#3111) from Cell Signaling Technology (Leiden, The Netherlands); GAPDH
(6C5-CB1001) from Calbiochem/Merck (Watford, UK); p34-Arc/ARPC2 (07-227) from Millipore/Merck.
Secondary antibodies Alexa Fluor 568-conjugated anti-rat or anti-rabbit immunoglobulins (Molecular
Probes, Thermo Fisher Scientific, Altrincham, UK) were used for immunofluorescence. IRDye 680
or IRDye 800 anti-mouse and anti-rabbit immunoglobulins (LI-COR Biosciences, Lincoln, NE, USA)
were used for Western blot. Human fibrinogen was from Enzyme Research (Swansea, UK), collagen
(Kollagenreagens Horm) was from Takeda (Osaka, Japan), and PGI2 was from Cayman Chemical
(Ann Arbor, MI, USA). Phosflow Lyse/Fix Buffer and P-selectin were from BD Biosciences (Oxford,
UK). Gly-Phe-Hyp-Gly-Glu-Arg (GFOGER) and collagen-related peptide (CRP) were from Cambridge
University (Cambridge, UK). U46619 was from Enzo (Exeter, UK). CK666 was from Tocris Bioscience
(Abingdon, UK). Thrombin, ADP and FITC, or TRITC-conjugated phalloidin were from Merck (Dorset,
UK). Other reagents were from Merck unless otherwise indicated.

4.2. Experimental Animals

C57Bl/6 mice with a homozygous targeting of the Coro1a gene have been previously described [15]
and are available from The Jackson Laboratory (JAX stock no. 030203). The animals were kept in the
animal facility of the University of Hull using standard conditions. All animal work was performed in
accordance with UK Home Office regulations, UK Animals (Scientific Procedures) Act of 1986, under the
Home Office project license no. PPL 70/8253 (2 January 2015). Age-matched WT littermates were used
as controls in all experiments. Twelve to twenty-week-old animals were used for experiments.

4.3. Mouse Platelet Preparation

Blood was taken by cardiac puncture into acid citrate dextrose (ACD) (29.9 mM trisodium citrate,
113.8 mM glucose, 72.6 mM NaCl, and 2.9 mM citric acid, pH 6.4) or sodium citrate (109 mM tri-sodium
citrate pH 7.4) and centrifuged at 100× g for 5 min. The platelet-rich plasma (PRP) was collected
in a separate tube, modified Tyrode’s buffer was added to the pellet, and the procedure repeated to
increase the platelet yield. For washed platelet preparation, the PRP was pelleted at 800× g for 6 min
and platelets resuspended in modified Tyrode’s buffer and allowed to rest for 30 min at 37 ◦C prior
to experiments.

4.4. Western Blot

Lysates were prepared from washed platelet suspensions by mixing with one volume of 2×
Laemmli buffer. Proteins were resolved by SDS-polyacrylamide gel electrophoresis (PAGE) and blotted
onto polyvinylidene difluoride (PVDF) membrane. The membrane was incubated with the relevant
primary antibody and the corresponding fluorochrome-labeled secondary antibody and visualized
and quantified with an LI-COR Odyssey CLx Imaging System (LI-COR Biosciences).

4.5. Flow Cytometry

PRP was prepared in sodium citrate and stimulated with thrombin (in the presence of
10 μM Gly-Pro-Arg-Pro-NH2), CRP, ADP, or U46619 for 20 min at 37 ◦C in the presence of
FITC-conjugated anti-P-selectin (BD Biosciences), PE-conjugated JON/A (Emfret, Würzburg, Germany)
and APC/Cy7-conjugated anti-CD63 (Biolegend) antibodies. Platelets were subsequently fixed and
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analyzed by fluorescence-activated cell sorting (FACS) using an LSRFortessa cell analyzer (BD
Biosciences) and FlowJo software.

For receptor expression studies, PRP was incubated with FITC-conjugated antibodies directed
against surface membrane glycoproteins GP1b (CD42b), GPVI, integrin α2 (CD49b) (Emfret, Eibelstadt,
Germany), integrin αIIb (CD41) (BD Biosciences, Oxford, UK), or PE-conjugated antibodies against
integrin β2 (CD18) (Biolegend). Receptor expression was also studied upon stimulation with 0.1 U/mL
thrombin for 20 min at 37 ◦C in the presence of 10μM Gly-Pro-Arg-Pro-NH2. Platelets were subsequently
analyzed by FACS.

4.6. Aggregation, Spreading, and Immunostaining

Platelet aggregation in response to agonists was recorded in washed platelets under constant
stirring conditions (1000 rpm) for 7 min at 37 ◦C using light transmission aggregometry with
a CHRONO-LOG 490 aggregometer (CHRONO-LOG, Havertown, PA, USA). Washed platelets in
suspension were fixed with an equal volume of ice-cold 4% paraformaldehyde (PFA) and spun at
350× g for 10 min on poly-l-lysine (0.01% in PBS) coated coverslips. Platelets were stained for 1 h at
room temperature with the indicated primary antibodies followed by the corresponding secondary
antibodies and fluorescently labeled phalloidin diluted in PBG (0.5% bovine serum albumin (BSA),
0.05% fish gelatin in PBS). For adhesion studies, coverslips were coated overnight at 4 ◦C with
fibrinogen, collagen, CRP, or GFOGER in PBS at the concentrations indicated and blocked with
5 mg/mL heat-denatured fatty acid free BSA for 1 h before the experiment. For adhesion on native
BSA, coverslips were coated overnight at 4 ◦C with 5 mg/mL fatty acid free BSA in 0.05 M sodium
bicarbonate buffer pH 9 [27]. Washed platelets were allowed to spread for 45 min at 37 ◦C, fixed with
4% PFA for 10 min, permeabilized with 0.3% Triton X-100 for 5 min, and stained as described above for
platelets in suspension. Platelets were imaged by fluorescence microscopy using a Zeiss ApoTome.2
equipped with an AxioCam 506 and Zeiss Plan-Apochromat 63× and 100× NA 1.4 objectives. Platelets
were manually counted, and the surface coverage area was analyzed by thresholding using ImageJ.

4.7. Tail Bleeding Assay

Mice were anesthetized with 50 mg/kg ketamine and 1 mg/kg medetomidine. The tail was cut off
at 2 mm from the tip and immediately immersed in 37 ◦C PBS. Bleeding time between the cut and
cessation of bleeding for at least one minute was monitored by visual inspection until hemostasis for
up to 10 min.

4.8. Statistical Analysis

Experimental data were analyzed by GraphPad Prism v6.0 (La Jolla, CA, USA). Data are presented
as mean ± standard error of the mean (SEM) of at least 4 independent experiments. Normality was
assessed by the Shapiro–Wilk test. Differences between groups were assessed using the appropriate
parametric or nonparametric test and statistical significance was taken at p ≤ 0.05.

Supplementary Materials: The following are available online at http://www.mdpi.com/1422-0067/21/1/356/s1,
Figure S1: Full length blots corresponding to Figure 1A; Figure S2: Full length blots corresponding to Figure 7A.
The fourth lane of each genotype corresponds to an experimental condition not included in the article.
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ACD acid citrate dextrose
ADP adenosine diphosphate
ARPC2 p34-Arc, component of the Arp2/3 complex
BSA bovine serum albumin
cAMP cyclic adenosine monophosphate
CDK5 cyclin-dependent kinase 5
CDx cluster of differentiation x
CRP collagen related peptide
FACS fluorescence-activated cell sorting
FITC fluorescein isothiocyanate
GEFOGER Gly-Phe-Hyp-Gly-Glu-Arg
ICAM-1 intercellular adhesion molecule 1
KO knockout
LFA-1 lymphocyte function-associated antigen 1
PAGE polyacrylamide gel electrophoresis
PBS phosphate buffered saline
PDE4 phosphodiesterase 4
PFA paraformaldehyde
PGI2 prostacyclin
PRP platelet-rich plasma
SEM standard error of the mean
TNF tumor necrosis factor
TRITC tetramethylrhodamine isothiocyanate
VASP vasodilator-stimulated phosphoprotein
WT wild type
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Abstract: The small GTPase ADP-ribosylation factor 6 (Arf6) anchors at the plasma membrane to
orchestrate key functions, such as membrane trafficking and regulating cortical actin cytoskeleton
rearrangement. A number of studies have identified key players that interact with Arf6 to regulate
actin dynamics in diverse cell processes, yet it is still unknown whether Arf6 can directly signal to the
wave regulatory complex to mediate actin assembly. By reconstituting actin dynamics on supported
lipid bilayers, we found that Arf6 in co-ordination with Rac1(Ras-related C3 botulinum toxin substrate
1) can directly trigger actin polymerization by recruiting wave regulatory complex components.
Interestingly, we demonstrated that Arf6 triggers actin assembly at the membrane directly without
recruiting the Arf guanine nucleotide exchange factor (GEF) ARNO (ARF nucleotide-binding site
opener), which is able to activate Arf1 to enable WRC-dependent actin assembly. Furthermore,
using labelled E. coli, we demonstrated that actin assembly by Arf6 also contributes towards efficient
phagocytosis in THP-1 macrophages. Taken together, this study reveals a mechanism for Arf6-driven
actin polymerization.

Keywords: Arf GTPases; actin cytoskeleton; wave regulatory complex; phagocytosis; macrophages;
host–pathogen interplay

1. Introduction

The ADP-ribosylation factor (Arf) protein family is involved in a plethora of cellular
functions, including endocytosis, vesicle trafficking, phagocytosis, and cytoskeleton remodeling [1].
The involvement of Arf GTPases in a wide array of cellular functions is partly attributed to their
diverse localization within the cell. For instance, Arfs from class I (Arf1 and 3) and class II (Arf4 and 5)
are predominantly localized around the Golgi apparatus and hence play a key role in vesicle, lipid,
and organelle trafficking [2]. On the other hand, the only class III Arf (Arf6) is found exclusively
at the plasma membrane and on incoming endosomes/macropinosomes and plays a vital role in
endocytosis, exocytosis, receptor, and endosome recycling to the cell surface and has a clear role in
cortical cytoskeleton rearrangement [3,4].

Like other GTPases, Arf GTPases are also under tight spatial and temporal regulation by their
guanine nucleotide-exchange factors (GEFs) and GTPase-activating proteins (GAPs), which catalyze
GTP binding and hydrolysis, respectively [5]. Arf GTPases can also coordinate with other GTPases,
such as Rho and Rab, to further orchestrate precise functions within the cell [6,7].

Among the various tasks performed by Arf GTPases, we are interested in understanding how
Arf GTPases regulate the actin cytoskeleton at the plasma membrane. Previously, we established that
Rac1 co-ordinates with Arf1 at the plasma membrane to regulate actin rearrangement via the direct
recruitment of the wave regulatory complex (WRC) [8] and this drives the formation of lamellipodia
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in cells [9,10]. The cooperative recruitment and activation of WRC at the membrane is not restricted
to Arf1, as the related Arf5, and Arl1, a distant member of the Arf GTPase family, could also achieve
similar activity. Furthermore, in contrast to other Arf family members, which directly bind and
activate the WRC, Arf6 signaled to WRC indirectly by recruiting the Arf1 GEF ARNO to the plasma
membrane [11–13]. Since Arf6 is implicated in numerous actin remodeling processes, we sought to find
out whether Arf6 exclusively operates via this ARF1/ARNO pathway, or whether it can also directly
activate WRC signaling.

2. Results

2.1. Constitutively Active Arf6 and Rac1 Cooperate in Triggering Actin Assembly In Vitro

In order to examine whether Arf6 could trigger actin assembly independently of ARNO, we
looked at the ability of a constitutively active mutant of Arf6, i.e., Arf6Q67L, hereafter “Arf6QL”,
to drive the formation of actin comets in porcine brain extract, as previously described [12–14]. We
used porcine brain extract as we have shown previously that it lacks any detectable members of
the ARNO family [12]. For this purpose, Arf6QL and Arf1QL, both alone and in combination with
Rac1QL, were anchored to silica beads coated with a phospholipid bilayer composed of equal amounts
of phosphatidylinositol and phosphatidylcholine (PC:PI). Control PC:PI lipid bilayers containing
only Arf6QL, Arf1QL, or Rac1QL alone did not induce actin comet tail formation (Figure 1A,B).
However, bilayers containing a combination of Arf6QL and Rac1QL were able to drive actin motility
by forming actin comets similar to those achieved by Arf1QL and Rac1QL (Figure 1C). Inhibition of
N-WASP-dependent activity by the addition of purified N-WASP ΔVCA had no effect on Arf6-driven
actin assembly (Figure 1D), but actin motility was abolished by the addition of the Rac1 inhibitor EHT
1864, indicating that actin motility is Rac1 dependent (Figure 1D).

Rac1 is known to function upstream of WRC, but as we have previously shown [8], this requires a
cooperating Arf GTPase. We therefore next sought to address whether Arf6 can cooperate with Rac1 to
recruit WRC to the membrane. The anchored bilayers were incubated in porcine brain extract and
the recruited proteins were subsequently analyzed by Coomassie Blue-stained SDS-PAGE, with their
recruitment subsequently confirmed using immuno-blotting with the specific antibodies. As previously
found [8], Rac1QL alone could not recruit any WRC components (Figure S1). However, as seen in
Figure 2A,B, lipid bilayers containing both Arf6QL and Rac1QL recruited WRC components Cyfip,
Nap1, WAVE1, and Abi1 similarly to Arf1QL:Rac1QL-containing bilayers. Densitometric quantification
further revealed that Arf6QL:Rac1QL lipid bilayers had recruited approximately 50% less Cyfip, Nap1,
and Wave than Arf1QL:Rac1QL bilayers (Figure 2C). Arf6 (WT) or a combination of Arf6WT: Rac1QL
on PCPI monolayers failed to recruit WRC as shown in Figure S1. These differences in the WRC
component recruitment are not due differences in the concentration of the GTPases present on the
bilayers (Figure 2D). No recruited Arf1 was detected on theArf6QL:Rac1QL bilayers (using an antibody
previously shown to detect porcine Arf1 [13]), suggesting that the WRC recruitment to these beads
was achieved independently of Arf1. Taken together, these in vitro results suggest that Arf6 can recruit
WRC independently of the ARNO-Arf1 signaling pathway. Lipid bilayers containing Arf6QL alone
(control) did not recruit any detectable WRC components, thus this recruitment of WRC by Arf6
requires cooperation with Rac1.
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Figure 1. Fluorescence microscopy of rhodamine-actin assembly on the control, Arf6QL (A), Arf1QL,
or Rac1QL (B) anchored PCPI membrane platforms in extract. (C) Fluorescence microscopy of
rhodamine-actin assembly on Arf6QL:Rac1QL or Arf1QL:Rac1QL anchored PCPI membrane platforms
in extract. (D) Rhodamine-actin assembly on Arf6QL: Rac1QL anchored PCPI membrane platforms in
extract containing an inhibitor of Rac1 (EHT 1864) or N-WASP (n-waspΔvca) (scale bars: 10 μm).
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Figure 2. Coomassie blue staining depicting recruited protein from porcine brain extract on
control (-), Arf6QL, Arf6QL; Rac1QL and Arf1QL; and Rac1QL anchored PCPI lipid bilayers (A).
(B) Immunoblotting of samples from (A) with indicated antibodies. (C) Densitometric quantification of
the wave-regulatory complex component bands recruited on Arf6QL; Rac1QL and Arf1QL; and Rac1QL
anchored PCPI lipid bilayers as described in (A). (D) Coomassie blue staining depicting recruited
proteins before and after incubating the Arf6QL; Rac1QL and Arf1QL; Rac1QL anchored PCPI lipid
bilayers in brain extract. *** p < 0.001 (one-way ANOVA followed by a post hoc Dunnett comparison)
relative to the control.

2.2. Arf6 Regulates Phagocytosis in Differentiated THP-1 Human Macrophages

Various cellular functions are controlled by Arf family proteins, for example, they play a vital
role in innate immunity by regulating phagocytosis. Both Arf1 and Arf6 are recognized as regulators
of phagocytosis [15,16]. Previously, a number of studies [17–19] have indicated the involvement of
both Arf6 and Arf1 in controlling phagocytosis by regulating actin assembly. Furthermore, we have
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previously shown [20] that Arf1 achieves this by directly mediating WRC actin polymerization, which
was crucial for the phagocytosis of pathogenic E. coli. Thus, we next examined whether the Arf6- and
Rac1-dependent WRC recruitment had any effect on phagocytosis.

For this purpose, we depleted Arf1, Arf6, or control ArpC4 (Arp2/3 component) in PMA
differentiated THP-1 human macrophages using siRNA and measured the percentage of internalized
phRodo-labelled E. coli. As shown in Figure 3A,B, the percentage of internalized bacteria decreased
significantly (80%) in control ArpC4-depleted cells. The Arf1-depleted THP-1 macrophages had 45%
less internalized bacteria, whereas Arf6 knockdown cells exhibited 65% less internalized bacteria.
As Arf6 knockdown had a small, though significant, additional effect on the phagocytosis of labelled
E. coli compared to Arf1 knockdown, this suggests that the role of Arf6 in promoting actin assembly is
not simply to activate Arf1, and that parallel direct recruitment of WRC by Arf6 may also be important.
Arf6 knockdown presumably inhibits both of these pathways. Consistent with this, Arf1 and Arf6
double knockdown exhibited phagocytosis comparable to Arf6 knockdown alone (Figure 3B and
Figure S2A). The level of phagocytosis in Arf1–Arf6 double knockdown cells was comparable to that
in Hem1 knockdown cells (Figure 3D), suggesting that the two Arf pathways are the major activators
of WRC. As phagocytosis was reduced further in ArpC4 knockdown cells (Figure 3B), there must also
be additional pathways operating to activate Arp2/3 independently of WRC.

It is reported that Arf3 can compensate for the loss of Arf1 [21,22] in regulating actin cytoskeleton
dynamics. Hence, we decided to knockdown both Arf3 and Arf1 and then measure the phagocytosis
of labelled E. coli. As shown in Figure 3C,D, the loss of Arf3 does not appear to further reduce
phagocytosis, again suggesting that Arf6 is directly regulating actin assembly without the need for
Arf1 or Arf3.

GEFs play an imperative role in activating small GTPases by stimulating GDP dissociation, which
allows GTP binding. ARNO is reported to function as a GEF for both Arf1 and to a lesser extent
Arf6 [23,24]; importantly, Arf6 activation can signal to Arf1 via recruiting and activating ARNO.
Once activated, both Arf1 and Arf6 are capable of recruiting and activating more ARNO, leading to
further activation of Arf1. We next examined whether the lower levels of phagocytosis observed in
Arf6-depleted cells compared to Arf1 + Arf3-depleted cells were due to there being an Arf6-dependent
but Arf1/3 + ARNO-independent mechanism.

For this purpose, the ARNO inhibitor SecinH3 was added to control, Arf1-depleted, or
Arf6-depleted THP-1 differentiated cells and the ability to phagocytose labeled bacteria was assessed.
As shown in Figure 3C,D, ARNO inhibition in control cells resulted in a decrease in phagocytosis
similar to that observed upon Arf1 knockdown (Figure 3B). Furthermore, the depletion of Arf1 in
SecinH3-treated cells had no significant additional effect to that of cells treated with SecinH3 alone,
suggesting that both Arno and Arf1 drive phagocytosis via the same pathway. However, the depletion
of Arf6 in SecinH3-treated cells resulted in a further 18% drop in phagocytosis, suggesting that
Arf6 can also regulate phagocytosis independently of ARNO. To confirm whether this significant
ARNO-independent activity of Arf6 was WRC dependent, we depleted Hem-1 (Nap1 equivalent in
macrophages) in THP-1 cells. The Hem-1 knockdown resulted in levels of phagocytosis similar to those
observed in Arf6-depleted cells (Figure 3B,D). Taken together, these results, and those above, indicate
that Arf6 can signal to the actin cytoskeleton via the recruitment of WRC to regulate phagocytosis
independently of ARNO and Arf1.
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Figure 3. (A) Microscopy images depicting phagocytosis of labelled E. coli particles by PMA
differentiated THP-1 macrophages (control) or upon silencing ArcC4, Arf1, Arf3, Arf1& Arf3, or
Arf6 using siRNA. Internalized bacteria are shown in red while actin is stained using phalloidin (green).
(B) Quantification of the phagocytosed E. coli by THP-1 macrophages as described in (A). Phagocytosis
of phRodo-conjugated E. coli particles in THP-1 macrophages (control) or upon using actin inhibitor
(CytoD), Arno inhibitor (SecinH3), or silencing of Arf1 or Arf6 in Arno-inhibited cells. Scale bar 10 μm
(D). Represents quantification of the percentage of internalized bacteria under conditions as described
for (C). (E) Immunoblot confirming the silencing of the mentioned proteins using SiRNA. Each bar
represents the average of results from 3 separate experiments, and error bars represent SD, *** p < 0.001;
** p < 0.01; * p< 0.05; ns, not significant (one-way ANOVA followed by a post hoc Dunnett comparison)
relative to the equivalent strain on WT THP-1 control cells. Lines indicate significance between pairs of
conditions determined by Student’s t test.
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2.3. Arf6-Mediated Internalization of Salmonella is ARNO Dependent

To further confirm this, we examined Salmonella invasion in WT Hap, ΔArf6, and ΔNap1 Hap
cells. Salmonella is a Gram-negative pathogen that uses its type-3 secretion system to force its entry
into non-phagocytic cells by generating membrane ruffles that lead to macropinosome formation [25].
In order to generate these ruffles, Salmonella exploits WRC-mediated actin assembly. Salmonella activates
Arf6 using host GEFs [12] and also generates PI(3,4,5)P3 in the plasma membrane. This leads to the
activation of ARNO, which results in recruitment of Arf1 at the plasma membrane. Activated Arf1 and
Rac1 can then trigger WRC-dependent membrane ruffles, leading to the internalization of Salmonella
into the host cell.

We endeavored to use this system to examine whether the ARNO-independent ability of Arf6 to
drive WRC-mediated actin polymerization also contributes to Salmonella’s invasion of non-phagocytic
cells. Previously, all the work demonstrating the significance of Arf6 [12,13] in Salmonella invasion was
based on siRNA-mediated silencing and drug-mediated inhibition.

To more efficiently assess the role of Arf6, here, we used WT, ΔArf6, and ΔNap1 Hap1 cells, and
performed a gentamycin protection assay measuring invasion at different times post infection (see
methods). As can be seen in Figure 4A, in WT cells, the number of intracellular bacteria continued
to increase until 60 min post-invasion. In both ΔArf6 and ΔNap1 cells, at all time points, there were
significantly less internalized bacteria. Importantly, the inhibition of ARNO in WT cells impeded ı̄
invasion to a similar level as that observed for Δ Arf6 cells. Subsequently, inhibiting ARNO (with
secinH3) or Rac1 (using EHT 1864) did not further impede Salmonella invasion in ΔArf6 or ΔNap1 cells
(Figure 4B), suggesting that in Salmonella entry, Arf6 acts exclusively via ARNO, signaling to WRC by
recruiting ARf1 and that the Arf1/ARNO-independent pathway described above has a very small role
in Salmonella’s invasion.

Figure 4. (A) Time course of Salmonella invasion in WT Haps, ΔArf6 (blue), or ΔNap1 (green) Hap
cells with Salmonella bacteria carrying pM975 that express GFP inside pathogen-containing vacuoles.
(B) Salmonella invasion in WT Haps, ΔArf6 Hap cells, or ΔNap1 Hap cells treated with Arno inhibitor
(SecinH3) or Rac1 inhibitor (EHT 1864) after infecting Salmonella for 15 min. Each bar represents the
average of the results from 3 separate experiments, and error bars represent SD. ** p < 0.01 (one-way
ANOVA followed by a post hoc Dunnett comparison) relative to the control.

3. Discussion

Arf6 is the most predominant member of the Arf GTPase family that is extensively present at the
plasma membrane. The role of Arf6 has long been established in regulating the actin cytoskeleton at the
plasma membrane [26]. However, the molecular mechanism of how Arf6 directs actin polymerization
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is less well understood, majorly due to its diverse activities. Previously, our work has established
that activation of Arf6, via receptor signaling, such as during EGF stimulation or indirectly by lipid
modification by Salmonella, brings about actin polymerization at the leading edge of the cell by
activating the Arf1 GEF ARNO. ARNO, upon activation, recruits Arf1 to the membrane, which can
then co-ordinate with Rac1 to mediate actin polymerization via recruitment and activation of the WRC.

Here, by reconstituting actin assembly on lipid bilayers, we uncovered a potential direct role of
Arf6 and demonstrated that it can assemble actin via the WRC, independently of ARNO. However,
Arf6 has a poorer ability to drive WRC recruitment when compared to Arf1, as evident from the
densitometric quantification of the recruited WRC components (Figure 2C). Hence, it is likely that
Arf6 drives low levels of WRC activation, perhaps imitating the conditions in a resting unstimulated
cell that would exhibit low-level actin remodeling for generic processes. When the cell is under an
external stimulus, such as EGF, which results in acute PIP3 generation or during Salmonella entry [12,13],
it switches to a more specific, stronger, short, and efficient means to bring about actin remodeling
governed by Arf1 (Figure 5).

 
Figure 5. Schematic representation describing signaling to actin cytoskeleton by Arf6 GTPase. When
the cell is in a resting state, Arf6 can mediate actin cytoskeleton rearrangement (via the wave regulatory
complex) in co-operation with Rac1 to facilitate generic processes. This actin assembly is independent of
ARNO and Arf1 interaction. On the contrary, when the cell is under an external stimulus, such as EGF,
which results in acute PIP3 generation or during Salmonella entry, it switches to a more specific, stronger,
short, and efficient means to bring about actin remodeling governed by ARNO/Arf1 recruitment, as
described previously [12,13].

Both Arf1 and Arf6 are known for their role in phagocytosis [27,28]. Our results further illustrate
that Arf6 by itself can contribute to phagocytosis by triggering WRC-mediated actin assembly without
the involvement of Arf1/ARNO. Our results further provide a plausible explanation for the unexplained
activation and localization of Arf6 at the tips of the pseudopods as previously reported by numerous
studies [27–29]. Furthermore, these results are consistent with the reported role for Arf6 in Rac1
activation and lamellipodia formation [11,29].

Many pathogens have developed strategies to target Arf6 in order to facilitate their
internationalization [1]. Whilst Arf6 can drive WRC activation independently of Arf1/ARNO
as observed in vitro, the large reorganizations driven by Salmonella may well make use of the
Arf6→ARNO→Arf1 pathway, which itself is amplified by positive feedback (as Arf1 can then recruit
more ARNO), leading to a huge increase in WRC recruitment and activation required for this
process [12,13]. The relatively low concentrated and scattered Arf6 in the cell alone is not sufficient, but
the combination of Arf6 and PIP3 generation recruits ARNO, which activates Arf1, which in turn can
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recruit and activate more Arf1 at the plasma membrane [13]. This in turn results in far more efficient
WRC recruitment and actin polymerization than that achieved by Arf6 alone. In a resting cell, Arf6
alone should not activate WRC unnecessarily, the requirement for a second downstream protein (Arf1
is required for acute short-lived but dramatic levels of actin turnover, driven by external stimuli, such
as the enormous membrane ruffles generated by Salmonella during its invasion or when the cells are
stimulated with epidermal growth factor (EGF)).

Our previous study [12] did not identify a direct role for Arf6 in actin remodeling, but it is worth
noting that Arf6 loaded with the non-hydrolysable GTP analogue GTPγS was used to mimic active
Arf6. In our original study, the loading of Arf6 with GTPγS was not quantified and thus may have
been incomplete. In addition, the usage of GTPγS may not accurately recreate how Arf6 functions in
a cell. The use of non-hydrolysable GTP analogues is reported to affect the activation state of other
cellular proteins [30] and also GTPγS may not truly mimic the GTP-bound conformation of GTPase [31].
However, with the use of the constitutively active Arf6QL, we were able to uncover a potential direct
role for Arf6 in regulating the actin cytoskeleton via the scar wave complex.

Unlike other Arfs, it seemed peculiar that Arf6 uniquely could not drive WRC activation; however,
with better tools, we have now unraveled that Arf6 is directly capable of triggering actin polymerization
independent of ARNO. Consistently, this ARNO-independent pathway of remodeling actin by Arf6 is
distinct and may be utilized by the cell for more generic processes. Nonetheless, this study adds a new
aspect of WRC control by defining how the Arf6 network further provides specificity in the regulation
of WRC and highlights the elaborate spatiotemporal small GTPase control mechanisms that underlie
actin polymerization specifically at the membrane.

4. Materials and Methods

4.1. Bacterial Strains

Salmonella SL1344 (gift from Jean Guard-Petter, Department of Agriculture, Athens, GA).

4.2. Antibodies

The following antibodies were purchased from Abcam (Rac1, ab33186; Arf6, ab81650; Arf1,
ab58578; ArpC4, ab and tubulin, ab7291),Sigma (Abi1, A5106; actin, A2066; Cyfip, P0092; and Nap1,
N3788) or were raised against recombinant peptides in rabbits by Diagnostics Scotland (WAVE1; amino
acids 180–241).

4.3. Plasmids

The following plasmids were generated by Invitrogen Gateway methodology: pET20b-Arf6
encoding the Arf family N-myristoyltransferase site as previously described for Arf1, pET20b-Arf1,
pET15b-Rac1 [8]. pM975-GFP from Wolf-Dietrich Hardt (EidgenössicheTechnische Hochschule, Zurich).
GST- and His-tagged proteins were expressed in Escherichia coli Rosetta (Novagen, Merckmillipore,
UK) at 18 ◦C overnight before affinity purification [12].

4.4. Cell Culture and Transfection

The human monocyte-like cell line THP1s (kind gift from Prof. Gordon Dougan) were cultured (37
◦C 5% CO2) in RPMI-1640 supplemented with 10% heat-inactivated fetal calf serum (FCS), 200mg/mL–1
streptomycin, and 100 U mL–1penicillin. THP1s were differentiated into mature macrophage-like cells
by stimulation with 100 ng/mL Phorbol 12-myristate 13-acae-tate (PMA) for 2 days and then cultured
for an additional day without PMA before phagocytosis assays.

For RNAi, siRNA from Qiagen against Arf1 (Hs_Arf1_1 sequence ACGTGGAAACCGTGGA
GTACA, Hs_ARF1_11 sequence AGGGAAGACCACGATCCTCTA), Arf3 (Hs_ARF3_3 sequence
CAGGGCTGACTGGGTATTCTA, Hs_ARF3_5 sequence CACCTATATGACCAATCCCTA); ARF6
(Hs_ARF6_5 sequence CAACGTGGAGACGGTGACTTA, Hs_ARF6_7 sequence AAGACCAGTATAG
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TAAACTTA); ArpC4 (Hs_ARPC4_1 sequence CTGATAGGACCTTGATATATA, Hs_ARPC4_6 sequence
CAGCATTAAAGCTGGCGCTTA); Hem1 (Hs_HEM1_1 sequence CAGGCATATACTAGTGTCTCA,
Hs_HEM1_2 sequence TTCACTGAGATTATTCCTATA), or All Stars negative control siRNA (Qiagen)
were combined for each individual gene (unless otherwise stated), and were introduced into
differentiated THP1 cells with Oligofectamine transfection reagent (Invitrogen) according to the
manufacturer’s instructions. The transfection mixture was replaced after 24 h with complete growth
medium and cells cultured for an additional day before phagocytosis assay.

WT Hap1 (C631) and verified-knockout ΔArf6 (HZGHC003403c006), ΔNap1 (HZGHC003401c004)
cell lines were purchased from Horizon Discovery. Hap1 cells were maintained in Iscove’s modified
Dulbecco’s medium (IMDM) supplemented with 10% FBS and 100 U/mL penicillin-streptomycin.

4.5. Salmonella Invasion of Non-Phagocytic Host Cells

Wild-type Salmonella enterica serovar Typhimurium SL1344 were used to assay the invasion into
non-phagocytic cells as previously described [12,13]. Salmonella encoding pM975 that expresses GFP
via the SPI2 promoter when bacteria are within Salmonella-containing vacuoles (SCVs) [32] were used to
infect WT HAP, Arf6, and Nap1 knockout cells (15 min unless otherwise stated), and then the number
of fluorescent bacteria were counted per cell using fluorescence microscopy. When appropriate, WT
HAP cells were pre-treated with the following small molecular inhibitors for 30 min prior to Salmonella
infection, 10 μM EHT 1864 (Rac1), 5 μM CytoD (actin), and 25 μM SecinH3 (ARNO).

4.6. Phagocytosis Assay

Differentiated Human THP-1 cells were incubated at 37 ◦C with pHrodo E. coli bioparticles
(ThermoFisher Scientific, P35361) for 60 min as per the manufacturer’s instructions, followed by fixing
the cell using 4% paraformaldehyde (PFA) and actin was stained using AlexaFlour-488 phalloidin.
Wherever indicated, cytochalasin (CytoD) or SecinH3 were added to the THP-1 cells 30 min prior to
incubating the cells with pHrodo E. coli bioparticles. The amount of phagocytosis was assessed by
counting the internalized bacteria (red) in a minimum of 50 cells per condition.

4.7. Actin-Based Motility and In Vitro Pull Downs

A 60-μL motility-mix (extract) was prepared on ice in the following order: 40 μL brain extract, 3 μL
20× energy mix (300 mM creatine phosphate, 40 mM MgCl2, 40 mM ATP), 3 μL G-actin/rhodamine actin,
6 μL 10× salt buffer (600 mM KCL, 200 mM 3-phosphoglycerate), 6 μL 50 mM BAPTA (Merck) and 1 μL
300 mM DTT (Merck), and, when appropriate, 1 μL 30 mM GTPγS (Roche). Actin-dependent motility
assays were initiated by adding 0.1 vol phospholipids-coated beads to 10 μL motility mix, then 1μL was
applied to a microscope slide and sealed under a glass coverslip with Vaseline:lanolin:paraffin (1:1:1),
before viewing immediately under a fluorescence microscope (Leica DM IRBE) at Room Temperature.
Digital images were captured (CCD camera, Hamamatsu) and analyzed (Volocity, Improvision), then
figures assembled using Adobe Photoshop and Illustrator CS3.

The preparation of porcine brain extracts was as previously described [8,14]. Briefly, 40 fresh
porcine brains were homogenized by 3 × 30 sec bursts of a Waring blender at 4 ◦C in an equal volume
of extraction buffer (20 mM Hepes pH 7.4, 100 mM KCl 5 mM MgCl2, 0.5 mM EDTA, 1 mM EGTA
with 0.5 mM ATP, 0.1 mM GTP, 1 mM DTT) supplemented with 10 μg/mL leupeptin, 10 μg/mL
pepstatin, 10 μg/mL chymostatin, and Complete EDTA-free protease inhibitors (Roche). Homogenate
was centrifuged (8000× g, 30 min, 4 ◦C) and the supernatant filtered through cheesecloth. Filtrate was
clarified (12,000× g, 4 ◦C, 40 min), concentrated five-fold, and aliquots stored at −70 ◦C. Prior to use,
thawed brain extract was clarified (100,000× g, 15 min).

For pull-down experiments, silica microspheres were coated with a bilayer composed of equal
concentrations of phosphatidyl choline and phosphatidyl inositol (PC:PI). Indicated proteins (Arf6,
Arf1, and Rac1) were anchored to these bilayers by incubating 15 μL of lipid-coated microspheres in
500μL of HKS buffer containing approximately 20μM of the protein to be anchored at room temperature
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for 1 h. The PC:PI bilayers were then washed by repeated (5×) low-speed centrifugation (1000× g)
followed by resuspension in HKS buffer supplemented with 1 mM MgCl2 (HKSM). Micropsheres were
finally resuspended in 15 μL of HKSM, and incubated with clarified porcine brain extract for 15min at
room temperature. The bilayers were then washed 3 times with HKSM (as above), before the final
resuspension in SDS-Urea, and recruited proteins were analyzed by SDS-PAGE, and where indicated
by Western blotting.

4.8. Immunoblotting and Densitometric Quantification

Briefly, samples were run on a 4–12% Bis-Tris Protein Gel and then transferred to a nitrocellulose
membrane using the iBlot2 (ThermoScientific). The membrane was then blocked using the Odyssey
blocking buffer for 1 h and incubated overnight with primary antibody at 4 ◦C with rotation, washed
with PBST, incubated with secondary antibody, washed with PBST, and imaged. All images were
obtained using a LiCOR Odyssey imager and quantified with LiCOR software. For quantification,
an area was drawn around the band of interest and the respective fluorescence was recorded and
normalized to the fluorescence of the corresponding control band. Secondary antibodies were used at
1:5000 dilution and purchased from LiCOR Biosciences. The specific antibodies used were as follows:
IRDye® 800CW Goat anti Mouse IgG (925-32210), IRDye® 680LT Goat anti Mouse IgG (925-68020),
IRDye® 800CW Goat anti Rabbit IgG (925-32211), and IRDye® 680LT Goat anti Rabbit IgG (925-68021).

5. Conclusions

We have previously reported that Arf6 can promote actin assembly by triggering recruitment and
activation of ARNO, which in turn activates Arf1 to cooperate with Rac1 in activating WRC. Here, we
have shown that in addition to this indirect pathway, Arf6 is able to directly recruit and activate WRC.
This direct activity also requires cooperating Rac1, but is independent of the ARNO/Arf1 pathway.
Both Arf6 pathways operate in THP-1 macrophages to drive the actin rearrangements necessary for
phagocytosis. This work thus represents a new aspect of WRC control by a complex network of
cooperating GTPases.

Supplementary Materials: Supplementary materials can be found at http://www.mdpi.com/1422-0067/21/7/2457/
s1. Figure S1. Coomassie blue staining depicting recruited protein from porcine brain extract on control (-) and
Rac1QL anchored PCPI lipid bilayers(A). (B) Immunoblotting of samples from (A) with indicated antibodies. (C)
Coomassie blue staining depicting recruited protein from porcine brain extract on control Arf6WT (alone), and a
combination of Arf6WT; Rac1QL anchored PCPI lipid bilayers. (D) Immunoblotting of samples from (C) depicting
recruited proteins as indicated antibodies. Figure S2. (A) Microscopy images depicting phagocytosis of labelled E.
coli particles by PMA differentiated THP-1 macrophages (control) or upon silencing Arf1 + Arf6 using siRNA.
Internalized bacteria are shown in red while actin is stained using phalloidin (green). (B) Immunoblot confirming
the silencing of the mentioned proteins using SiRNA. (C) Summarized Densitometric quantification depicting the
efficiency of the silenced proteins as determined and normalized to control cell.
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CZ 128 44 Prague, Czech Republic; eva.slikova@natur.cuni.cz (E.K.); anezka.houskova@natur.cuni.cz (A.B.F.);
Lstillerova@seznam.cz (L.S.); prerostova@ueb.cas.cz (S.P.)
* Correspondence: fatima.cvrckova@natur.cuni.cz

Received: 2 December 2019; Accepted: 3 January 2020; Published: 5 January 2020

Abstract: Formins are evolutionarily conserved multi-domain proteins participating in the control of
both actin and microtubule dynamics. Angiosperm formins form two evolutionarily distinct families,
Class I and Class II, with class-specific domain layouts. The model plant Arabidopsis thaliana has
21 formin-encoding loci, including 10 Class II members. In this study, we analyze the subcellular
localization of two A. thaliana Class II formins exhibiting typical domain organization, the so far
uncharacterized formin AtFH13 (At5g58160) and its distant homolog AtFH14 (At1g31810), previously
reported to bind microtubules. Fluorescent protein-tagged full length formins and their individual
domains were transiently expressed in Nicotiana benthamiana leaves under the control of a constitutive
promoter and their subcellular localization (including co-localization with cytoskeletal structures and
the endoplasmic reticulum) was examined using confocal microscopy. While the two formins exhibit
distinct and only partially overlapping localization patterns, they both associate with microtubules via
the conserved formin homology 2 (FH2) domain and with the periphery of the endoplasmic reticulum,
at least in part via the N-terminal PTEN (Phosphatase and Tensin)-like domain. Surprisingly, FH2
domains of AtFH13 and AtFH14 can form heterodimers in the yeast two-hybrid assay—a first case of
potentially biologically relevant formin heterodimerization mediated solely by the FH2 domain.

Keywords: AtFH13; AtFH14; At5g58160; At1g31810; FH2 domain; class II formin; confocal laser
scanning microscopy; PTEN-like domain

1. Introduction

The eukaryotic cytoskeleton represents a dynamic network of protein filaments and tubules that
has been extensively studied in a variety of model systems. In addition to basic cellular functions,
including nuclear division, cytokinesis, organelle positioning, membrane trafficking and cell expansion,
the cytoskeleton plays an important role in processes such as polar cell growth, cell division plane
positioning, or cell to cell communication, which are essential for proper morphogenesis and thus the
development of multicellular bodies in both metazoans [1] and plants [2]. This dynamic network relies
on a large ensemble of cytoskeleton-associated proteins controlling organization, remodeling, and
crosstalk of cytoskeletal systems, as well as coordination of the cytoskeleton with cell membranes and
organelles. While the cellular structures and organismal body plans vary greatly among the eukaryotes,
many molecular and cellular mechanisms involving the two basic cytoskeletal systems—the actin
microfilaments and microtubules—are conserved among divergent groups such as, e.g., plants and
metazoans, which are connected only through the last eukaryotic common ancestor [3,4].

Formins, or FH2 proteins, members of an evolutionarily ancient and widely expressed family of
eukaryotic cytoskeletal organizers, are a prominent example of such conserved components of the
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cell’s morphogenetic machinery. They are generally characterized by the presence of the conserved
formin homology 2 (FH2) domain whose dimer can nucleate and cap actin filaments. In addition
to other variable regulatory domains, the FH2 domain is usually accompanied by the proline-rich
formin homology 1 (FH1) domain that can bind actin-profilin complexes, providing a substrate
for formin-driven assembly of unbranched actin filaments [5]. However, formins also associate
with microtubules via the FH2 domain or via other specialized domains, affecting microtubule
dynamics [6–9]. Thus, the physiological functions of formins related to morphogenesis, cell division,
cytokinesis, cell polarity, and cell to cell trafficking are likely to be tightly coupled with their roles in
cytoskeleton reorganization. All eukaryotic genomes examined, including fungi, metazoans, and plants,
encode numerous formin paralogs [10–12], most of them experimentally hitherto uncharacterized.
Formins are well established to form FH2 domain dimers [13], suggesting that heterodimerization
among formin paralogs might further contribute to their functional diversification. However, there is
so far very little evidence of formin heterodimerization, with the only documented cases involving
closely related metazoan formins [14–16].

The Arabidopsis thaliana genome harbors 21 formin-encoding loci that can be divided into two
phylogenetically distinct classes present in all angiosperms, referred to as Class I and Class II, based on
their sequence similarity and domain organization [11,17,18]. Most Class I formins contain a N-terminal
transmembrane domain that enables them to anchor cytoskeletal structures to membranes, while many
Class II formins contain a N-terminal PTEN (Phosphatase and Tensin)-like domain (homologous to
members of the widespread phosphatase and tensin homolog protein family) instead. The PTEN-like
domain was predicted to associate with membranes [18]. This has later been confirmed in the case
of the Physcomitrella patens For2A formin whose PTEN-like domain interacts with PI(3,5)P2; this
interaction is necessary for formin localization to the tip of apically growing cells [19]. Similarly, the
PTEN-like domain of the rice Class II formin FH5 encoded by rice morphology determinant (RMD)
gene determines tip localization of this protein in pollen tubes [20] and interestingly also mediates its
anchorage to the outer surface of chloroplasts [21]. In Arabidopsis, the only typical Class II formin
containing a PTEN-like domain experimentally characterized so far is AtFH14 (At1g31810), whose
dimer can bind to actin barbed ends [22] and which associates with microtubules in mitotic BY-2 cells,
participating in the control of mitosis and cytokinesis [23].

In this study, we compare the intracellular localization of AtFH14 with that of a hitherto
uncharacterized A. thaliana Class II formin, AtFH13 (At5g58160) that shares overall domain structure
composition with AtFH14, using in planta transient heterologous expression in native Australian
tobacco (Nicotiana benthamiana) leaves. While both formins can associate with microtubules (MTs) and
the endoplasmic reticulum (ER), they exhibit distinct subcellular localization patterns. In addition, we
demonstrate that although these formins show different pattern of localization, their FH2 domains are
capable of heterodimerization—a first such observation in plant formins.

2. Results

2.1. Construction of Fluorescent Protein-Tagged AtFH13 and AtFH14 Derivatives

Both AtFH13 (At5g58160) and AtFH14 (At1g31810) are typical Class II formins [18], containing a
N-terminal PTEN-related domain, followed by a C2 domain (related to the Ca2+-binding domain from
protein kinase C), the proline-rich FH1 domain and the C-terminal FH2 domain. Although they share
the overall domain structure, AtFH13 and AtFH14 are only 52% identical in their PTEN-like and C2
domains and 60% identical in their FH2 domains, and represent branches of the Class II formin clade
that are clearly separate at least within Brassicaceae (Figure 1a), and possibly within angiosperms [11].
As usual for Class II formins, both proteins are encoded by genes of a complex exon–intron structure
(Figure 1b).
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Figure 1. Evolutionary relationships of Arabidopsis Class II formins (AtFH13 and AtFH14), structure
of the AtFH13 and AtFH14 genes, and constructs generated in this study. (a) Maximum likelihood
phylogenetic tree of joined PTEN, C2 and FH2 domains of AtFH13, AtFH14 and their homologs from
Arabidopsis lyrata (Araly), Brassica napus (Brnap), B. rapa (Brrap), and B. oleracea (Brole). Sequences
are identified by their GenBank accession numbers; the asterisk marks a predicted protein sequence
modified to include missing conserved exons (see Methods). Numbers denote bootstrap support
(out of 100 replicates), branches with 100% support are marked by dots. (b) Exon–intron structure
of both genes with non-coding (UTR) parts of exons represented by white boxes and coding exons
shown either in grey or in color (for known domains). (c) Schematic representation of tagged protein
constructs used in this study. Asterisk indicates the position of the 21 amino acids deletion in the
mutant PTENΔ domain, starting from position 106 of the standard AtFH13 sequence. The numbers
indicate amino acid positions related to the N-end. Domain abbreviations are defined in the text.

To examine in vivo subcellular localization of these formins, we constructed vectors expressing
full length AtFH13 (Uniprot Acc. No. Q9LVN1) or a previously characterized variant of AtFH14 [23]
tagged by C-terminal yellow fluorescent protein (YFP) or red fluorescent protein (RFP) fusion under
the control of the constitutive ubiquitin 10 promoter (UBQ10) and used these constructs for transient
transformation of N. benthamiana leaves. To examine contribution of individual domains of both
proteins to their localization, we also prepared constructs expressing YFP-tagged N-terminal fragments
of either protein containing the PTEN-like and C2 domains, as well as green fluorescent protein (GFP)
and YFP-tagged isolated FH2 domains of AtFH13 and AtFH14. In addition, we also generated an YFP
fusion of the N-terminal (PTEN-like and C2 domain-containing) fragment from a fortuitously cloned
AtFH13 variant missing 21 amino acids within the PTEN-like domain (denoted PTENΔ) as a putative
inactive variant of the PTEN domain (Figure 1c).

2.2. Both AtFH13 and AtFH14 Associate with Microtubules and the ER in Tobacco Epidermis

As usual in transient N. benthamiana leaf epidermis transformation, individual transformed cells
exhibited variable signal intensity. Confocal imaging of YFP-tagged AtFH13 in cells with a relatively
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weak signal showed fibers, suggesting cytoskeletal association, as well as punctate structures of varying
size in the cortical cytoplasm (Figure 2a), whereas cells which overexpressed the construct exhibited
large, brightly fluorescent aggregates (Figure 2b). In case of AtFH14-YFP the cortical signal was mainly
of fibrous character (Figure 2c), suggesting association with microtubules, consistent with previously
observed localization of this protein’s FH1-FH2 domain construct to the preprophase band, mitotic
spindle, and phragmoplast in tobacco BY2 cells [23].

Figure 2. Localization of AtFH13-YFP and AtFH14-YFP in transiently transformed tobacco epidermis.
(a) AtFH13-YFP localizes to fibrous structures at low expression levels. (b) Aggregates of overexpressed
AtFH13-YFP. (c) Fibrous localization of AtFH14-YFP. All images are maximum intensity projections of
confocal Z-stacks. YFP fluorescence is shown in grayscale, chlorophyll autofluorescence in blue. Scale
bars are 10 μm, insets show the indicated details magnified 2.5 times compared to the main image.
Construct abbreviations are defined in the text and in Figure 1.

To establish the relationship between the formin-labeled fibers and cytoskeletal structures, we
co-expressed both tagged formins with the actin and microtubule markers LifeAct-RFP or KMD
(kinesin motor domain)-RFP, respectively. Neither AtFH13 nor AtFH14 showed association with actin
fibers (Figure 3) but both proteins differed in their localization patterns. AtFH13 exhibited patchy
distribution following the microtubules, whereas AtFH14 decorated the microtubule network more
homogeneously (Figure 4, Video S1, Video S2). An obvious, though statistically non-significant, trend
towards co-localization with microtubules rather than microfilaments was detected also by quantitative
image analysis (Figure S1).

Figure 3. Single optical sections of epidermal cells co-expressing AtFH13-YFP or AtFH14-YFP with
the actin marker LifeAct-RFP. Images from single channels are shown in grayscale, merged images
display an overlay of three channels represented by green (YFP), magenta (RFP), and blue (chloroplast
autofluorescence). Scale bars are 10 μm. Construct abbreviations are defined in the text and in Figure 1.
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Figure 4. Single optical sections of epidermal cells co-expressing AtFH13-YFP or AtFH14-YFP with the
microtubule marker KMD-RFP. Images from single channels are shown in grayscale, merged images
display an overlay of three channels represented by green (YFP), magenta (RFP), and blue (chloroplast
autofluorescence). Scale bar is 10 μm. Construct abbreviations are defined in the text and in Figure 1.

To confirm functional connection between the AtFH13-labelled foci and the microtubule
cytoskeleton, we examined the effect of the microtubule depolymerizing drug oryzalin on localization
of AtFH13-YFP co-expressed with KMD-RFP. The oryzalin treatment caused partial redistribution of
the cytoplasmic dots and increased their mobility, which may be due to cytoplasmic streaming, not
affected by microtubule disruption (Figure 5). This suggests that integrity of microtubules is essential
to maintain subcellular distribution of AtFH13.

Figure 5. Prolonged oryzalin treatment increases mobility of AtFH13-YFP dots. (a) Epidermal cells
co-expressing AtFH13-YFP and KMD-RFP mock-treated with water (control) and after 10 μM oryzalin
treatment (+Oryz) for 10 min (no microtubule disruption observed) or 90 min (microtubules largely
depolymerized). Single channel images are shown in grayscale, merged images display an overlay
of the YFP channel in green with RFP in magenta. Particle tracks show trajectories of individual
AtFH13-YFP dots over 50 s with insets magnified 2.5 times compared to the main image. (b) Box plot
of mean velocities of AtFH13-YFP particles without, after 10 and after 90 min of oryzalin treatment.
Scale bar is 10 μm. Two asterisks indicate a statistically significant difference (ANOVA, p < 0.001), NS:
Non-significant. Construct abbreviations are defined in the text and in Figure 1.

124



Int. J. Mol. Sci. 2020, 21, 348

Since both AtFH13 and AtFH14 contain the PTEN-like domain known to associate with
membranes [20,24], we hypothesized that the fluorescent cytoplasmic punctate structures not
associated with the cytoskeleton may be related to compartments of the endomembrane system.
We thus examined co-localization of AtFH13-YFP and AtFH14-YFP with the ER marker ER-rk (ER red
kanamycin). Remarkably, the two proteins exhibited obviously different localization patterns, with
AtFH13-labelled structures peripherally associated with the ER network with minimal co-localization,
while AtFH14-labeled structures exhibited noticeable overlap with the ER, which, however, could
have been due to microtubule-ER co-alignment (Figure 6, Video S3, Video S4). Better co-localization of
AtFH14 with the ER was supported also by a statistically non-significant trend detected quantitatively
(Figure S1).

Figure 6. Single optical sections of epidermal cells co-expressing AtFH13-YFP and AtFH14-YFP with
the endoplasmic reticulum marker ER-rk. Images from single channels are shown in grayscale, merged
images display an overlay of three channels represented by green (YFP), magenta (RFP), and blue
(chloroplast autofluorescence). Scale bars are 10 μm, insets are magnified 2.5 times compared to the
main image. Construct abbreviations are defined in the text and in Figure 1.

2.3. Isolated FH2 Domains of AtFH13 and AtFH14 Exhibit Distinct Patterns of Microtubule Association

Next, we compared the localization of isolated FH2 domains of AtFH13 and AtFH14 in transiently
transformed epidermal cells. GFP-tagged FH2 domain of AtFH13 was predominantly cytoplasmic with
a few small punctate structures; in contrast, YFP-tagged FH2 domain of AtFH14 exhibited prominent
fibrous distribution similar to the full-length protein (Figure 7a). Interestingly, upon co-expression
with LifeAct-RFP, the GFP-tagged FH2 domain of AtFH13 organized into fibrous structures partially
co-localizing with the actin marker, whereas the YFP-tagged FH2 domain of AtFH14 retained fibrous
organization clearly distinct from the actin meshwork, similar to the full-length protein (Figure 7b).
The microtubular nature of the network decorated by the YFP-tagged FH2 domain of AtFH14 was
also confirmed by co-expression with the microtubule marker KMD-RFP. Remarkably, also the rare
cytoplasmic dots labeled by GFP-tagged FH2 domain of AtFH13 were microtubule-associated (Figure 7c,
Video S2).
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Figure 7. Localization of isolated FH2 domains of AtFH13 and AtFH14 in tobacco epidermal
cells. (a) Maximal intensity projections of Z-stacks of optical sections from cells expressing
FH2dom_AtFH13-GFP and FH2dom_AtFH14-YFP constructs, respectively. Green (GFP) or yellow (YFP)
fluorescence shown in grayscale, chlorophyll autofluorescence in blue. (b) Single optical sections of cells
co-expressing FH2dom_AtFH13-GFP or FH2dom_AtFH14-YFP with LifeAct-RFP. (c) Single optical
sections of cells co-expressing FH2dom_AtFH13-GFP and FH2dom_AtFH14-YFP with KMD-RFP. In (b)
and (c), images from single channels are shown in grayscale, merged images display an overlay of three
channels represented by green (GFP or YFP), magenta (RFP), and blue (chloroplast autofluorescence.
Scale bars are 10 μm. Construct abbreviations are defined in the text and in Figure 1.

2.4. The PTEN-Like Domain Mediates Association of AtFH13 and AtFH14 to the ER

To assess the possible contribution of the membrane-binding PTEN-like domain to the observed
peripheral association of AtFH13 and AtFH14 with the ER, we examined the subcellular localization of
YFP-tagged PTEN-like domains of AtFH13 and AtFH14. For control, we also included a fortuitously
cloned deletion derivative of the PTEN-like domain from AtFH13, PTENΔ_FH13, presumed to be
inactive due to disruption of a structurally important segment of the protein. The YFP-tagged PTEN
domain of AtFH13 accumulated in structures reminiscent of the ER in the cytoplasm, whereas an
analogous derivative of AtFH14 decorated small cytoplasmic punctate structures while exhibiting
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also strong accumulation in the nucleus and weak cytoplasmic background. In contrast, the deletion
derivative of the AtFH13 PTEN-like domain showed only diffuse cytoplasmic distribution, consistent
with the deletion altering the protein´s folding and consequently its subcellular localization (Figure 8a).
Co-expression with the ER marker ER-rk shows that the YFP-tagged PTEN-like domain of AtFH13
peripherally associates with the ER, while its deletion derivative is cytoplasmic. The particles decorated
by YFP-tagged PTEN-like domain of AtFH14 associated, and even partly overlapped, with the ER
(Figure 8b).

 

Figure 8. Localization of isolated PTEN domains of AtFH13 and AtFH14 in tobacco epidermal cells.
(a) Maximal intensity projections of Z-stacks of optical sections from epidermal cells expressing
PTEN_AtFH13-YFP, PTEN_AtFH14-YFP, or PTENΔ_AtFH13-YFP. Yellow (YFP) signal shown in
grayscale, chlorophyll autofluorescence in blue. (b) Single optical sections of cells co-expressing
PTEN_AtFH13-YFP, PTEN_AtFH14-YFP, or PTENΔ_AtFH13-YFP with ER-rk. Images from single
channels are shown in grayscale, merged images display an overlay of three channels represented by
green (YFP), magenta (RFP), and blue (chloroplast autofluorescence). Scale bars are 10 μm. Construct
abbreviations are defined in the text and in Figure 1.

2.5. FH2 Domains of AtFH14 and AtFH13 Can Heterodimerize

It is well established that formins can form homodimers through their FH2 domains [13] but there
is so far only limited evidence regarding their possible heterodimerization (see Introduction). The
distinct localization patterns of AtFH13 and AtFH14 suggested that if heterodimerization between
these formins does take place, it is unlikely to affect a substantial part of the cellular pool of both
proteins. We nevertheless tested whether FH2 domains of AtFH13 and AtFH14 can heterodimerize by
means of the yeast two hybrid assay.

In the yeast two hybrid system, an isolated FH2 domain of AtFH13 can form homodimers
as expected. However, in our two-hybrid setup the FH2 domain of AtFH13 also readily formed
heterodimers with the FH2 domain of AtFH14 (Figure 9). This is, at the first glance, surprising, given
the distinct cellular localization of these two proteins. Nevertheless, when co-expressed, full length
YFP-tagged AtFH13 and RFP-tagged AtFH14 exhibited partial co-localization in tobacco epidermal
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cells, in spite of their different overall localization patterns (Figure 10a). In particular, the puncta of
AtFH13 often co-localized with fibers decorated by AtFH14, as documented by pixel intensity analyzes
of the florescence signal (Figure 10b), consistent with partial co-localization which may involve FH2
domain-mediated heterodimerization. Quantitative estimate of co-localization of the two formins
yielded values significantly higher than those obtained for either formin with the non-colocalizing
actin marker LifeAct and also higher than those observed for microtubules and the ER, although in
these cases the differences mostly were not statistically significant (Figure S1).

Figure 9. Yeast two-hybrid assays documenting heterodimerization of FH2 domains of AtFH13 and
AtFH14. Serial dilution series of yeast transformants harboring the indicated constructs starting
with OD600 = 0.1 were plated on media without adenine (-Ade), histidine (-His), leucine (-Leu), and
tryptophan (-Trp) as indicated. DBD: DNA binding domain; AD: activation domain.

Figure 10. Co-localization of AtFH13 and AtFH14 in transiently transformed tobacco epidermal cells.
(a) Single optical section of a cell co-expressing AtFH13-YFP and AtFH14-RFP. Images from single
channels are shown in grayscale, merged images display an overlay of three channels represented by
green (YFP), magenta (RFP), and blue (chloroplast autofluorescence). Note that one of the chloroplasts
is probably damaged, exhibiting yellow autofluorescence. Scale bar is 10 μm. (b) Measurement of
fluorescence intensity profiles of AtFH13-YFP and AtFH14-RFP along the indicated broken line in
arrow direction. Scale bar is 1 μm. Construct abbreviations are defined in the text and in Figure 1.
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3. Discussion

Formins are an evolutionarily ancient family of proteins [10–12] that can nucleate, cap, and bundle
actin filaments, but also bind microtubules, resulting in an ability to modulate actin and microtubule
organization and dynamics [7,9], well documented also in plants [8,25–27]. Angiosperm plants possess
two clades of formins whose members often exhibit characteristic domain organization. While Class I
formins are usually, though not always, integral membrane proteins [11,28], their Class II counterparts
often harbor an N-terminal domain related to the mammalian PTEN (phosphatase and tensin homolog)
lipid/protein phosphatase that was proposed to mediate membrane binding [11] and later shown to
be responsible for membrane association and specific intracellular localization of Class II formins
in the moss Physcomitrella patens [19,24] and in rice [21]. Thus, typical formins of both Class I and
Class II are capable of membrane localization (reviewed in References [25,29]). In case of Class I
formins, plasmalemma or endomembrane localization, as well as cytoskeletal, especially microtubule,
association is well documented (e.g., References [6,30–35]). Much less is, however, known about
in vivo intracellular localization of Class II formins.

In this study, we use a heterologous in planta expression system to document in vivo subcellular
localization of fluorescent protein-tagged derivatives of two Arabidopsis Class II formins, the hitherto
uncharacterized AtFH13 and somewhat characterized AtFH14 (see below). Although protein tagging
by fusion with a relatively large polypeptide such as the YFP or GFP might influence its intracellular
localization, such fusion proteins, including a plant formin [35], have been documented to be functional.
Unfortunately, we could not confirm our observations by an independent method since we were
unable to obtain specific antibodies suitable for immunostaining of formins, including AtFH13 [36].
Another theoretical alternative, expression of small tags visualized using cell permeable ligands, is well
established in mammalian cell biology but practically restricted to the study of extracytoplasmic proteins
in plants [37], with the exception of a single report with no published experimental follow-up [38].

Both formins studied exhibit the typical domain composition involving a N-terminal PTEN-like
domain followed by a repetitive, proline-rich FH1 domain believed to mediate profilin-actin binding
and by the C-terminal conserved dimerizing and actin-nucleating FH2 domain [11,18]. Despite the
shared overall domain organization, the two proteins only exhibit limited similarity. Phylogenetic
analysis of combined PTEN-like and FH2 domain sequences documented that they represent two
distinct branches of the Class II formin clade that have separated no later than in basal Brassicaceae,
and possibly earlier. While inner topology of the Class II formin clade in previous single-domain
phylogenetic analyzes [11,18] had poor statistical support, it was nevertheless consistent with possible
divergence of the clades represented by AtFH13 and AtFH14 as early as in ancestral angiosperms.
The two proteins thus may exhibit different behavior and function, including distinct patterns of
intracellular localization, which, indeed, turns out to be the case.

Formins, as known actin nucleators, can be expected to associate with actin filaments. Indeed,
although AtFH14 was shown to preferentially bind microtubules, some co-localization of AtFH14
and actin was reported upon heterologous expression in mitotic tobacco BY2 cells [23]. In addition,
using single molecule total internal reflection fluorescence microscopy, the FH1 and FH2 domains of
AtFH14 were documented to directly bind the microfilament barbed end and act as a processive formin
in vitro [22]. Nevertheless, in our in planta system co-expression of YFP-tagged full length AtFH14
or AtFH13 with actin markers did not reveal co-localization with the actin cytoskeleton, consistent
with the strength, or indeed presence, of formin-microfilament association depending on the cellular
context and molecular environment. Similar behavior has also been observed for the Class I formin
AtFH4 which can bind and nucleate actin in vitro but does not decorate actin filaments in vivo [6].
Surprisingly, while the isolated FH2 domain of AtFH14 behaved comparably to the full length protein
in co-expression with an actin marker, i.e., did not co-localize with actin fibers, the FH2 domain of
AtFH13 showed a limited overlap with the actin network, suggesting differences in microfilament
affinity between the two Class II formins.
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Several Class II plant formins including AtFH14 were shown to interact with microtubules,
sometimes more readily than with actin filaments [21,23,39,40]. We confirmed that YFP-tagged
AtFH14 can co-localize with microtubules in vivo, and documented microtubule co-localization also for
AtFH13. Remarkably, AtFH13 decorated the microtubules in a noticeably more discontinuous manner
than AtFH14, often forming distinct particles along the microtubules. Mobility of these particles
was greatly increased by the MT-depolymerizing drug oryzalin, proving that their organization is
microtubule-dependent. Moreover, while the isolated FH2 domain of AtFH14 readily localized to the
microtubules, the FH2 domain of AtFH13 was predominantly cytoplasmic, clearly indicating functional
differences between the two FH2 domains. Analogously, metazoan formins have been documented to
vary in their abilities to interact with microtubules and showed distinct localization patterns [41,42].

Interestingly, while both AtFH13 and AtFH14 associated with microtubules, only in the later the
FH2 domain, which is also responsible for actin binding, was sufficient for microtubule interaction.
Direct binding of FH2 domains to microtubules, or at least a specific contribution of FH2 to microtubule
interaction, has been reported for several metazoan formins [41,43–45], as well as for plant formins
of both Class I, such as rice FH15 [46], and Class II, namely rice FH5 [39]. In other cases, notably
including Arabidopsis Class I formins AtFH4 and AtFH8 [6], the formin-microtubule interaction is
mediated by specific domains or motifs outside FH2. In some cases, the association between formins
and microtubules may be indirect, i.e., mediated by microtubule-binding proteins [47]. Together
with previous reports, the observed different localization of isolated FH2 domains derived from
AtFH13 and AtFH14 documents that while microtubule association appears to be a general feature of
formins, its mechanism can vary substantially even within a relatively narrow clade such as the plant
Class II formins.

In addition to microtubule co-localization, we observed partial overlap of AtFH14-labeled
structures with the endoplasmic reticulum, as well as peripheral association of AtFH13-labelled
particles with the ER network. Some derivatives of the Arabidopsis Class I formins, AtFH4 [6]
and AtFH5 [25], as well as the non-conventional Class II formin AtFH16, which lacks the PTEN
domain, can localize to the ER or to ER-like intracellular structures [25], and the transmembrane
Class I formin AtFH1 was recently documented to pass through several endomembrane system
compartments in differentiating root tissues [35]. The metazoan INF2 formin also associates with the
ER periphery [48]. Our observations, which are consistent with the PTEN-like domains of AtFH13 and
AtFH14 mediating peripheral association with the ER, are thus not surprising. However, the membrane
nature and compartment identity of the observed formin-positive intracytoplasmic structures remains
to be established.

Crystallographic studies revealed that the functional form of formin’s FH2 domain is an antiparallel
dimer capable of actin nucleation or barbed end capping [13]. In the case of AtFH14, dimerization
and binding of the dimer to the barbed end of microfilaments has been documented for the FH1-FH2
domain combination, as well as for the isolated FH2 domain [22]. Using the yeast two hybrid assay,
we confirmed that also the FH2 domain of AtFH13 can form homodimers. Although the localization
patterns of AtFH13 and AtFH14 or their FH2 domains in transiently transformed N. benthamiana
epidermis differed noticeably, we nevertheless observed co-localization of a fraction of the signal, and
documented that the FH2 domains of these two Class II formins can form heterodimers in the yeast
two-hybrid assay.

Heterodimerization of paralogous formins might theoretically provide a possible mechanism of
formin activity regulation, as well as means of increasing functional diversity of fomins [18]; however,
heterodimer formation may be, and often probably is, limited by structural divergence among formin
paralogs [49]. Very few experimental studies address this topic, and so far, the only evidence of FH2
domain-mediated formin heterodimerization comes from metazoa. The FH2 domains of mammalian
FRL2 and FRL3 are namely able to form hetero-oligomers when combined with N-terminal dimerization
domains [16]. Other reported cases of mammalian Diaphanous-like formin heterodimerization [14,15]
involve interactions mediated by domains other than FH2. Our finding that isolated FH2 domains of
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AtFH13 and AtFH14 can form heterodimers thus presents, to our knowledge, the first documented
case of exclusively FH2-mediated formin heterodimerization that might further increase the functional
diversity of/not only plant formins.

4. Materials and Methods

For phylogenetic analysis, closest AtFH13 and AtFH14 relatives were identified by BLAST in the
RefSeq section of GenBank after taxonomic restriction of the database to Arabidopsis lyrata or to Brassica sp.
Only full-length sequences that retrieved the original query upon reverse BLAST search as the best
match were considered. Missing exons in the predicted sequence of the AtFH13 ortholog from A. lyrata
were added manually based on an experimentally sequenced partial cDNA (GenBank EFH40810).
Multiple sequence alignment was constructed, manually cleaned of unreliably aligned segments and
used to compute a maximum likelihood phylogenetic tree as described previously [50] except that
Gamma distribution was used to model evolutionary rate differences among sites.

Constructs for transient expression in planta were prepared as follows. Vectors were generated
using conventional restriction cloning or the Gateway (GW) cloning system (InvitrogenTM, Carlsbad, CA,
USA). For construction of entry clones, desired inserts were amplified using a PCR reaction with specific
primer sets and templates summarized in Table S1. To amplify the AtFH14, the previously published
cDNA clone [23] has been used as a template. Enzymatic cloning was used to create all entry clones
derived from the GW-compatible donor vector pENTRATM1A (InvitrogenTM) for further construction
of expression vectors. Amplified inserts were digested with appropriate restriction enzymes
(Fermentas, Vilnius, Lithuania; Table S1) and further ligated into the corresponding sites of the donor
vector using T4 DNA ligase (Fermentas). For PCR-based entry clone construction, the pDONR™221
(InvitrogenTM) vector was used. The PCR products were amplified by specific primers (Table S1)
and transferred into donor vector by BP Clonase II (InvitrogenTM). To obtain expression vectors, the
resulting entry clones and binary destination vector pUBC-YFP-DEST/-RFP-DEST/-GFP-DES [51],
which allows C-terminal fusion of the desired protein with YFP/RFP/GFP tag were recombined using LR
Clonase II (InvitrogenTM). The combinations of entry clones and destination vectors are summarized
in Table S2. All newly cloned inserts where verified by sequencing.

For Agrobacterium-mediated transient transformation, expression vectors were transferred by
electroporation into Agrobacterium tumefaciens strain GV3101 or C58C1. Plasmids carrying fluorescent
protein markers, namely LifeAct-RFP [52], KMD-RFP [6], ER-rk [53], were used in co-localization
experiments. Leaves from 2–3 weeks old Nicotiana benthamiana (native Australian tobacco) plants
grown on peat pellets (Jiffy, Zwijndrecht, Netherlands) under the 8 h dark/16 h light photoperiod at
22 ◦C were used. Overnight Agrobacterium cultures were diluted in the infiltration medium (50 mM
MES pH 5,6; 2 mM Na3PO4; 20 mM MgSO4; 0.5% glucose, 100 μM acetosyringone). A mixture
containing equal amounts of bacterial suspensions carrying each construct of interest, corresponding
to final optical density (OD600) 0.07 each, together with an amount of a suspension of agrobacteria
expressing the viral silencing suppressor p19 [54] corresponding to OD600 0.05, was infiltrated into the
abaxial side of N. benthamiana leaves using a syringe. The fluorescent proteins were observed 48 h
post-infiltration using confocal microscopy.

For the oryzalin treatment, oryzalin (Sigma-Aldrich, St Louis, MO, USA) was dissolved in
dimethylsulfoxide (DMSO) as a 20 mM stock solution, stored at −20 ◦C, and later diluted to 10 μM
final concentration with distilled water. Before observation, discs cut from infiltrated tobacco leaves
were incubated in oryzalin solution (or in water for controls).

Microscopic images were obtained using the Zeiss LSM880 (Carl Zeiss, Oberkochen, Germany)
confocal laser scanning microscope with a C-Apochromat 40×/1.2 W Korr FCS M27 objective.
Fluorophores were excited with the 488 nm argon laser (YFP, GFP) and 561 nm laser (RFP), respectively,
and detected by sensitive 32-chanell Gallium arsenide phosphide (GaAsP) spectral detector. All images
were processed and analyzed using the Fiji software. All typical localization patterns that have been
regularly observed in two to four independent biological replicates, each involving several leaves, are
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shown. Particle tracking was performed using the Fiji plugin TrackMate [55] v3.8.0 with the following
settings: LoG detector, 2 μm diameter; no median filter; no sub-pixel localization; thresholding values
were set to discard false-positive spots while the correctly identified spots were retained; simple
LAP tracker; linking max distance = 5 μm; gap closing max distance = 5 μm; gap-closing max frame
gap = 2. Data from at least five cells for each treatment with more than 200 trajectories detected were
proceeded into a boxplot using the BoxPlotR tool [56]. To quantify protein co-localization, Pearson’s
coefficient was calculated from at least five images per construct pair using the Fiji/ImageJ plugin JACoP
(Just Another Colocalisation Plugin) with manual threshold correction [57]. For statistic evaluation, an
online tool [58] was used to perform one-way ANOVA with post-hoc Tukey HSD (honestly significant
difference) test.

Constructs for the yeast two-hybrid assay were prepared by restriction cloning from previously
prepared AtFH13 and AtFH14 clones (see above) and introduced into vectors pGADT7 (containing the
GAL4 activation domain) and pGBKT7 (containing the GAL4 DNA binding domain). Primers,
templates, and destination vectors are summarized in Table S3. The yeast two-hybrid assay was
performed using Matchmaker GAL4 two-hybrid system 3 (Clontech, Mountain View, CA, USA) as
described previously [50].

Supplementary Materials: The following are available online at http://www.mdpi.com/1422-0067/21/1/348/s1.
Figure S1: Quantification of fluorescent protein-tagged AtFH13 and AtFH14 derivatives co-localization with
other markers examined in this study; Table S1: Summarization of cloning methods used for each entry clone;
Table S2: The combinations of entry clones and destination vectors used for generation of expression vectors used
in this study; Table S3: Summarization of primers, templates, destination vectors, and restriction enzymes used to
generate expression vectors for the yeast two-hybrid assay; Video S1: Co-expression of AtFH13-YFP with the
microtubule marker KMD-RFP; Video S2: Co-expression of AtFH14-YFP with the microtubule marker KMD-RFP;
Video S3: Co-expression of AtFH13-YFP with the endoplasmic reticulum marker ER-rk; Video S4: Co-expression
of AtFH14-YFP with the endoplasmic reticulum marker ER-rk.
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11. Grunt, M.; Žárský, V.; Cvrčková, F. Roots of angiosperm formins: The evolutionary history of plant FH2
domain-containing proteins. BMC Evol. Biol. 2008, 8, 115. [CrossRef] [PubMed]

12. Pruyne, D. Probing the origins of metazoan formin diversity: Evidence for evolutionary relationships
between metazoan and non-metazoan formin subtypes. PLoS ONE 2017, 12, e0186081. [CrossRef] [PubMed]

13. Xu, Y.; Moseley, J.B.; Sagot, I.; Poy, F.; Pellman, D.; Goode, B.L.; Eck, M.J. Crystal structures of a Formin
Homology-2 domain reveal a tethered dimer architecture. Cell 2004, 116, 711–723. [CrossRef]

14. Copeland, S.J.; Green, B.J.; Burchat, S.; Papalia, G.A.; Banner, D.; Copeland, J.W. The diaphanous inhibitory
domain/diaphanous autoregulatory domain interaction is able to mediate heterodimerization between mDia1
and mDia2. J. Biol. Chem. 2007, 282, 30120–30130. [CrossRef]

15. Gavard, J.; Patel, V.; Gutkind, J.S. Angiopoietin-1 prevents VEGF-induced endothelial permeability by
sequestering Src through mDia. Dev. Cell 2008, 14, 25–36. [CrossRef] [PubMed]

16. Vaillant, D.C.; Copeland, S.J.; Davis, C.; Thurston, S.F.; Abdennur, N.; Copeland, J.W. Interaction of the
N- and C-terminal autoregulatory domains of FRL2 does not inhibit FRL2 activity. J. Biol. Chem. 2008, 283,
33750–33762. [CrossRef]

17. Deeks, M.J.; Hussey, P.J.; Davies, B. Formins: Intermediates in signal-transduction cascades that affect
cytoskeletal reorganization. Trends Plant Sci. 2002, 7, 492–498. [CrossRef]
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Abstract: Actin-depolymerizing factor (ADF)/cofilins accelerate actin turnover by severing aged
actin filaments and promoting the dissociation of actin subunits. In the cell, ADF/cofilins are
assisted by other proteins, among which cyclase-associated proteins 1 and 2 (CAP1,2) are particularly
important. The N-terminal half of CAP has been shown to promote actin filament dynamics by
enhancing ADF-/cofilin-mediated actin severing, while the central and C-terminal domains are
involved in recharging the depolymerized ADP–G-actin/cofilin complexes with ATP and profilin.
We analyzed the ability of the N-terminal fragments of human CAP1 and CAP2 to assist human
isoforms of “muscle” (CFL2) and “non-muscle” (CFL1) cofilins in accelerating actin dynamics.
By conducting bulk actin depolymerization assays and monitoring single-filament severing by total
internal reflection fluorescence (TIRF) microscopy, we found that the N-terminal domains of both
isoforms enhanced cofilin-mediated severing and depolymerization at similar rates. According
to our analytical sedimentation and native mass spectrometry data, the N-terminal recombinant
fragments of both human CAP isoforms form tetramers. Replacement of the original oligomerization
domain of CAPs with artificial coiled-coil sequences of known oligomerization patterns showed
that the activity of the proteins is directly proportional to the stoichiometry of their oligomerization;
i.e., tetramers and trimers are more potent than dimers, which are more effective than monomers.
Along with higher binding affinities of the higher-order oligomers to actin, this observation suggests
that the mechanism of actin severing and depolymerization involves simultaneous or consequent
and coordinated binding of more than one N-CAP domain to F-actin/cofilin complexes.

Keywords: cyclase-associated proteins; oligomerization; coiled coils; actin severing; actin
depolymerization; α-barrels

1. Introduction

A dynamic balance between the polymerization of actin filaments at the barbed ends and
depolymerization at the pointed ends is crucial for numerous cellular processes including cell adhesion,
cell motility, cytokinesis, and morphogenesis [1–4]. To ensure a prompt response to cell needs and
environmental challenges, fast rates of actin polymerization are underpinned by several mechanisms
conferring high local concentrations of monomeric actin at polymerization sites [5,6]. To support these
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fast polymerization rates, prompt replenishing of the G-actin pool should be balanced by equally fast
depolymerization of old filaments [2,3]. Fast depolymerization is achieved (1) via a severing-mediated
increase in the number of the depolymerizing filament ends and (2) by promoting dissociation of actin
subunits from the ends. Actin-depolymerizing factor (ADF)/cofilin family proteins play a key role in
both mechanisms [3,7,8].

There are three isoforms of ADF/cofilins in mammals. Actin depolymerizing factor (ADF) is highly
expressed in epithelial and endothelial cells; non-muscle cofilin 1 (CFL1) is expressed ubiquitously;
and cofilin 2 (CFL2) is found predominantly, but not exclusively, in muscle tissues [8]. By selectively
recognizing conformational changes in actin following ATP hydrolysis and Pi release [9,10], ADF/cofilins
favorably decorate aged regions of F-actin, ensuring their prevalent disassembly. Binding of
ADF/cofilins changes the filament twist [11] and reshapes the contacts between actin subunits [12–17],
which results in severance of the borders between cofilin-decorated and non-decorated filament
regions [18]. Since every severing event produces not only a new pointed end prone to depolymerization,
but also a barbed end capable of elongation, the severing ability of cofilin was questioned initially
as non-physiological [19–21]. This issue was resolved, however, by the discovery of proteins that
assist ADF/cofilins in the controlled acceleration of actin depolymerization: actin-interacting protein
1 (Aip1), coronin, twinfilin, and cyclase-associated protein (Srv2/CAP) [22–26]. Working together,
these proteins enable the mechanisms of selective nucleotide-dependent depolymerization of aged
filaments [25,27], prevent polymerization at the barbed ends formed as a result of severing [26],
accelerate dissociation of actin subunits from severed filaments [24], and stimulate dissociation of ADP
from the depolymerized G-actin and its recharging by ATP [28]. Of these proteins, cyclase-associated
proteins Srv2/CAPs [22,29,30] are of particular interest due to their multi-faceted contribution to the
depolymerization process. The binding of Srv2/CAPs to cofilin-decorated actin via its N-terminal helical
folded domain (HFD) potentiates cofilin-mediated severing [31] and, with the assistance of twinfilin,
promotes disassembly of F-actin 3- and 17-fold at the barbed and pointed ends, respectively [32].
The central region of the protein contains a WH2 domain sandwiched between two proline-rich
motifs (P1 and P2), which is followed by a C-terminal β-strand folded domain (Figure 1a) [33,34].
Binding of WH2 and β-strand domains to the ADP–G-actin/cofilin complex produced as a result of
depolymerization promotes dissociation of both cofilin and ADP, and facilitates the recharging of the
monomers with ATP [28]. The newly formed ATP–G-actin monomer is either released or actively
transferred to profilin, thus completing the goal of regenerating the pool of polymerization-competent
actin [28,35–37].

The full-length Srv2/CAP protein (FL CAP) has been found by gel filtration chromatography and
analytical ultracentrifugation to form hexamers, while the N-terminal half (N-CAP) has presented
a six-bladed shuriken shape in negative staining electron microscopy reconstructions [29,31,38].
The oligomerization is functionally important, and the N-terminal α-helix is thought to be critical for
the formation of the hexamers, as its removal reduced the ability of the HFD domain to potentiate
severing and depolymerization [31,38]. However, the role of Srv2/CAP oligomerization in this
potentiation is not understood. Furthermore, the structure of the Srv2/CAP oligomerization is unclear.
Approximately 98% of known coiled coils form low-order oligomers from dimers to tetramers,
while the occurrence of natural coiled elements of a higher order is very rare [39] for reasons that are
not well understood.
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Figure 1. Domain structure of CAP proteins: (a) schematic representation of the full-length (FL)
CAP domain structure and the truncation constructs used in this study. Amino acid numbering is
shown for CAP1 only. CC: coiled coil domain (pink); HFD: helical folded domain (grey); P1 and
P2: polyproline-rich regions (yellow); WH2: Wiskott-Aldrich syndrome protein (WASP)-homology 2
domain (cyan); CARP: C-terminal β-sheet domain (green); DD: dimerization domain; TD: trimerization
domain. (b) Protein sequence alignment of human CAP1 and CAP2. Asterisks represent identical
residues (64.1% identity) between the two isoforms. The underlined sequence with a predicted high
helical propensity was used in CCBUILDER 2.0 for modeling coiled-coil oligomerization (see Figure 3).
Domain abbreviation and coloring as in (a).
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The two human isoforms of cyclase associated protein (CAP1 and CAP2) share 64%/75% sequence
identity/similarity with each other (Figure 1b) and ~35%/50% identity/similarity with yeast Srv2 [40].
CAP1 is expressed ubiquitously, whereas CAP2 is produced predominantly in striated muscles, but is
also found at lower levels in brain, testes, lung, liver, and skin tissues [40,41]. Accordingly, the most
notable outcome of CAP2 gene ablation in mouse is cardiomyopathy [42]. At the cellular level, CAP1 is
found exclusively in the cytoplasm, while CAP2 shows dual localization in the cytoplasm and the
nucleus [41].

Both human CAP isoforms have recently emerged as markers of invasive tumors. Thus, CAP1 has
been implicated in breast, lung, pancreatic, and ovarian cancers along with glioma, hepatocellular,
and head and neck squamous cell carcinomas [43–46]. CAP2 is overproduced in hepatocellular
carcinoma, malignant melanoma, breast, and gastric cancers [47,48], and its expression is associated
with poor clinical outcomes [44,49]. CAP2 is also overproduced by bladder, colon, kidney, and thyroid
tumors [41], making it a common marker for various tumors. However, the exact role of CAPs in
tumorigenesis is ambiguous, and anti-oncogenic action of the CAP1 and 2 isoforms for other tumors has
also been proposed [45]. Interestingly, cancer-linked mutations in both CAP1 and CAP2 are enriched
in the N-terminal domain, with the hot spot mutations in CAP1 are located at the Arg-29 residue [44],
which is not conserved between the two isoforms. While mouse CAP1 (95% identical to its human
counterpart) has been partially characterized [38], the mammalian CAP2 isoform or its fragments have
never been biochemically explored. Therefore, the goals of the current study were (1) to evaluate
and compare the abilities of the N-terminal fragments of the two human CAP isoforms to potentiate
actin severing and depolymerization by human cofilins and (2) to explore how the oligomerization
stoichiometry affects these abilities.

By conducting bulk actin depolymerization assays and monitoring single-filament severing
using total internal reflection fluorescence (TIRF) microscopy, we found that the N-terminal domain
of both isoforms (N-CAP) enhanced cofilin-mediated severing and depolymerization to a similar
degree. Surprisingly, our analytical sedimentation and native mass spectrometry data showed that
the N-terminal fragments of both human CAP isoforms formed tetramers rather than the hexamers
reported for full-length Srv2 and mouse CAP1 [31,38]. By replacing the original oligomerization
domains of CAPs with artificial coiled-coil sequences of known oligomerization patterns [50], we found
that the activity of the proteins correlates with the stoichiometry of their oligomerization; i.e., tetramers
and trimers more potently promoted severing and depolymerization of actin by both cofilin isoforms
than dimers and monomers.

2. Results

2.1. Analytical Ultracentrifugation and Native Mass Spectrometry Reveaedl that the N-terminal Domains of
Recombinant Human CAPs Form Tetramers

The N-terminal domain of N-Srv2 and mammalian CAPs contains a coiled-coil region followed by
the helical folded domain (HFD) (Figure 1a). HFD interacts with F-actin and enhances cofilin-mediated
F-actin disassembly [31,38], while the coiled coil contributes to oligomerization [38]. Specifically,
the HFD of Srv2 has been proposed to form hexamers with radial symmetry and a shuriken-(star)-like
appearance [31]. The extreme N-terminus of Srv2/CAP has been predicted to form a coiled-coil
helix, but whether it can dictate the quaternary structure of CAPs is unclear, as coiled coils with
a number of chains higher than four are rare in nature. We employed sedimentation velocity analytical
ultracentrifugation (SV-AUC) to determine the oligomerization states of the recombinant constructs
of human CAP1 and CAP2 HFDs with the original N-terminal coiled coils (N-CAP1 and N-CAP2)
and 6xHis-tags placed at the C-termini to avoid interference with oligomerization. Raw AUC data
(Supplementary Figure S1a) were analyzed using the SEDFIT analysis tool [51], and the molecular
weights (MW) of the analyzed constructs were calculated based on their sedimentation coefficient
values (Figure 2a and Table 1).
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Surprisingly, the AUC-determined MWs of both N-CAP1 and N-CAP2 constructs with the original
N-terminal coiled coils matched those of tetramers, and not hexamers as has been suggested for yeast
Srv2 and mouse CAP1 counterparts [31,38]. To validate the unexpected results, we analyzed the
oligomerization state of each construct using native mass spectrometry (native MS; Figure 2b and
Supplementary Figure S1b) and confirmed that the main oligomeric state of both N-CAP1 and N-CAP2
constructs was tetrameric, with a minor presence of the lower oligomerization state species (Figure 2
and Table 1). Varying the buffer (Tris(hydroxymethyl)aminomethane (Tris)–HCl vs. phosphate-buffered
saline (PBS)) and salt (30 mM NaCl vs. 135 mM KHPO4) composition did not affect the oligomerization
state of the proteins.

Figure 2. Oligomerization state of the N-terminal constructs of human CAPs: (a) sedimentation
velocity analytical ultracentrifugation (SV-AUC) data were analyzed using SEDFIT software with
a continuous sedimentation coefficient distribution model c(S). (b) Raw m/z data obtained by native
mass spectrometry (MS) were deconvoluted with UniDec 4.0 and the molecular weights of the constructs
were calculated. Numbers in the graphs indicate the oligomeric state of the CAP constructs present in
solution: 1—monomer, 2—dimer, 3—trimer, 4—tetramer.
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Table 1. Molecular weights (MW) of recombinant CAP constructs determined by SV-AUC and native
MS. (ƒ) —frictional ratio; (S)—sedimentation coefficient.

AUC (ƒ) AUC (S) AUC MW (kDa) MS MW (kDa) Theoretical MW (kDa)

ΔCC-N-CAP1 1.97 1.36 25.30 23.25 23.48 (monomer)
DD-N-CAP1 2.02 2.53 60.40 66.03 66.10 (dimer)
TD-N-CAP1 1.97 3.33 92.3 97.60 97.46 (trimer)

N-CAP1 2.17 3.43 92.1 101.46 101.46 (tetramer)
ΔCC-N-CAP2 2.07 1.62 23.50 23.69 23.69 (monomer)
DD-N-CAP2 1.44 3.78 66.8 66.63 66.52 (dimer)
TD-N-CAP2 1.41 4.84 92.3 98.36 98.03 (trimer)

N-CAP2 2.17 3.54 102.00 102.34 102.34 (tetramer)

In an attempt to resolve the difference between the reported data and our results,
we computationally analyzed the ability of the CAP N-terminal helix to form coiled coils using
CCBUILDER 2.0 software [52], which was created for prediction and de novo design of high-order
α-helical oligomers. CCBUILDER predicted that the N-terminal helices of CAP1 and CAP2 (Figure 3)
were substantially more likely to form hexamers than tetramers, as reflected in over two-fold higher
negative energy amplitudes for interface packing, expressed in the BUDE (Bristol University Docking
Engine) force field format [52] (Table 2). It is worth noticing, however, that heptamers of both CAP1
and CAP2 showed even lower BUDE energies, pointing to potential limitations of the approach.

Table 2. Predicted energies of N-terminal coiled-coil (CC) oligomers of human CAPs: provided values
are means and standard deviations of 10 best scores of twenty Bristol University Docking Engine
(BUDE) energies calculated by CCBUILDER 2.0.

Oligomeric State BUDE Energy

N-terminal CC of CAP1

Tetramer −398.7 ± 13.7
Pentamer −671.4 ± 10.2
Hexamer −857.1 ± 73.0
Heptamer −916.4 ± 42.5

N-terminal CC of CAP2

Tetramer −388.5 ± 15.4
Pentamer −601.2 ± 15.4
Hexamer −831.6 ± 65.1
Heptamer −878.6 ± 23.2

Analysis of the best-scored model structures showed that the tetramers followed a classical Type I
“hxxhhxx” pattern (where “h” is a hydrophobic residue), with two “h” residues stabilizing neighboring
partners and one shared between the hydrophobic coil-stabilizing seams (Figure 3b,c,g,h,l). Oligomers
formed by five or more α-helices are called α-barrels as they have an internal cavity or channel.
With the increased diameter, hexameric coiled-coil α-barrels require more hydrophobic residues to
stabilize the core, and their residues more commonly follow Type II “hhxxhhx” heptad patterns [39].
The CCBUILDER model predicted that the role of the fourth hydrophobic residue in the heptad, in this
case, would be played by the Cβ-Cγ atoms of the Arg residues, the charged side chains of which
would contribute to stabilization of the helical barrels via salt bridge interactions (yellow dashed lines
in Figure 3f) with Asp and Glu residues of the neighboring helices.
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Figure 3. Modeling oligomerization of the N-terminal constructs of human CAPs: the CCBUILDER
2.0 web application (http://coiledcoils.chm.bris.ac.uk/ccbuilder2) was used to model the oligomeric
coiled-coil structures of CAP1 (shown) and CAP2 N-terminal helices. The most stable tetramers (a–e)
and hexamers (f–j) with the lowest energies are shown from three perspectives: side view (a,f), and along
the helices from the N- (d,i), and C-termini (e,j). Schematic helical wheel diagrams show the relative
orientations of the helices in the oligomers (b,g) and an enlarged view of the highlighted helices (c,h).
Green shaded areas represent the hydrophobic cores of the oligomers. Up to four salt bridges between
Arg and Asp/Glu residues contribute to the stabilization of each pair of neighboring helices (shown as
yellow dotted lines in (f)). (k) Hypothetical stabilization of the hexamer structure by a fatty acid (blue)
occupying the central, hydrophobic channel of Srv2/CAP (see Section 3). A low-energy CAP2 structure
generated in CCBUILDER is shown. (l) The N-terminal coiled coil sequence of CAP1 (top row), with the
conventional “a–f” designation of the heptad amino acids (middle row) and the hydrophobicity pattern
(bottom row) characteristic of trimeric/tetrameric (xxhxxhh) and higher-order (xhhxxhh) coiled-coil
structures. Residues involved in stabilization of the hydrophobic cores are designated by “h” in the
hydrophobicity pattern and by green color elsewhere. Notice that in the hexamer, Cβ-Cγ atoms of the
underlined Arg residues (l) contribute to the stabilization of the hydrophobic core (red arrows in (j).

2.2. Construction of Monomers, Dimers, and Trimers of Human CAP1 and CAP2 HFD Domains

To address the role of the stoichiometry of N-CAP oligomers in their ability to enhance
cofilin-mediated actin depolymerization, we generated recombinant constructs of the HFD domains
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with the native coiled-coil helices either deleted (ΔCC-N-CAPs) or replaced by helical elements with
known dimer (DD-N-CAPs) and trimer (TD-N-CAPs) oligomerization stoichiometry [50] (Figure 1a).

The MW of the ΔCC-N-CAP1 and ΔCC-N-CAP2 constructs, experimentally determined by AUC,
matched the theoretical MW of the respective constructs with 93 and 99% accuracy (Figure 2a and
Table 1). The constructs designed as dimers and trimers matched the theoretical expectations with 95%
and 94% accuracy, respectively (Figure 2a and Table 1). Furthermore, native MS confirmed the desired
oligomerization states of the constructs with high accuracy, while also showing the presence of a minor
population of dimers of both ΔCC-N-CAPs (Figure 2b and Table 1). The latter observation tentatively
suggests that HFD may contribute to the interactions between the subunits and stabilization of the
native quaternary state of the CAP oligomers.

2.3. Oligomerization through the N-terminal Coiled-Coil Region Affects the Binding Affinity of N-CAPs
to F-actin

Assuming that the ability of Srv2 to enhance cofilin-mediated actin severing requires binding to
F-actin via the N-terminal HFD domain [31], we tested the effects of oligomerization on the ability of
human CAP1 and CAP2 HFD constructs to bind F-actin. By titrating a fixed concentration of N-CAP1
construct with various concentrations of F-actin, we found that the affinity of N-CAP1 constructs
steadily increased from monomers to tetramers (Figure 4b–e,g). This higher affinity suggested that
more than one subunit of the oligomers can contribute to the interaction with F-actin in natural
and artificially designed N-CAP oligomers. Although N-CAP2 constructs showed a similar trend,
the affinity for the monomeric form was lower, while the affinity of the tetrameric constructs was
higher than that of N-CAP1 constructs (Figure 4f,g).

Figure 4. Comparison of F-actin binding affinities of human N-CAP constructs. CAP binding affinities
to F-actin were analyzed by high-speed (300,000× g) cosedimentation: (a) representative sodium
dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) of supernatant (S) and pellet (P)
fractions of N-CAP1 co-pelleted with F-actin (uncropped version of the gel is shown in Supplementary
Figure S2); (b–f) binding curves with error bars representing the standard errors of the mean of three
independent repetitions; (g) Kd values determined by fitting the experimental data to the binding
isotherm equation defined in the Section 4.4.
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2.4. Higher Affinities of the N-CAP Constructs to F-actin Correlated with Higher Potentiation of F-actin
Depolymerization by Cofilins

To assess whether the increased affinity correlated with an improved function, we tested the
ability of the N-CAP constructs to enhance cofilin-mediated F-actin disassembly in bulk pyrene–actin
depolymerization assays. Given that the isoforms of human cofilins differ in their properties [8,53]
and both CFL2 and CAP2 are predominantly found in muscle tissues, while both CFL1 and CAP1 are
expressed ubiquitously, our goal was to establish whether the pairs of cofilin and CAP isoforms
showed functional selectivity. We observed that in both the absence and presence of N-CAP
constructs, depolymerizetion by CFL1 was overall more effective than that by CFL2 (Figure 5,
Table 3, and Supplementary Figure S3). The concentrations of all the oligomers in these experiments
were normalized to their monomeric forms, so the actual concentrations of the protein complexes were
inversely proportional to their oligomerization state. Nonetheless, both N-CAP1 and N-CAP2 constructs
potentiated actin depolymerization progressively better with increasing level of oligomerization,
suggesting that proximity of the subunits in the oligomers positively contributed to the mechanism of
severing and depolymerization. However, while dimers were notably more active than monomers,
trimers were nearly as effective as tetramers, with the only exception being the N-CAP2 dimer,
which was as effective as the CAP2 trimers and tetramers while cooperating with CFL2 (Supplementary
Figure S3d and Table 3). There was no difference between the functional efficiencies of the CAP isoforms
when assisting CFL1, and CAP2 was only marginally more effective than CAP1 when potentiating
depolymerization by CFL2 (Figure 5, Supplementary Figure S3, and Table 3).

Figure 5. Effects of N-CAP oligomers on cofilin-mediated F-actin disassembly in bulk pyrene–actin
depolymerization assays. Depolymerization of preassembled pyrene-labeled (10%) F-actin from the
pointed ends (in the presence of CapZ) was initiated by the addition of a G-actin-sequestering drug
latrunculin B along with 250 nM CFL1 (a,b) or CFL2 (c,d) in the absence of presence of 750 nM N-CAP1
(a,c) or N-CAP2 (b,d) oligomeric constructs. For clarity, error bars representing standard errors of the
mean from three (CFL1) and four (CFL2) independent experiments are shown for every third data point.
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Table 3. Effects of N-CAP constructs on cofilin-mediated F-actin depolymerization rates. Initial rates of
F-actin depolymerization were measured from the slopes of the pyrene–actin depolymerization curves
during the first 500 seconds. Rates are expressed in nM/min as mean values with standard errors from
three (CFL1) and four (CFL2) experiments.

No CAPs CAP1 CAP2

Actin alone 12.9 ± 2.8

CFL1 44.0 ± 4.0
CFL1 + ΔCC-N-CAP 44 ± 4.0 48 ± 6.9
CFL1 + DD-N-CAP 52 ± 4.0 52 ± 4.0
CFL1 + TD-N-CAP 60 ± 12 64 ± 4.0

CFL1 + N-CAP 72 ± 3.4 68 ± 14

CFL2 15.8 ± 6.5
CFL2 + ΔCC-N-CAP 24 ± 4.0 12 ± 1.4
CFL2 + DD-N-CAP 30 ± 0.8 48 ± 3.5
CFL2 + TD-N-CAP 42 ± 6.0 44 ± 4.0

CFL2 + N-CAP 39 ± 4.0 48 ± 2.1

To separate the effects due to the potentiation of severing from those caused by the acceleration
of depolymerization from the ends, we analyzed severing effects at the single-filament level using
TIRF microscopy. To this end, fluorescently labeled G-actin (33% Alexa 488-labeled actin and 1%
biotinylated actin) was polymerized in a chamber and tethered to coverslips through biotin–streptavidin
interactions. Filaments were grown up to 15 μm average size before either cofilin alone (50 nM)
or with N-CAP constructs (750 nM) was flowed into the chamber to induce severing. The applied
proteins did not contain G-actin to preclude polymerization from the severed ends of the filaments.
As compared to CFL1 alone, we observed over 2.5-fold potentiation of severing in the presence of either
N-CAP1 or N-CAP2 (Figure 6a–c) with no substantial difference between the two isoforms. Again,
the severing events directly correlated with the N-CAP oligomeric stoichiometry, with the tetrameric
constructs being notably more effective than their lower oligomerization state counterparts (Figure 6b,c).
Interestingly, despite slower depolymerization in bulk assays, CFL2 severed filaments more effectively
than CFL1 (Figure 6b–d). The severing was so fast and effective that both N-CAP constructs contributed
only marginally to the severing activity of CFL2 (Figure 6d). These observations are in line with
a higher severing efficiency of CFL2 towards skeletal actin [53,54] and its lower depolymerization
capacity [8,54] reflected in its inability to increase the critical concentration for polymerization [17].
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Figure 6. Effects of N-CAP constructs on cofilin-mediated F-actin severing observed by total internal
reflection fluorescence (TIRF) microscopy. (a) Representative time-lapse images of Alexa 488-labeled
F-actin severing upon addition of CFL1 in the absence or presence of N-CAP1 constructs. Arrows
indicate severing events. (b–d) Analysis of severing activities: each data point represents the mean
value of the number of severing events per micron of filament from three independent experiments
(10–15 filaments per experiment). For clarity, error bars representing standard deviations of the mean
are shown for every third data point.

2.5. Interaction of CAP1 with CFL1 and CFL2 Isoforms in Cells

To check whether the isoforms of cofilin and CAP made preferential interactions in cells, we
employed the rolling cycle amplification-based proximity ligation assay (Duolink In Situ PLA), allowing
detection of interacting partners when they are located within ~40 nm from each other (see Section 4.8).
By testing various commercial antibodies, we were able to identify specific antibodies that recognized
both recombinant proteins and a single band of the correct size for CFL1, CFL2, and CAP1 (Figure 7a
and Supplementary Figures S4 and S5). Unfortunately, CAP2 antibodies either detected a single band
but of the wrong size in cell extracts and failed to detect recombinant CAP2 (Santa Cruz Biotechnology
#sc-377471; Supplementary Figure S6a), or detected the recombinant protein and the right size protein
in cell lysates, but only as a weak-intensity band among about a dozen higher-intensity bands
(Abnova #H00010486-M01; Supplementary Figure S6b), which made the antibody inappropriate for
immunocytochemistry (and PLA, in particular). To explore the localization of CAP1 with both isoforms
of cofilin, we screened over two dozen cell lines (Supplementary Figure S5) and selected Hs 578T breast
epithelial carcinoma cells, which express high levels of both CFL1 and CFL2 (Figure 7a). Despite CFL1
being the more prevalent of the two isoforms in these cells, the CFL2/CAP1 pair generated notably more
proximity ligation events (Figure 7b), suggesting their more prominent co-localization and interaction.
Notice, however, that more prominent localization may result from the low depolymerization ability
of CFL2 (Table 3), leading to more prolonged, but functionally less effective, cooperation.
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Figure 7. Interaction of native CAP1 with cofilin isoforms in cells: (a) western blot analysis demonstrates
the specificity of the primary isoform-specific anti-CFL1, anti-CFL2, and anti-CAP1 antibodies used in
immunofluorescence proximity ligation assay (PLA) experiments. WCL: whole-cell lysate. Uncropped
versions of the blots are shown in Supplementary Figures S4 and S5. (b) Duolink in situ PLA assay
performed on Hs 578T cells, as described in the Section 4.8. Cells stained using a single primary
antibody (CFL1 only, CFL2 only, and CAP1 only) are shown as negative controls. PLA signal (magenta)
using pairs of CFL1/CAP1 and CFL2/CAP1 antibodies represents CAP1/cofilin interaction events.
Cells were counter-stained with fluorescein isothiocyanate (FITC)–phalloidin for F-actin (green) and
nuclear 4′,6-diamidino-2-phenylindole (DAPI, blue). Scale bar is 20 μm.
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3. Discussion

Elevated expression of both human CAP isoforms (CAP1 and CAP2) is linked to poor prognosis
in multiple different metastatic cancers [45,55]. High invasiveness of cancer cells overexpressing
CAP1 and CAP2 correlates with their roles in stimulating the turnover of actin filaments, which is
essential for cell motility via promoted formation and turnover of pro-migratory structures such as
filopodia and lamellipodia, leading to metastasis [45]. Since cancer-related mutations in both CAP1 and
CAP2 are more prevalent in the N-terminal part of the CAP isoforms, we compared the biochemical
properties of the N-terminal region of both isoforms, which are recognized to bind F-actin and enhance
cofilin-mediated filament disassembly.

Although native Srv2 and CAP1 are reported to form hexamers, as originally revealed by gel
filtration and reconstruction of negatively stained electron microscopy images [29,38] and recently
confirmed by AUC [56], we found that the recombinant N-terminal regions of human CAP1 and
CAP2, that contained the coiled-coil helix and HFD domains both formed tetramers. A computational
approach also suggested that for the N-terminal coiled coils of both CAPs, hexamers are more
enthalpically favorable than tetramers (Figure 3 and Table 2). Several factors could contribute to this
discrepancy. First, in contrast to tetramers, hexamers were predicted to have an internal channel inlaid
by Leu side chains and large enough to incorporate water (Figure 3g,j). Such channels would be
entropically disfavored unless occupied by nonpolar molecules, e.g., fatty acids. Such complexes with
fatty acids, trans-retinol, and Vitamin D have been demonstrated for the pentameric α-barrel of cartilage
oligomeric matrix protein (COMP) [57,58]. We noticed that saturated fatty acids in their extended
conformation fit well in the central cavity of the CAP1/2 models (Figure 3k). Therefore, it is appealing
to consider that, under physiological conditions of the cell, CAP hexamers are stabilized by such
nonpolar molecules. Next, the hexamers of N-CAPs can be disfavored by the lower configurational
entropy of HFD domains, which were expected to be constrained in hexamers but loosely placed in
lower-level oligomers. In the full-length proteins, the equilibrium can be shifted towards the hexameric
state by the enthalpic forces of the pairwise association between the CAP C-terminal domains [28].
One could also speculate that the formation of hexamers or other high-order constitutive oligomers
in the cell occurs co-translationally on polyribosomes, as has been shown for the assembly of vault
particles [59]. This mechanism could also reduce non-productive or mistargeted interactions with
other proteins and disfavor the formation of hetero-hexamers of CAP1 and CAP2. In the absence of
such mechanisms, the proposed hetero-hexamers are likely upon simultaneous expression of the CAP1
and CAP2 isoforms, due to the high conservation of the coiled-coil domains varying by only four
conserved amino acids (Figure 1b).

Although the stoichiometry of the recombinant CAP constructs did not match the reported
stoichiometry of the native complexes, the recombinant tetramers were nearly 2-fold more effective in
assisting cofilin in actin severing and depolymerization as compared to the HFD monomers (Figures 5
and 6). Furthermore, oligomers of a reduced stoichiometry (i.e., trimers and dimers) also assisted
cofilin better than monomers (Supplementary Figure S3). Along with the higher binding affinities of
the oligomers to actin (Figure 4g), this observation suggested that the mechanism of actin severing
and depolymerization involves simultaneous or consequent and coordinated binding of more than
one HFD domain to F-actin–cofilin complexes. It is tempting to speculate that the CAP oligomers
may roll at the depolymerizing end of F-actin as a wheel, with “spokes” of HFD binding to both
terminal and adjacent actin subunits, separating the former from the latter and from the filament body.
Since severing occurs at the interface between the cofilin-decorated and cofilin-free filament regions
characterized by different twists, the HFD domains of CAPs may serve to stabilize the original actin
twist and provide a distinct border between the two states.

We did not observe a measurable difference between the CAP isoforms in their ability to assist in
actin depolymerization (Figure 5). This observation correlates with the fact that both CAP1 and CAP2
are recognized as makers of tumorigenesis, promoting invasiveness and cytokinesis of tumor cells.
While more effective in severing (Figure 6b–d), CFL2 was notably less potent than CFL1 in accelerating
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filament depolymerization in bulk assays (Table 3). This difference between CFL1 and CFL2 persisted
in the presence of N-CAP1/2 constructs, and may account for the more abundant association of CFL2
with CAP1 observed in cells (Figure 7b). Indeed, slower dissociation of actin subunits from the filament
ends might imply cycling via less productive but more extended in time association of CFL2 with CAPs.
Since our experiments did not reveal a substantial functional difference between N-CAP1 and N-CAP2,
it is conceivable that the difference between the isoforms is limited to their differential regulation and/or
their C-terminal regions involved in recharging the depolymerized ADP–G-actin/cofilin complexes
with ATP and profilin [28].

In addition to promoting actin turnover, ADF/cofilins mediate active, importin-mediated transport
of actin to the nucleus [60–62], stabilize thick parallel F-actin bundles (rods) both in the cytoplasm
and the nucleus under stress conditions [63–65], regulate mitochondrial dynamics [66–68], and,
controversially, contribute to apoptosis upon translocation to mitochondria [69–73]. These activities
appear to correlate with a low energy state or a decreased cell’s reducing power, and are designed
to either compensate for these deficiencies by reducing actin treadmilling and the resulted energy
consumption (e.g., by sequestering ADP–actin in actin rods) or exacerbating the condition by promoting
cell death (e.g., apoptosis). Nuclear transport of actin may serve similar compensatory purposes,
as high levels of nuclear actin inhibit transcription by RNA polymerase II [74]. Whether or not
CAP1/CAP2 assist cofilin in these processes is unknown and remains to be established in future works.

4. Materials and Methods

4.1. Molecular Cloning

N-CAP constructs with the original coiled-coil N-terminal helices were cloned with C-terminal
6xHis-tags into pET21b plasmid (Novagen, Madison, WI, USA.). Dimerization 2L4HC2_23 (5J0K),
and trimerization 2L6HC3_6 (5J0J) domain sequences [50] were amplified from plasmids generously
provided by Dr David Baker (University of Washington, Seattle, WA, USA). Coiled-coil regions
of N-CAPs (a.a. 1–29) were deleted (to generate ΔCC-N-CAP constructs) or replaced with either
dimerization or trimerization domains (to generate DD-N-CAPs and TD-N-CAPs, respectively)
and cloned with N-terminal 6×His-tags into pColdI vector (Clontech, San Francisco, CA, USA)
using NEBuilder HiFi DNA Assembly Master Mix (New England BioLabs, Ipswich, MA, USA).
Sequences of all constructs were verified by Sanger DNA sequencing (Genomics Shared Resource,
OSU Comprehensive Cancer Center, Columbus, OH, USA).

4.2. Protein Purification

Actin was purified from skeletal muscle acetone powder: either of rabbit origin purchased from
Pel-Freez Biologicals (Rogers, AR, USA) or of chicken origin prepared in-house from flash-frozen
chicken breast (Trader Joe’s, Columbus, OH, USA), as previously described [75–77].

CAP1 and CAP2 constructs (N-CAP, Δ-CC-CAP, DD-N-CAP, TD-N-CAP) were expressed in
BL21-CodonPlus(DE3)pLysS Escherichia coli (Agilent Technologies, Santa Clara, CA, USA) grown in
nutrient-rich bacterial growth medium (1.25% tryptone, 2.5% yeast extract, 125 mM NaCl, 0.4% glycerol,
50 mM tris(hydroxymethyl)aminomethane hydrochloride (Tris-HCl), pH 8.2). After reaching an OD600

of 1–1.2, the cells were incubated for 30 minutes on ice, and expression was induced by the addition of
1 mM isopropyl-β-d-thiogalactoside (IPTG), after which the cells were grown at 15 ◦C for 15–20 hours.
CAP constructs were purified by immobilized metal affinity chromatography on TALON metal affinity
resin (Clontech, San Francisco, CA, USA) and eluted in buffer containing 50 mM sodium phosphate,
pH 7.4, 300 mM NaCl, 0.1 mM phenylmethylsulfonyl fluoride (PMSF), 2 mM benzamidine–HCl,
and 250 mM imidazole. Purified constructs were dialyzed against buffer containing 20 mM Tris-HCl,
pH 8.0, 30 mM NaCl, 2 mM dithiothreitol (DTT), and 0.1 mM PMSF. CAP constructs were aliquoted,
flash-frozen in liquid nitrogen, and stored at −80 ◦C.
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Tagless full-length human cofilins were expressed in E. coli BL21-CodonPlus(DE3) cells.
Transformed bacterial cells were grown at 37 ◦C in 4 L of a rich medium as described above. Cultures
were induced with 1 mM IPTG, and incubated at 37 ◦C in a shaking incubator for 4 h. Cells were pelleted
at 4 ◦C and resuspended in ice-cold buffer containing 10 mM piperazine-N,N′-bis(2-ethanesulfonic
acid) (PIPES), pH 6.8, 0.5 mM ethylenediaminetetraacetic acid (EDTA), 10 mM 2-mercaptoethanol,
1 mM PMSF, 5 mM benzamidine, SIGMAFAST protease inhibitor cocktail (EDTA-free), and lysed
using a French press. Cofilins were purified by sequential anion and cation exchange chromatography
as described previously [78]. Briefly, cell lysates were passed through DE52 (DEAE cellulose) and
suplphopropyl (SP)-sepharose (Sigma-Aldrich, St. Louis, MO, USA) columns connected in tandem (in
this order), followed by elution from the SP-sepharose column with a gradient of 50 to 500 mM NaCl in
buffer containing 10 mM PIPES, pH 6.8, 0.5 mM EDTA, 10 mM 2-mercaptoethanol, and 0.5 mM PMSF.
The recombinant cofilins were purified to >95% homogeneity by size-exclusion fast protein liquid
chromatography (FPLC) in 10 mM 3-(N-morpholino)propanesulfonic acid (MOPS), pH 7.0, 25 mM
NaCl, 1 mM DTT, and 0.1 mM PMSF.

Concentrations of all proteins were determined based on their absorption: for actin in the presence
of 0.5 M NaOH, an A (1%) at 290 nm of 11.5 cm−1 was assumed; extinction coefficients at 280 nm
for CFL1 and CFL2 as well as for all N-CAP1 and N-CAP2 constructs were predicted based on their
sequences using the Expasy ProtParam online resource, Switzerland [79].

4.3. Sedimentation Velocity Analytical Ultracentrifugation (SV-AUC)

Sedimentation velocity experiments were performed in a ProteomeLab XL-I analytical
ultracentrifugation system (Beckman Coulter, Chaska, MN, USA). Briefly, 50 μM protein samples were
loaded into AUC cell assemblies at a 12 mm path length. To achieve chemical and thermal equilibrium,
the An-50 TI rotor with loaded samples was allowed to equilibrate in the centrifuge at 20 ◦C for ~4 h.
The rotor was spun at 50,000 rpm and absorption at 280 nm data were collected for up to 6 hours
and a total of 42 scans. SEDFIT software (http://sedfitsedphat.nibib.nih.gov, version 16-1c, USA) was
used to perform the data analysis with a continuous sedimentation coefficient distribution model c(S).
Values for 20 mM Tris-HCl, pH 8.0 buffer viscosity (0.010102 poise), density (1.02 g/mL), and partial
specific volume (0.73 mL/g) were used, and confidence level was set to 0.68.

4.4. F-Actin Binding Cosedimentation Assays

Ca2+ in the nucleotide cleft of G-actin was switched to Mg2+ by adding MgCl2 and ethylene
glycol-bis(β-aminoethyl ether)-N,N,N′,N′-tetraacetic acid (EGTA) to 0.1 and 0.5 mM, respectively,
and incbuating on ice for 10 min. G-actin was then polymerized by supplementing MgCl2 and KCl
to 2 and 50 mM, respectively, in 20 mM Tris-HCl, pH 7.5, and incubating at room temperature for
1 h. CAPs were used at a final concentration of 5 μM, while actin concentration varied from 2.5
to 50 μM. Reaction mixtures were incubated either 1 h at room temperature or overnight at 4 ◦C.
Reactions were centrifuged at 300,000× g at 25 ◦C for 30 min using a TLA-100 rotor in an Optima
TLX ultracentrifuge (Beckman Coulter, Chaska, MN, USA). Supernatants and pellets were carefully
separated, balanced by volume, and analyzed by SDS-PAGE. Gels were stained with Coomassie
Brilliant Blue and quantified using ImageJ software version 2.0.0.-rc-69/1.52p, USA [80]. Binding
efficiency expressed as an equilibrium dissociation constant (Kd) was quantified by fitting the data to
the binding isotherm equation

ΔF/ΔFmax = (P + A + Kd −
√
((P + A + Kd)

2 − 4PA)/2P

where A is the concentration of F-actin and P is the concentration of N-CAP constructs.
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4.5. TIRF Microscopy

TIRF microscopy was conducted as described previously [76,77]. Briefly, immediately before
the experiment, flow chambers were functionalized by incubation with 0.1 mg/ml streptavidin in
phosphate-buffered saline (PBS) and blocked for 3 min in blocking buffer (1% (w/v) bovine serum
albumin (BSA) in 50 mM Tris-HCl, pH 7.5, 150 mM NaCl), followed by successive washes with the
blocking buffer and 1× TIRF buffer (10 mM imidazole, pH 7.0, 50 mM KCl, 50 mM DTT, 1 mM MgCl2,
1 mM EGTA, 0.2 mM ATP, 50 μM CaCl2, 15 mM glucose, 20 μg/mL catalase, 100 μg/mL glucose oxidase,
15% glycerol, and 0.5% methylcellulose-400cP (Sigma Aldrich, St. Louis, MO, USA)). Skeletal actin
(33% Alexa 488-labeled, 1% biotinylated; 1.5 μM final concentration) was incubated with an exchange
buffer (50 μM MgCl2, 0.1 mM EGTA) for 2 min in order to switch from Ca2+– to Mg2+–ATP actin.
Polymerization of actin was initiated by the addition of an equal volume of 2× TIRF buffer and the
mixture was transferred to the flow chamber within 15 seconds. Filaments were grown to ~15 μM
average length. Free actin monomers were then removed by flushing the desired concentrations of
proteins in 1× TIRF buffer. Images were collected every 5 s with a Nikon Eclipse Ti-E microscope,
through-the-objective TIRF illumination system, 100× oil objective, and a DS-QiMc camera (Nikon
Instruments Inc., Melville, NY, USA). Data were analyzed using ImageJ software: severing events per
μM of filament length were calculated by measuring the filament length in the frame prior to the flow
of proteins and then manually counting the number of severing events.

4.6. Bulk F-actin Disassembly Assays

The final concentration of 2 μM, 10% pyrene-labeled F-actin was mixed with 4 μM latrunculin
B and 100 nM CapZ in F-buffer (20 nM Tris-HCl, pH 7.5, 50 mM KCl, 0.2 mM ATP, 1 mM MgCl2,
0.5 mM EGTA, and 1 mM DTT). At time zero, disassembly was induced by addition of either F-buffer
alone, F-buffer containing cofilin, or F-buffer containing cofilin and CAPs. A decrease in fluorescence
was monitored for 3000 s at 25 ◦C at excitation wavelength (λex = 365 nm) and emission wavelength
(λem = 407 nm) using an Infinite M1000 Pro plate reader (Tecan, Baldwin Park, CA, USA).

4.7. Native Mass Spectrometry (Native MS)

Sample purity and integrity were analyzed by online buffer exchange MS using an UltiMate™ 3000
RSLC coupled to an Exactive Plus EMR Orbitrap instrument (Thermo Fisher Scientific, Grand Island, NY,
USA) modified to incorporate a quadrupole mass filter and allow for surface-induced dissociation [81].
Between 100 and 300 pmole protein (referring to monomer) were injected and online buffer exchanged to
200 mM ammonium acetate, pH 6.8 by a self-packed buffer exchange column [81,82] (P6 polyacrylamide
gel; Bio-Rad Laboratories, Hercules, CA, USA) at a flow rate of 100 μL per min. Mass spectra were
recorded for 1000–14000 m/z at 8750 resolution, as defined at 200 m/z. The injection time was set
to 200 ms. Voltages applied to the transfer optics were optimized to allow ion transmission while
minimizing unintentional ion activation. Mass spectra were deconvoluted with UniDec version 4.0.0
beta, England [83].

4.8. Cell Culture, Western Blotting, and In Situ Proximity Ligation Assay (PLA)

To reveal the native interactions of CAP proteins with cofilin isoforms in cells, we utilized
a Duolink in situ proximity ligation immunofluorescence assay (Sigma-Aldrich, St. Louis, MO, USA).
In this assay, two primary antibodies raised in different species are used to detect two unique protein
targets (e.g., CFL and CAP) followed by binding of the corresponding species-specific secondary
antibodies conjugated with oligonucleotides (PLA probes). If the target proteins interact with each
other, the corresponding PLA probes will be close to each other (<40 nm) and hybridizing connector
oligos will join the PLA probes, consequently amplifying the localized signal up to 1000-fold by
rolling-circle amplification. The signal is then visualized as discrete spots by microscope imaging.
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Primary antibodies for Duolink PLA were evaluated by western blot analysis using whole-cell
lysates (WCL; 50 μg per lane) and purified recombinant proteins (50 ng per lane). Rabbit anti-CFL1
(#5175 Cell Signaling Technology, Danvers, MA, USA) and rabbit anti-CFL2 (#AP20625c Abgent,
San Diego, CA, USA) specifically recognized the respective recombinant proteins, as well as native
proteins in WCLs at 1:1000 dilution (Figure 7a and Supplementary Figure S5), while rabbit anti-CFL2
(#GTX100213 GeneTex, Irvine, CA, USA) failed to recognize recombinant CFL2. Mouse anti-CAP1
(#SAB1406999 Sigma-Aldrich, St. Louis, MO, USA) specifically recognized recombinant ΔCC-N-CAP1
and native CAP1 in WCLs at 1:500 (Figure 7a and Supplementary Figure S4). However, mouse anti-CAP2
antibody (#sc-377471 Santa Cruz Biotechnology, Dallas, TX, USA) raised against amino acids 77–121 of
human CAP2 failed to recognize the recombinant human ΔCC-N-CAP2 (a.a. 30–220) (Supplementary
Figure S6a). Furthermore, while mouse anti-CAP2 (#H00010486-M01 Abnova, Taiwan) raised against
GST-tagged full-length recombinant human CAP2 specifically recognized the recombinant human
ΔCC-N-CAP2, staining of WCLs produced multiple major non-specific bands (Supplementary Figure
S6b), which made this antibody unusable for PLA applications. Secondary antibodies used for western
blotting analysis were anti-mouse and anti-rabbit IgG conjugated to horseradish peroxidase (#A4416
and #A0545 Sigma-Aldrich, St. Louis, MO, USA), both at 1:10,000. The signal was detected using
a WesternBright Sirius chemiluminescent HRP substrate (#K-12043 Advansta, San Jose, CA, USA) in
an OmegaLum G Aplegen imager (Gel Company, San Francisco, CA, USA).

The following cell lines were grown according to ATCC recommendations: HeLa, CaCo 2, LS 174T,
HEK 293, HT 1080, U2OS, PANC 1, MDA-MB-231, -436, -468, SKBR 3, MCF 7, Raw 264.7, 3T3, CHOK1,
CCL-39, MDCK, IEC-18, WI-38, and Hs 578T. Anti-cofilin western blots revealed that among these cell
lines, Hs 578T demonstrated prominent expression of both CFL1 and CFL2 isoforms (Supplementary
Figure S5). Anti-CAP1 western blotting confirmed similarly high levels of CAP1 expression in Hs 578T,
compared to HeLa, HT 1080, U2OS, MDA-MB-436, SKBR 3, and WI-38 (Supplementary Figure S4).
Therefore, the Hs 578T cell line was selected for the PLA studies.

For the Duolink in situ PLA, Hs 578T cells were plated at 30%–50% confluency on μ-slide ibiTreat 8
well plates (#80826 ibidi, Germany), allowed to attach overnight, and fixed/permeabilized for 15 min in
PBS containing 4% formaldehyde and 0.1% Triton X-100. Duolink in situ PLA staining was performed
according to the manufacturer’s user guide. Pairs of primary antibodies were used as followed: rabbit
anti-CAP1 (#SAB1406999 Sigma-Aldrich, St. Louis, MO, USA) 1:100 with either mouse anti-CFL1
(#5175, 1:400; Cell Signaling Technology, Danvers, MA, USA) or mouse anti-CFL2 (#AP20625c, 1:100;
Abgent, San Diego, CA, USA). For the negative control staining, only one primary antibody was
used, followed by both PLA probes and rolling cycle amplification. Cells were counter-stained with
FITC–phalloidin (Thermo Fisher Scientific; 30 nM final concentration in PBS), mounted in Duolink in
situ mounting medium with DAPI (Sigma-Aldrich), and imaged using Eclipse Ti-E microscope with
a 60× oil objective and DS-QiMc camera (Nikon Instruments Inc., Melville, NY, USA).

Supplementary Materials: Supplementary materials can be found at http://www.mdpi.com/1422-0067/20/22/
5647/s1.
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Abbreviations

ADF Actin depolymerizing factor
CFL Cofilin
Srv2/CAP Cyclase-associated protein
CC Coiled-coil
HFD Helical folded domain
P1 and P2 Proline-rich regions 1 and 2
WH2 Wiskott–Aldrich homology 2
CARP C-terminal β-sheet domain
Aip1 Actin interacting protein 1
ATP Adenosine triphosphate
ADP Adenosine diphosphate
Pi Inorganic phosphate
SV-AUC Sedimentation velocity analytical ultracentrifugation
c(S) Sedimentation coefficient distribution
TIRF Total internal reflection fluorescence
MS Mass spectrometry
PLA Proximity ligation assay
SDS-PAGE Sodium dodecyl sulfate polyacrylamide gel electrophoresis
BUDE Bristol University Docking Engine
COMP Cartridge oligomeric matrix protein
WCL Whole-cell lysate
FITC Fluorescein isothiocyanate
DAPI 4′,6-Diamidino-2-phenylindole
IPTG Isopropyl-β-D-thiogalactoside
PMSF Phenylmethylsulfonyl fluoride
DTT Dithiothreitol
TRIS Tris(hydroxymethyl)aminomethane
PIPES Piperazine-N,N′-bis(2-ethanesulfonic acid)
EDTA Ethylenediaminetetraacetic acid
MOPS 3-(N-morpholino)propanesulfonic acid
EGTA Ethylene glycol-bis(β-aminoethyl ether)-N,N,N′,N′-tetraacetic acid
PBS Phosphate-buffered saline
GST Glutathione S-transferase
BSA Bovine serum albumin
HRP Horseradish peroxidase
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Abstract: Ezrin, radixin and moesin proteins (ERMs) are plasma membrane (PM) organizers that
link the actin cytoskeleton to the cytoplasmic tail of transmembrane proteins, many of which are
adhesion receptors, in order to regulate the formation of F-actin-based structures (e.g., microspikes
and microvilli). ERMs also effect transmission of signals from the PM into the cell, an action mainly
exerted through the compartmentalized activation of the small Rho GTPases Rho, Rac and Cdc42.
Ezrin and moesin are the ERMs more highly expressed in leukocytes, and although they do not always
share functions, both are mainly regulated through phosphatidylinositol 4,5-bisphosphate (PIP2)
binding to the N-terminal band 4.1 protein-ERM (FERM) domain and phosphorylation of a conserved
Thr in the C-terminal ERM association domain (C-ERMAD), exerting their functions through a wide
assortment of mechanisms. In this review we will discuss some of these mechanisms, focusing on
how they regulate polarization and migration in leukocytes, and formation of actin-based cellular
structures like the phagocytic cup-endosome and the immune synapse in macrophages/neutrophils
and lymphocytes, respectively, which represent essential aspects of the effector immune response.

Keywords: ezrin; moesin; actin; leukocytes; polarization; immune synapse

1. Introduction

The plasma membrane (PM)-associated cytoskeleton, namely the cell cortex, is a dense network
of microfilaments and motor proteins of the myosin II family that coordinately produces tension under
the PM of cells. Such PM-associated tension controls cell shape, polarization, motility and cell–cell
interactions, among other important cellular functions. In addition to actin and myosin II, the cell
cortex contains roughly one hundred actin binding proteins (ABPs) that are involved in organization
of the actin meshworks and are important for the generation and regulation of tension near the PM [1].
Ezrin, radixin and moesin proteins (ERMs) and merlin are among the ABPs that regulate organization
of actin filaments (F-actin) under the PM (reviewed in [2]). ERMs localize to PM protrusions (e.g.,
microvilli, filopodia, retraction fibers and pseudopods), cell–cell junctions and the cleavage furrow of
dividing cells. The ERM-related protein merlin, the neurofibromatosis type 2 (NF2) tumor suppressor
gene product, is also associated with cell–cell junctions. However, its functions in leukocytes will not
be addressed in this review since their study has been mainly restricted to cancer cells and cells of
the nervous system, in which merlin regulates signaling pathways associated not only with the PM
but also with the cytoplasmic and nuclear compartments (reviewed in [3]). Ezrin (named after Ezra
Cornell University, where it was isolated) was originally identified as a component of microvilli in
chicken intestinal epithelial cells, while radixin (from the Latin radix, which means root) and moesin
(membrane-organizing extension spike protein) were isolated from the adherens junctions of rat liver
hepatocytes and smooth muscle cells of the bovine uterus, respectively [4–6]. By anchoring F-actin
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to the cytoplasmic tail of transmembrane proteins, ERMs can regulate cortex tension and stiffness
throughout the PM and PM-associated domains of polarized cells, taking part in the formation of
complex tissue-associated structures including the brush border of intestinal villi [7]; organization of
photoreceptors in the retina [8,9]; and formation of tubules in blood vessels, the excretory intracellular
canal of Caenorhabditis, and terminal cells of the Drosophila tracheal system [10–12]. Although cultured
cells express ERMs to a greater or lesser extent, the expression of particular ERM members is strictly
regulated in certain tissues: endothelial cells mainly express moesin, ezrin is expressed in intestinal
epithelial cells but is absent in hepatocytes, whereas the opposite holds true for radixin. Moesin
is the most abundant ERM in leukocytes, whereas ezrin is less expressed and radixin is nearly
absent [13–16]. In this review, we describe the intrinsic features that enable ERMs to work as efficient
PM-cytoskeleton cross-linkers, and offer a perspective on the functional role of ERMs in leukocyte
polarization, migration and intercellular adhesion, focusing on the phagocytic cup and the immune
synapse (IS) as paradigmatic PM-associated actin-based structures for the function of leukocytes in the
immune system.

2. ERM Tools for Plasma Membrane-to-Cytoskeleton Bridging

Given the high degree of homology shared among the three ERMs (73% amino acid identity) and the
expression of more than one in many cell types, overlapping or even compensatory functions have been
proposed. This suggests that they work in a similar way, a view that has been confirmed at structural
level except for some cases in which specific activities have been assigned to individual ERMs. ERMs
bear two well-defined functional domains connected through a long α-helix region: the N-terminal
FERM (band 4.1 protein-ERM) domain and the C-terminal ERM association domain (C-ERMAD,
50% sequence homology among ezrin, radixin and moesin). The FERM domain is composed of three
subdomains (F1, a ubiquitin-like domain; F2, with four α-helices; and F3, a pleckstrin homology
domain) and shows over 75% sequence homology [3] (Figure 1). The presence of the FERM domain is
critical for the function that ERMs exert as linkers of the PM and the actin cell cortex.

Biochemical studies and structural analyses of protein complexes with the cytoplasmic tail of
adhesion molecules ICAM-2, PSGL-1, CD43 and CD44 [17–21] have shown that ERMs can directly
bind to these adhesion receptors through a juxtamembrane cytoplasmic region containing a positively
charged cluster and a contiguous nonpolar amino acid motif (R/K)-(aa2/aa3)-(Y/L)-aa-(L/V/I) (where aa
represents any amino acid), a finding that can be extended to other known ERM-binding proteins (e.g.,
ICAM-1 [22], ICAM-3 [23], VCAM-1 [24] and N-CAM-L1 [25]). Such binding to ERMs takes place in
a groove formed between a β-strand and an α-helix of the FERM F3 subdomain. In addition to this
consensus motif, specific Ser in the cytoplasmic tail of adhesion molecules can regulate their binding
to ERMs through phosphorylation-dependent mechanisms. Interactions between Ser and the FERM
domain have been reported in ICAM-3, PSGL-1, N-CAM-L1 and L-selectin; whereas phosphomimetic
mutations of key Ser residues susceptible to phosphorylation by PKC in the cytoplasmic tail of ICAM-3
(Ser6), CD43 (Ser76), CD44 (Ser2) and L-selectin (Ser9) interfere with their binding to the FERM domain,
likely by reducing the net positive charge of their FERM-binding motifs [17,26–30]. The FERM domain
can also bind indirectly to ion transporters and other transmembrane receptors (e.g., the β2-adrenergic
receptor, Na+/H+ exchangers [NHE3], and the cystic fibrosis transmembrane conductance regulator,
CFTR) through two PDZ domains in the scaffolding ERM-binding phosphoprotein 50 (EBP50, also called
NHERF1) and NHE3 kinase A regulatory proteins (E3KARP, also called NHERF-2) (reviewed in [31]).
Crystal structures of the EBP50 and E3KARP C-terminal peptides bound to radixin have identified a
consensus amino acid sequence that can bind to a region of the FERM domain that, despite barely
overlapping with the binding site to adhesion molecules, can interfere with their binding by transmitting
conformational changes in the F3 subdomain [32].
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Figure 1. Schematic comparison of the conserved domain structure of human ezrin and moesin
showing their sequence identity. The three subdomains (F1–F3) of the N-terminal band 4.1 protein
ezrin, radixin and moesin (FERM) domain, the α-helical region, and the C-terminal ERM association
domain (C-ERMAD) are depicted. Note that ezrin bears a linker region containing a regulatory
Tyr (Y477) that is absent in moesin. The binding sites for PIP2, adhesion receptors and the PDZ
domain-containing proteins EBP50 and E3KARP in the FERM domain, and for the F-actin binding site
in the C-ERMAD, are shown together with the regulatory Tyr and Thr. Ser/Thr-specific ERM-associated
kinases (CDK5, cyclin-dependent kinase 5; ROCK, Rho kinase; GCKs, germinal center kinases, e.g.,
LOK, lymphocyte-oriented kinase) and phosphatases (MLCP, myosin light chain phosphatase) are
also depicted.

The FERM domain and the C-ERMAD can bind each other in a head-to-tail manner, leading to a
closed/inactive conformation [33,34]. The release of the C-ERMAD from the FERM domain is necessary
for the activation of ERMs, unmasking their F-actin- and PM binding sites. The C-ERMAD can also bind
to F-actin after phosphorylation on a conserved Thr in ezrin, radixin and moesin (Thr576, Thr564 and
Thr558, respectively) [35,36], which is an important feature for the fine regulation of the PM-to-actin
cytoskeleton-linking activity of ERMs. Although phosphorylation of Thr in the F-actin binding site
containing C-ERMAD is essential for the activation of ERMs, our current view of how ERMs bind to
both PM and F-actin requires the participation of phosphatidylinositol 4,5-bisphosphate (PIP2) [37–39].
Among the mechanisms by which PIP2 may regulate activation of ERMs, it is worth noting recent
studies suggesting that, during the interaction between CD44 and ERMs, two molecules of ERM and
two molecules of CD44 are indirectly bound by PIP2 forming a heterotetramer at the PM. PIP2 can bind
to two sites on the FERM domain (Lys63-Lys68 of the F1 subdomain, and clusters Lys253-Lys254 and
Lys262-Lys263 of the subdomain F3) through a mechanism by which one molecule of PIP2 sequentially
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binds the FERM subdomains, changing the conformational structure of ERMs in such a way that
renders the F-actin binding site of the C-ERMAD more accessible for Thr phosphorylation [40,41].
Initial studies reported that the key Thr on the C-ERMAD was phosphorylated by Rho-kinase (ROCK)
both in vitro and in vivo [36]; however, ROCK-independent mechanisms have also been described,
suggesting that C-ERMAD may be phosphorylated by other kinases [42,43]. From then, the number of
Ser/Thr kinases that are able to phosphorylate the conserved Thr on the C-ERMAD of ERMs has greatly
increased. The PKC isoenzymes PKC-θ and PKC-α phosphorylate moesin and ezrin in vitro and
associate with them in human T lymphocytes and breast carcinoma cells, respectively [44,45]. Moreover,
recent attention has been given to germinal center kinases (GCK), a subfamily of the mammalian sterile
20-like kinases (Mst) including lymphocyte-oriented kinase (LOK), Mst4, SLK and Nck interacting
kinase (NIK), as the main kinases that phosphorylate the regulatory Thr of ERMs during cell motility
and division [46–51]. To this list of kinases, we must now add two sterile 20-like kinases identified in
Drosophila, misshapen (an orthologue of NIK) and Slik/SLK [52–54].

ERMs are also regulated by phosphatases, as dephosphorylation of the key regulatory Thr of
the C-ERMAD detaches ERMs from the cell cortex, adopting a closed/inactive conformation in the
cytoplasm. In mammalian cells, several phosphatases can dephosphorylate the regulatory Thr of
ERMs. Pioneering studies have reported the association of moesin and ezrin with myosin light chain
phosphatase (MLCP) and their coordinated regulation by ROCK-mediated phosphorylation and
MLCP-mediated dephosphorylation downstream of the activity of the GTPase Rho [55]. Moreover,
protein phosphatase 1 (PP1, the catalytic domain of MLCP) and 2C (PP2C) can dephosphorylate
moesin both in vitro and in vivo from human platelets and at the cortex poles of anaphase cells,
respectively [56,57]. More recently, involvement of the tumor suppressor PTEN phosphatase in the
dephosphorylation of moesin has also been described in chemoattractant-treated neutrophils [58].

Although the regulatory Thr in the C-ERMAD is the most recognized target for
phosphorylation-mediated ERM activation, there are other important targets of phosphorylation:
Thr235 in the interface between the FERM and the C-ERMAD, the ezrin-specific Tyr353 and 477,
and Tyr145 (conserved in all three ERM members) [59–61] (Figure 1). Some evidence suggests that,
at least in ezrin, Thr235 is phosphorylated by cyclin-dependent kinase 5 (CDK5) and cooperates
with Thr576 for its full activation and the cell morphology changes induced in osteosarcoma cells
during senescence [62]. On the other hand, ezrin Tyr145, 353 and 477 can be phosphorylated by Src
kinases and the intrinsic Tyr kinase activity of the growth factor receptors for EGF, HGF and PDGF.
Tyr145 and 477 seem to play a role in cell adhesion and migration, whereas ezrin Tyr353 has been
linked to reorganization of the actin cytoskeleton and activation of B cells in response to tetraspanin
CD81- and B-cell receptor (BCR)-mediated stimulation [61,63–66]. However, the importance of these
posttranslational modifications on the activation and function of ezrin has been much less studied than
the effects of the regulatory Thr of the C-ERMAD. Therefore, although promising, extensive work is
required to draw a clear view of the relationship between these posttranslational modifications and
how they regulate ERM functions, paying particular attention to the possibility that they may explain
some of the specific cellular functions described for ezrin in leukocytes.

3. ERMs in Leukocyte Polarization and Migration

In leukocytes, polarization and migration are interconnected processes regulated by ERMs and
their interaction with guanine nucleotide exchange factors (GEFs) and Rho GDP-dissociation inhibitors
(RhoGDI) of the small Rho GTPases Rho, Rac and Cdc42 in the two major PM-associated compartments
of polarized cells, the leading edge and the uropod [67,68]. These two cell poles are characterized
by their respective clustering of chemoattractant receptors and enrichment of adhesion molecules
on ERM-organized microspikes and microvilli [69,70]. Leukocytes egress from hematopoietic niches
and lymphoid organs to patrol the organism following endothelial cell-presented adhesion receptors
and chemoattractant trails that permit their exit from blood and lymphatic vessels and arrival to
target tissues (e.g., secondary lymphoid organs and inflammatory foci) [71]. Leukocytes responding to
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chemoattractants convert mechanical forces into directional locomotion as a result of their marked
front-to-rear polarity. Hence, Rac-dependent actin polymerization at the leading edge and retraction at
the trailing edge by RhoA/ROCK/phosphorylated myosin light chain (MLC)-stimulated actomyosin
contraction near the uropod are coordinately regulated by each other to maintain polarity and generate
the main forces pushing leukocytes forward [72,73].

Studies with primary T and B lymphocytes, neutrophils and HL-60 human myeloid cells clearly
show that a considerable proportion of ERMs are constitutively activated by phosphorylation and
bound to the PM of resting leukocytes [16,74–76]. PM tension and cell symmetry can be maintained
by the inactivation of small Rho GTPases as result of the binding of their corresponding GEFs
(e.g., PDZRhoGEF, Vav1 and α-PIX) to activated ERMs. However, cell symmetry can be broken by
chemoattractants, which induce leukocyte polarization through transient dephosphorylation of ERMs
by the phosphatase activity of the PP1c subunit of MLCP that, in response to the G protein-coupled
receptor (GPCR)-associated heterotrimeric protein Gαi and the hematopoietic cell-specific actin
regulatory protein Hem-1, is recruited to the emerging leading edge [76]. Once there, MLCP
dephosphorylates ERMs, in turn releasing GEFs to activate Rac and Cdc42, stimulating F-actin
polymerization and subsequent PM protrusive activity at the cell front. Almost immediately, ERMs
can be re-phosphorylated by LOK and/or RhoA-stimulated ROCK and redistributed to the cell rear,
reinforcing PM tension and preventing the formation of secondary pseudopods (Figure 2). Adhesion
to substratum-coated surfaces (e.g., fibrinogen, fibronectin and VCAM-1) via β1 integrins is also a
prerequisite to break the symmetry of leukocytes in chemoattractant-induced polarization. Physical
tension induced at the substratum-attached cell rear polarizes SRGAP-2 (a Bin-Amphiphysin-Rvs
(BAR) domain containing Rac-1-GAP), which binds and deforms the PM, co-recruiting activated
myosin II (pMLC) and the synthesis of PIP2 by PIP5K [77–79]. Since PIP2 is essential for the full
activation of ERMs, it is feasible that its synthesis at the rear of adhered leukocytes may contribute to
recruitment and retention of ERMs in the emerging uropod. In this regard, there is evidence indicating
that ERMs play an important role in the organization of the trailing edge and the formation of the
uropod. Phosphorylated ERMs organize at the cell rear with flotillin-containing lipid rafts, forming
clusters that can activate RhoA by either sequestering its inhibitor Rho GDI or by binding to Dbl, a Rho
GEF concentrated in the cell rear [43,80]. In this cell compartment, activation of Rho kinase (ROCK) by
RhoA phosphorylates MLC to stimulate actomyosin contraction, which together with F-actin binding
to ERMs and polymerization can form the uropod [43,73]. Thus, in polarized leukocytes, it seems that
capping of ERMs at the cell rear not only establishes where the uropod should be formed, but it is
actively involved in its formation by activating RhoA-ROCK and maintaining the PM tension required
to impede the formation of pseudopods anywhere other than on the leading edge.

Although initial studies did not find any significant differences between the adhesion and
migration capabilities of moesin-deficient and wild-type mouse fibroblasts [81], more recent studies
have suggested a non-redundant role for ezrin and moesin in lymphocyte migration. The number
of lymphocytes that egressed from primary and secondary lymphoid organs was impaired in the
moesin-knockout mice, reducing the populations of T and B cells in the peripheral blood and lymph
nodes [82]. Furthermore, siRNA silencing of moesin in T lymphocytes from conditional ezrin-deficient
mice showed that ERMs are important for integrin β1-mediated adhesion to fibronectin and homing
to lymphoid organs, but for chemotaxis solely when cells must pass through constricted spaces [79].
In this regard, an increasing body of evidence suggests that ERMs are involved in both intra-tissue
leukocyte chemotaxis and in the main steps of the chemoattractant-stimulated leukocyte recruitment
cascade: tethering, rolling, firm adhesion and transendothelial migration (TEM) [83].
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Figure 2. Compartmentalized activation of ERMs and small Rho GTPases in polarized motile
leukocytes. (a) Initial symmetry breaking events in resting leukocytes stimulated with chemoattractants.
In response to chemoattractants, G protein-coupled receptor (GPCR)-associated heterotrimeric proteins
stimulate ERM activation at the cell rear through phosphorylation by the kinase activity of LOK
and RhoA-stimulated ROCK, production of PIP2 by PIP5K; and ERM inactivation at the cell front
through PIP2 hydrolysis by phospholipase C (PLC) and the phosphatase activity of the PP1 subunit of
MLCP, which subsequently activates Rac and Cdc42 through the release of their corresponding
guanine nucleotide exchange factors (GEFs). On the upper right, breakdown of microvilli by
chemoattractant-stimulated Rac-1 activation is depicted. (b) Polarized motile leukocyte showing
Rac- and Cdc42-stimulated actin polymerization by the Arp2/3 complex in the leading edge and
RhoA-ROCK-mediated actomyosin contraction in the uropod, which provide the main forces required
to move the cell forward. Rap-1-mediated β1 (e.g., VLA-4) and β2 (e.g., LFA-1) integrin activation in
the leading edge and adhesion molecule-bearing microvilli on the uropod are also depicted. On the
upper right, plasma membrane (PM) tension near the uropod and at the leading edge are compared.

3.1. Tethering and Rolling

Activated ERMs and ERM-binding adhesion receptors (e.g., PSGL-1, L-selectin, ICAMs, CD43
and CD44) work together in the organization of microvilli, F-actin-based finger-shaped PM protrusions
that are important for tethering and rolling during the initial contacts of leukocytes with endothelial
cells [84,85]. It has been proposed that in the bloodstream, PSGL-1 and L-selectin on the tips of
leukocyte microvilli are the first adhesion molecules that establish contact with their counter-receptors
(E/P-selectin and CD34, respectively) on activated endothelial cells of postcapillary venules. L-selectin
also contacts the addressins MadCAM-1 and GlyCAM-1 on the high endothelial venules (HEVs) of
lymphatics, or even with PSGL-1 during secondary contacts among bystander and adhered leukocytes.
In this regard, there is much evidence indicating that moesin and ezrin regulate the tethering and
rolling velocity of leukocytes both in vivo and in vitro. Deficiency of Rap-1, a small Rho GTPase that
in its inactive form fosters ERM phosphorylation in resting leukocytes by activating LOK, disturbs
rolling of naïve T lymphocytes on P-selectin and on addressins by inhibiting tethering [86]. The rolling
velocity of neutrophils in cremaster muscle venules after trauma- or TNF-α-induced inflammation is
detrimentally higher in moesin-deficient than control mice [87]. 32D myeloblast-like cells expressing
an ERM-binding defective PSGL-1 mutant show increased rolling velocity and reduced tethering on L-,
P- and E-selectin, whereas only tethering on PSGL-1 is affected in the corresponding ERM-binding
defective L-selectin mutant [85,88]. Lastly, treatment of mouse splenic B lymphocytes with the
phosphatase inhibitor calyculin A (which increases ERM phosphorylation) or overexpression of a
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phosphomimetic ezrin mutant impairs microvilli formation, chemotaxis and B cell migration to the
spleen and lymph nodes [14]. This suggests that ERMs may support early steps in the leukocyte
transmigration cascade, including secondary leukocyte tethering on leukocytes adhered to endothelial
cells, through the formation of PSGL-1- and L-selectin-bearing microvilli.

3.2. Firm Adhesion

Rolling leukocytes can detect chemoattractants bound to proteoglycans on endothelial cells and
spread on them upon binding to G protein-coupled receptors (GPCRs), which can trigger breakdown of
microvilli through the transient dephosphorylation of ERMs by Rac-1- and Rap-1-mediated PP2A/PP1
activation and LOK inhibition, respectively [86,89]. This early morphological alteration may help cells
to reduce PM tension and increase the surface of contact at the leukocyte–endothelial cell interface.
In addition, chemoattractants induce clustering and conformational activation of the β1 integrin VLA-4
and β2 integrins LFA-1 (in lymphocytes and monocytes) and Mac-1 (in monocytes and neutrophils)
and their respective interaction with VCAM-1 and ICAM-1. The latter are organized in the apically
localized tetraspanin microdomains of endothelial cells, adhesion platforms that can be linked to the
actin cytoskeleton through the binding of CD81 and its partners EWI-2 and EWI-F to ERMs [90,91],
giving rise to leukocyte crawling and subsequent firm adhesion and arrest. However, endothelial
cells also participate actively in this process. In response to the interaction of β2 integrins with
ICAM-1, they form an F-actin-based docking structure which embraces the leukocyte with ICAM-1-
and VCAM-1-rich PM projections containing PIP2 and phosphorylated moesin and ezrin (among other
ABPs) [24]. This actin cytoskeleton-integrated structure is thought to enable the dynamic transition
between leukocyte firm adhesion and TEM. Although the interaction between VCAM-1 and moesin is
involved in leukocyte adhesion to the endothelium, PM projections containing moesin and ICAM-1
facilitate TEM [24,92]. The contribution of ERMs to the formation of the docking structure and their
role in leukocyte adhesion and TEM have been studied both in an experimental model of leukocyte
chemotaxis in COS-7 cells expressing an ERM-binding defective mutant of ICAM-1, and also in human
endothelial cells infected with Neisseria meningitidis, in which the pathogen competes with leukocytes
for the recruitment of ERMs, ICAM-1 and VCAM-1 to their adhesion sites. Overexpression of ezrin and
moesin in N. meningitidis-infected endothelium rescued the formation of the docking structure, whereas
expression of the ezrin FERM domain blocked its formation along with adhesion and diapedesis of
leukocytes, similarly to the effect of expression of the ERM-binding defective ICAM-1 mutant in COS-7
cells [93,94], confirming that the complex organization of adhesion receptors and F-actin in the docking
structure is regulated by ERMs.

3.3. Transendothelial Migration

To cross the endothelial cell monolayer and reach the abluminal side of the vessel, leukocytes
must pass through narrowed spaces, overcoming the resistance offered by endothelial cells and their
basement membrane. To achieve this, PM deformation, force-generated extension at the leading edge
and retraction of the uropod are required [95]. Chemoattractant-induced ERM dephosphorylation
regulates PM tension and deformation in neutrophils and T lymphocytes. The importance of the
regulation of PM tension by ERMs during TEM has been studied in transgenic mice constitutively
expressing the phosphomimetic ezrin mutant T567E, whose T lymphocytes present increased PM
tension, defective migration in vitro and impaired homing to lymph nodes [96]. Although these
lymphocytes showed no defective tethering and rolling on HEVs (perhaps because, as noticed by the
authors, these cells did not present alterations in the length and number of microvilli, possibly as a
consequence of the low levels of ezrin T567E expressed in cells), their passage to the parenchyma
was seriously impaired, as most of them either did not cross the endothelial monolayer or took much
longer to cross it than wild type lymphocytes. Accordingly, neutrophils from PTEN knockout mice, a
phosphatase that can dephosphorylate moesin on Thr558, are defective in chemotaxis and recruitment
to the peritoneum in a thioglycolate-induced mouse model of acute peritonitis [58]. Furthermore,
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treatment of T lymphocytes with glucocorticoids, which increase ERM phosphorylation through
gene expression-independent mechanisms, reduce transmigration in vitro [97]. On the other hand,
leukocytes crawling on endothelial cells under shear stress can ventrally extend short, Cdc42-dependent
exploratory filopodia and Wiskott–Aldrich syndrome protein (WASP)-regulated invasive podosomes
for transcellular and paracellular TEM, respectively. These are reorganized into a main pseudopod
when an appropriate place for diapedesis, the passage of leukocytes through capillary endothelial cells,
is found [98,99]. WASP is considered an effector of many of the mechanisms by which Cdc42 promotes
actin polymerization in leukocytes. Further studies have shown that a deficiency of Cdc42 interacting
protein 4 (CIP4), which interacts with both Cdc42 and WASP, impairs interaction of T lymphocytes with
immobilized ICAM-1 and VCAM-1 under shear flow and their transmigration across TNF-α-activated
endothelial cells [100]. Knowing whether regulation of ERM dephosphorylation can facilitate this
passage by fostering PM deformation and activating Cdc42-dependent actin polymerization for
formation of the invasive pseudopod would thus provide new insights on how TEM is regulated.
Interestingly, recent findings from the study of inflammatory monocytes suggest that ERMs can work
differentially in TEM, since ezrin binds first to L-selectin and promotes formation of a main pseudopod,
whereas moesin interacts later on, fostering shedding of the L-selectin ectodomain and restricting the
appearance of additional pseudopods that would disturb directional transmigration [30,101].

On the other hand, taking advantage of the fact that moesin is the sole ERM member expressed in
Drosophila, an important role for moesin in control of the leading pseudopod has been also associated
with persistence and directionality of collective cell migration in vivo, a process by which groups of
cells coordinately move through tissues [102]. In border cells of the egg chamber in the Drosophila ovary,
which form a small cluster that migrates directionally by means of a pseudopod strictly formed at the
front of the cluster’s leader cell, silencing of moesin or the moesin kinase misshapen promotes formation
of protrusions in non-leader cells and disturbs polarized migration of cell clusters [52,103], suggesting
that localization of moesin at cell–cell contacts can foster formation of the leading pseudopod by
increasing cortical membrane stiffness. In the immune system, most leukocytes move as solitary cells,
but in certain lymphoid malignancies they can also move as aggregates in tissues [104]. This opens
the interesting question of whether ERMs may also regulate the collective migration of leukocytes by
preventing formation of additional pseudopods in non-leader cells.

4. ERMs and Intercellular Adhesion: the Phagocytic Cup and the Immune Synapse as Paradigms
of Ezrin- and Moesin-Mediated PM Organization in Leukocytes

In order to exert cytokine secretion-independent defensive functions, macrophages, DCs,
neutrophils and other phagocytic leukocytes must establish contact with microorganisms, tumoral
and apoptotic cells in a pathophysiological context using PM-associated receptors (e.g., high-affinity
IgG-binding receptors (FcγRs), complement receptor (CR)3, toll-like receptor (TLR)-4, the receptor of
apoptotic cells stabilin-2, or the scavenger receptors CD36 and Dectin-1). This contact permits their
engulfment via the phagocytic cup and internalization within the phagosome, an intracellular vesicle
formed by invagination of the PM. The phagosome is responsible for degradation and, in the case
of professional antigen-presenting cells (APCs), ultimate processing of proteins to initiate adaptive
immune responses by presenting antigen to the antigen-specific T cell receptor (TCR) at the immune
synapse (IS), a PM-associated intercellular compartment that regulates the activation of T lymphocytes
by APCs, but that is also found in NK cells and B lymphocytes [105–107].

Although the phagocytic cup and IS are quite different structures in regard to the identity of the
PM-associated receptors and cell types involved in their formation, they still share some important
features [108]. Among them, it is worth noting the involvement of the actin cytoskeleton and ERMs in
the dynamics of receptors driving their functional organization (Figure 3).
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Figure 3. Organization of leukocyte interactions by ERMs. (a) The phagocytic cup and the phagosome.
Upper part, three-step phagocytic cup formation in direct receptor-mediated phagocytosis (e.g., scavenger
and apoptotic cell recognition receptors): (i) receptor-mediated cell binding and recruitment of PIP2

and ERMs to deformed PM. PLC and Syk signaling from the phagocytic receptor and the ERM-bearing
immunoreceptor tyrosine-based activation motif (ITAM) are respectively depicted; (ii) activation of PLC
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from the phagocytic receptor reduces PM PIP2 and increases intracellular Ca2+ levels, which may
release ERMs from the PM and activate Rac-1 through the specific cleavage of ezrin by calpain and
dephosphorylation of ERMs by myosin light chain phosphatase (MLCP); (iii) activation of Rac-1 by
GEFs released from inactivated/closed ERMs may stimulate actin polymerization by the WAVE-Arp2/3
complex, giving rise to the phagocytic cup. Lower part, phagosome maturation: In late phagosomes,
ERMs return to their intracellular side through a Rho-dependent mechanism, promoting phagolysosome
formation through WASP-ARP2/3-mediated actin polymerization. (b) The T cell immune synapse.
Upper part, early immune synapse (IS) formation: ERMs are transiently inactivated and ezrin interacts
with ZAP-70 along the IS fostering intracellular fluxes of Ca2+, whereas moesin and the adhesion
molecules CD43, CD44 and ICAMs are excluded from the IS. Lower part, mature IS: Ezrin and moesin
are both excluded from the IS and preferentially localized together with adhesion molecules and
F-actin at the d-SMAC and the distal pole complex (DPC), promoting the activation of TCR-associated
proximal and distal elements (PLC-γ activation/Ca2+ mobilization and NFAT dephosphorylation/IL-2
production, respectively).

4.1. The phagocytic Cup and the Phagosome

ERMs and small Rho-GTPases are involved in the early and late steps of phagosome formation.
Phagocytic leukocytes expand their PM surface upon receptor-mediated contact with target cells,
forming the phagocytic cup. ERMs control lateral diffusion of receptors on PM by forming a
fence-and-picket structure (also termed “corral”) of F-actin bundles indirectly bound to transmembrane
proteins (e.g., CD44) through ERMs [109]. This constraint is less strict in the leading edge of
phagocytic leukocytes, where receptors can diffuse early upon ligand recognition to form clusters
that bind multivalent targets, and may be subsequently confined at the emerging phagocytic cup
by ERM-sustained corrals. However, considering that ERMs can also work as protein-associated
modules to transmit signaling through the binding of the Src kinase Syk to the immunoreceptor
tyrosine-based activation motif (ITAM) of their FERM domain [110], a provocative study has suggested
that ERMs may stimulate phagocytosis through receptor-independent mechanisms. In this way,
they would act as phylogenetically conserved mechanotransducers that activate PI3K in response
to the deformations of the PM, which accumulate PIP2 at the contact sites with foreign cells and
particles, recruiting ERMs to the emerging phagocytic cup [111]. Nevertheless, while ERMs can
regulate phagocytosis through a signaling pathway similar to that triggered by the ITAMs of FcγRs,
the absence of moesin does not disturb internalization of IgG-coated particles, suggesting that
ERMs are not essential for opsonization-mediated internalization. On the contrary, ERMs seem to
improve phagocytosis mediated by those mechanisms in which neither opsonization nor ITAM-bearing
receptors are involved, such as the clearance of microorganisms and apoptotic cells by direct binding of
scavenger receptors and receptors of phosphatidyl serine (PS), respectively [111]. Although attractive,
the mechanotransduction model by which the PIP2–ERM–ITAM–Syk axis may collaborate with
receptor-mediated opsonisation-independent phagocytosis leads to some unanswered questions.
For instance, since ezrin and moesin are already activated at the PM of resting leukocytes, connecting
the PM to the actin cortex in flat areas as well as in microvilli and other small protrusions on which
the phagocytic cup will be formed, the positioning of ERMs at the PM seems not to be sufficient for
phagocytic cup formation, suggesting that additional factors must cooperate with them to trigger
phagocytosis. Moreover, some evidence suggests that ERMs detach from the PM early during the
phagocytic process, only returning once the phagosome has been formed [112]. In this regard, a specific
role for ezrin in rearrangements of the actin cytoskeleton leading to the growth of PM projections
surrounding the phagocytic cup of neutrophils has been proposed on the basis that ezrin is the sole
ERM regulated by the proteolytic activity of μ-calpain [113]. Ligand binding to phagocytic receptors
activates phospholipase (PL)C/D to produce IP3, which can trigger an increase of intracellular Ca2+,
inducing the translocation of μ-calpain from the cytosol to the emerging phagocytic cup where it
is activated to cleave ezrin and break the linkage between the PM and the actin cortex (reviewed
in [114]). The specific role of ezrin in the formation of the phagocytic cup is supported by a recent
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report showing that ezrin (but not moesin) promotes the formation of functional phagocytic cup-like
invasive structures during infection of mammalian cells by extracellular amastigotes of Trypanosoma
cruzi [115]. Detachment of ezrin from the PM may relax it but also release Rac-1-GEFs and thereby
stimulate activation of Rac-1 and its effector WASP-family verprolin-homologous protein (WAVE),
which can trigger localized actin polymerization by the Arp2/3 complex, pushing the PM away to form
the phagocytic cup [116]. On the other hand, in using FRET-based biosensors to visualize the activity
of small Rho-GTPase in real-time imaging, recent studies on the clearance of apoptotic thymocytes
through stabilin-2, one of the PS receptors, have shown that RhoA is transiently activated immediately
before phagocytic cup closure and internalization. Furthermore, a constitutively activated form of RhoA
inhibits phagocytosis through ROCK, suggesting that besides Rac-1, RhoA is also important for early
phagocytic events [117]. In macrophages, ROCK regulates maturation of phagosomes generated from
the clearance of apoptotic cells [118], a function that would take place through the re-phosphorylation
of ERMs and their binding to PIP2 and/or some of their abundantly expressed PM partners (e.g.,
CD43 and CD44) on the cytoplasmic side of late phagosomes. At this site, ERMs can interact with
WASP via the FERM domain, and induce de novo F-actin polymerization through Arp2/3, enabling
phagolysosome formation by transmission of lysosomal content to late phagosomes [112] (Figure 3a).
Nevertheless, how ERMs can facilitate phagosome–lysosome fusion is still an open question. Although
some authors assign a direct action to ERMs in the stabilization of the fusion pores that connect the two
organelles during the acidification of the phagosome [119], the possibility that localization of ERMs on
phagosomes may still provide F-actin tracks for phagosome–lysosome approach and membrane fusion
seems not be entirely excluded.

4.2. The Immune Synapse

To carry out their functions during adaptive immunity, lymphocytes must first be activated in the
IS. The prototypical IS of T cells is organized in a central area or supramolecular activation cluster
(c-SMAC) in which the TCR-CD3 signaling complex is concentrated, a ring-shaped peripheral (p)-SMAC
where the β2 integrin LFA-1 is clustered with talin and β-actin, and a more distal lamellipodium-like
(d)-SMAC characterized by a ring of F-actin [120]. Among its functions, the IS modulates T cell
activation, attenuating or sustaining signaling by degradation of TCR-ligand complexes at the c-SMAC
or stabilization of signaling microclusters at the p-SMAC, respectively [121,122].

Several research groups simultaneously reported the localization of ezrin and moesin at the T cell
IS, and they explored their possible functions in its organization with a focus on their phosphorylation
and co-distribution with the large ERM-binding glycoprotein CD43 (Figure 3b). They found that
ERMs were transiently dephosphorylated in response to TCR-triggered stimuli and localized with
F-actin at the d-SMAC, or beyond it, in the distal pole complex (DPC) when T cells adopt a striking
polarized morphology, excluding CD43 from the IS [123–125]. This ERM function was also observed in
the killer cell immunoglobulin-like receptor (KIR)- and NKG2A receptor-triggered inhibitory IS of
NK cells, but only partially in the NK cell activating IS in which ezrin co-localizes with granules of
perforin, whereas moesin can be redistributed towards the DPC [15,126,127]. While exclusion of CD43
from the IS was initially regarded as a mechanism to facilitate T cell activation by preventing steric
interference of TCR binding to major histocompatibility complex (MHC)-loaded antigenic peptides,
further studies with hyperproliferative CD43-deficient T cells expressing CD43 protein constructs have
shown that regulation of T cell activation by CD43 is not exerted by its extracellular domain, but rather
by signaling from its cytoplasmic tail independently of where it was localized on the PM [128]. Later,
interesting nonredundant roles for moesin and ezrin in organization and function of the IS of T cells
were proposed in light of results showing that ezrin was specifically localized in the IS associated
with ZAP-70, a key adaptor-kinase for TCR-triggered signal transmission to proximal elements of
activation (e.g., the adaptor protein linker for activation of T cells LAT), whereas moesin excludes
CD43 from the IS [129]. Moreover, by expressing phosphomimetic- and phosphorylation-defective
ERM mutants in Jurkat cells, the study showed that phosphorylation of ezrin on Thr567 and moesin
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on Thr558 are both important for IS formation, but that only phosphorylation of ezrin was involved
in the recruitment of ZAP-70 to the IS and TCR-triggered Ca2+ mobilization. However, in using T
lymphocytes from ezrin-knockout mice, another study has shown that ezrin can exert a slight impact
on the organization of the IS, and although ezrin (but not moesin) is recruited to the IS at early times,
both are subsequently recruited to the DPC, working together to promote activation of TCR proximal
(PLC-γ and ZAP-70 phosphorylation; and Ca2+ intracellular flux) and distal (NF-AT transcriptional
activity and IL-2 production) elements [130]. The apparent discrepancies between these two studies
have been mainly assigned to differences in the cellular models used (human Jurkat T cells vs. primary
mouse T lymphocytes) [131], off-target effects of the exogenously expressed ERM mutants, possible
cross-reactivity of the Abs used, and residual endogenous expression of moesin in ezrin knockout
mouse T cells interfered with moesin-specific siRNAs. Regardless, there seems little doubt that ERMs
are involved in organization of the IS, a role also supported by the finding that efficient formation of
antigen-specific T cell–APC conjugates requires Vav1-Rac-1-regulated ERM dephosphorylation and
subsequent PM detachment from the actin cortex at the T cell–APC contact interface [132]. This may
promote conjugate formation by increasing PM flexibility and the avidity of LFA-1 for ICAM-1 on
the APC, since the transient detachment of LFA-1 from depolymerized F-actin can increase its lateral
mobility to form small aggregates and clusters at the p-SMAC [133]. However, ERMs can also regulate
the interaction between LFA-1 and ICAM-1 from the APC side of the IS. Anchoring of ICAM-1 to the
actin cortex can provide the resistance required to stretch the F-actin-associated β2 chain of LFA-1,
thus inducing the conformational changes required to increase the affinity of LFA-1 for ICAM-1 [134].
This function is also observed in the activating IS of NK cells, in which ERMs tether ICAM-1 to the actin
cortex of NK-sensitive target cells, facilitating the polarized secretion of cytolytic granules through the
interaction between ICAM-1 and LFA-1 [135].

ERMs have been also involved in the formation of the B cell IS. In resting B lymphocytes, BCRs are
included in lipid rafts, and their diffusion is constrained by a ERM-sustained F-actin corral [136,137].
However, like in TCR-stimulated T cells, ERMs are transiently dephosphorylated in B lymphocytes upon
BCR-mediated stimulation, inducing actin depolymerization and the dissociation of PM-associated
BCR-containing lipid rafts from the actin cortex, which facilitates their coalescence at the IS [138].
BCR triggering induces B cell spread on APCs, giving rise to the rapid ERM-mediated disorganization
of the corral’s F-actin, which can permit signaling by lateral diffusion of small, BCR-containing
microclusters to form larger, more stable ones that, after ERM re-phosphorylation, re-attach to the
PM and are redistributed towards the c-SMAC for internalization by the combined actions of the
centripetal retrograde flow of actin and actomyosin contraction (reviewed in [137]). The importance
of ERMs for organization of signaling microclusters at the IS of B cells has been demonstrated by
overexpression of the FERM domain of ezrin, which disturbed the coalescence of BCR microclusters
to the c-SMAC, similar to that previously described for TCR microclusters in the T cell IS [123].
Furthermore, overexpression of the phosphomimetic ezrin T567D mutant or a lack of both ezrin
and moesin also impaired the coalescence of BCR microclusters to the c-SMAC [75], suggesting
that coordinated ERM binding to and detachment from the PM and F-actin are required for actin
cytoskeleton-regulated BCR signaling from microclusters. More recently, a differential function for
ERMs has been established between naïve and germinal center (GC) B cells, since the latter form ezrin
and moesin-containing podosome-like projections with BCR clusters at their tips, which facilitate
antigen extraction from the PM of APCs through “pulling” forces that preferentially engage high-affinity
antigens, perhaps to establish thresholds for antigen processing that would permit the spatial-temporal
regulation of antigen presentation to follicular T cells [139].

5. ERMs and Immune Regulation

A large body of evidence indicates that ERMs are important for the function of lymphocytes.
X-linked moesin-associated immune deficiency (X-MAID), a human genetic disorder caused by the
missense mutation R171W in the moesin gene, is characterized by extensive lymphopenia, resembling
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the phenotype observed in moesin-knockout mice, with low proliferation of T lymphocyte in which
the proportion of naïve CD4+ and senescent and exhausted CD8+ T cell subtypes is unusually
high [82,140,141]. On the other hand, overexpression of a phosphomimetic moesin mutant attenuates
spontaneous autoimmunity in Rap-1-deficient mice by reducing the number of inflammatory T
lymphocytes recruited to the colon, whereas T lymphocytes infiltrating inflamed kidneys from systemic
lupus erythematosus (SLE) patients show high levels of ERM phosphorylation [86,142]. However,
ERMs do not only regulate autoimmunity through cell migration but also by promoting the production
of CD4+ and CD8+ regulatory T cells (Tregs). CD4+ Treg production is stimulated by ERM binding and
stabilization of the TGF-βR-I and -II on the PM as a positive TGF-β-dependent feedback mechanism
that increases the expression of moesin in cells, whereas CD8+ Tregs are incremented by fostering the
IL-15 signaling pathway that maintains their homeostasis [143,144]. Moreover, ezrin also regulates
B cell-mediated autoimmunity, since conditional deletion of ezrin attenuates lupus in mice deficient
for the Src kinase Lyn by reducing B cell activation, leukocyte infiltration and IgG deposition in the
kidney glomeruli [145]. Regardless, no important defects in the homeostasis of B lymphocytes have
been observed in ezrin-deficient mice except for an increase in IL-10-producing Bregs, which make
conditional ezrin-deficient mice more prone to trigger pro-inflammatory responses to sublethal doses
of LPS in vivo by increasing IL-10 production via TLR4, an effect also observed in B cells treated with
an ezrin-specific inhibitor that dephosphorylates ezrin on Thr567 [146,147]. Altogether, these reports
suggest that the precise threshold of ERM phosphorylation on the regulatory Thr of the C-ERMAD is
critical to prevent defective lymphocyte functions.

6. Conclusions and Future Perspectives

A large body of evidence now indicates that ERMs are multifunctional proteins that, through
complex regulation by kinases and phosphatases, organize the PM and actin cortex and transmit
information between the external milieu and the cell in a bidirectional way, thus linking PM structure to
function. In leukocytes this feature is paradigmatic, since ERMs contribute to the process of leukocyte
polarization and migration through the control of PM tension and the formation of uropods and
microvilli, and they regulate intracellular signaling in lymphocyte activation by locally organizing
signaling receptors at the IS.

Although it has been well established that many ERM functions are exerted through activation of
small Rho GTPases upon closing/inactivation, it remains unclear how RhoA is activated in the uropods
of migrating leukocytes while ERMs can maintain a GEF-sequestering open/active conformation at
the PM. In this regard, the mechanism by which ERMs and their partners are relocated to the cell
rear during leukocyte polarization (the uropod of motile leukocytes and the DPC of the IS) is still
not well understood. Whether the redistribution of ERM-adhesion receptor complexes towards the
cell rear is the result of centripetal retrograde flow of the actin cortex, consecutive cycles of ERM
phosphorylation/re-phosphorylation, or simply the reassembly of ERMs and their adhesion receptor
partners at the actin cortex of the cell rear, remains to be investigated in depth.

Another open question is whether microtubules (MTs), whose centrosome-organized network is
packed in the uropod of polarized motile leukocytes, play any role in the function of ERMs. Although
pioneering studies on the organization of the erythrocyte marginal band and the association of
ezrin with cytoskeletal components in insect cells have suggested some interaction between ERMs
and MTs [148,149], it was not until recent studies, which showed an important role for MTs in
the mechanisms by which Dmoesin controls the stability and orientation of microtubules in the
mitotic spindle of Drosophila cells, that the interaction between ERMs and MTs at the cell cortex was
reported [53,150]. In this regard, some findings support the notion that ERMs can also interact with
MTs in leukocytes. MT disruption by nocodazole breaks polarity and induces clustering of ERMs in
T lymphocytes, probably through the release of a Rho-GEF from MTs and the subsequent activation
of RhoA-ROCK [151]. Also, the persistence of directional migration of neutrophil-like cells toward
chemoattractant gradients has been proposed to be dependent on the polarization of ERMs at the
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cell rear and their regulation by MTs, since their disruption reduced persistent directional migration
through moesin mislocalization [152]. Moreover, ezrin can regulate the organization and function of
TCR microclusters in the T cell IS by binding to the PDZ domain containing scaffold protein Dlg1,
which may facilitate the interaction of MTs with the cell cortex and, therefore, the organization and
function of the MT network in the IS [153].

Further studies will be required to explore the significance of the possible interaction between
ERMs and MTs in leukocytes and the impact that ERMs might exert on their function as pivotal linkers
of the PM to both the actin and tubulin cytoskeletons.
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Abstract: The cell shape changes that ensure asymmetric cell divisions are crucial for correct
development, as asymmetric divisions allow for the formation of different cell types and therefore
different tissues. The first division of the Caenorhabditis elegans embryo has emerged as a powerful
model for understanding asymmetric cell division. The dynamics of microtubules, polarity proteins,
and the actin cytoskeleton are all key for this process. In this review, we highlight studies from the last
five years revealing new insights about the role of actin dynamics in the first asymmetric cell division
of the early C. elegans embryo. Recent results concerning the roles of actin and actin binding proteins
in symmetry breaking, cortical flows, cortical integrity, and cleavage furrow formation are described.

Keywords: actin cytoskeleton; myosin; C. elegans embryo; asymmetric cell division

1. Introduction

Actin is one of the most abundant proteins in the cell, existing as globular monomers (G-actin)
that polymerize into helical filaments (F-actin). F-actin is polar with a fast-growing, dynamic ‘barbed
end’ and a slow-growing, less dynamic ‘pointed end’. The dynamic assembly and disassembly of
F-actin, as well as the myosin molecular motors that associate with actin, produce forces within the
cell and between cells that drive cellular and tissue reorganization. Actin dynamics are controlled
by actin-binding proteins, which variously activate or inhibit F-actin formation, stabilize/destabilize
existing actin structures, or bind actin monomers [1]. One of the most important actin regulators is the
Arp2/3 complex that nucleates the formation of new actin filaments as branches off the sides of existing
filaments. Another important class of actin polymerization nucleators is the formin family of proteins.
Formins create new unbranched filaments, and also associate with the barbed end of the actin filament,
enhancing actin assembly. Once formed, F-actin is remodeled by actin bundling and cross-linking
proteins—such as fascin, plastin/fimbrin, and filamin—which promote the formation of parallel and
antiparallel bundles of F-actin or cross-linked arrays, respectively. Additionally, myosin remodels
F-actin structures, using actin filaments as tracks, sliding antiparallel filaments in relation to each other
to create contraction. G-actin binding proteins include profilin, which is key for actin dynamics in
the cell, as it reduces spontaneous nucleation and also prevents pointed end polymerization thus
allowing for controlled, directed actin assembly in vivo. Capping proteins, which bind barbed ends
and prevent further polymerization, and ADF/cofilin proteins, which sever actin filaments, are also
important for in vivo actin dynamics and function [2]. Many actin binding proteins, including the
main polymerization nucleators and myosin, are regulated by the small GTPases Rho, Rac, and Cdc42,
which are in turn controlled by guanine-nucleotide-exchange factors (GEFs) and GTPase-activating
proteins (GAPs) downstream of extracellular signals.

The diversity of actin-binding proteins leads to a diversity of actin architectures in the cell,
adapted to different functions [1]. The actomyosin cortex is a thin layer of cross-linked actin filaments
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interspersed by myosin, attached to the inner face of the cell membrane. In the moving cell, the cortex
at the back of the cell contracts to squeeze the cell forward, while protrusive actin structures,
lamellipodia and filopodia, form at the front. Blebs, another type of cell protrusion, occur when the
cell membrane detaches from the cytoskeleton and balloons outward, initially devoid of actin, due to
actomyosin contractility in the cortex.

Caenorhabditis elegans has been used as a model organism to investigate the regulation and
dynamics of actin networks in developmental processes [3]. In particular, the first asymmetric division
of the C. elegans single cell embryo has been studied extensively in order to understand symmetry
breaking, polarity establishment, microtubule assembly, spindle positioning, and the cell shape changes
that accompany asymmetric cell division [4,5]. Briefly, as concerns the actin cytoskeleton and related
proteins, in the just-fertilized zygote, cortical ruffles are evident all around the circumference of the
embryo due to the highly dynamic and contractile cortical actomyosin layer. Symmetry is broken
when the sperm contents approach the future posterior pole, locally downregulating contractility there
and initiating the retraction of the actomyosin cortex to the future anterior pole [6,7]. This flow of
actomyosin density towards the anterior pole leads to an invagination at the boundary between high
and low actomyosin activity similar to ruffles but much deeper, called the pseudocleavage furrow.
Anterior-directed cortical flow is concomitant with the segregation of the polarity proteins PAR-3,
PAR-6, and PKC-3 to the anterior of the embryo, while PAR-1 and PAR-2 are recruited to the posterior
cortex [8].

The result of this polarization phase in the embryo is the formation of two cortical domains
that have different actomyosin activity and different PAR protein occupancy. During this period,
known as the maintenance phase, a complex network of reciprocally supportive and antagonistic
interactions between PAR proteins exists reinforcing their localization at the poles of the embryo.
This also includes effects on actomyosin wherein PAR-1 and PAR-2 at the posterior pole have a role in
inhibiting the posterior localization of non-muscle myosin II (NMY-2), while anterior PARs—PAR-3
and PAR-6/PKC-3—lead to the accumulation of NMY-2 at the anterior, establishing and maintaining a
more contractile anterior pole [9]. During the maintenance phase, in a series of steps that are largely
microtubule dependent, the maternal pronucleus joins the paternal pronucleus at the future posterior
side of the cell, the complex recenters and then forms the spindle, which is pulled posteriorly again
during anaphase to give the final asymmetry in division. Importantly, the positioning of the cleavage
furrow and site of division is highly dependent on the positioning of the spindle [10], and it is the
cortical polarity of the embryo that controls the mitotic spindle shift since cortical pulling forces are
more pronounced at the posterior pole [6,11].

Although the first cell division of the C. elegans embryo has been studied for decades, many open
questions remain. Here we review results from the last five years that address some of the outstanding
questions in the field and demonstrate the multitude of roles played by the actin cytoskeleton in the C.
elegans embryo.

2. Role of Actin in the Just-Fertilized Embryo during Completion of Meiosis

As for many organisms, C. elegans oocytes complete meiosis upon fertilization. While meiotic divisions
are occurring at what will become the anterior pole of the embryo, the sperm contents, including genetic
material, are retained at the site of sperm entry at the posterior pole, despite cytoplasmic streaming in
the embryo.

A recent finding reported that the actin cytoskeleton was what was confining sperm DNA to
the posterior pole of the embryo, and keeping it from getting captured by the meiotic spindle [12].
In embryos where actin polymerization was reduced, either by interfering with the profilin/formin
mode of actin assembly or via application of inhibitory drugs, sperm DNA was distributed throughout
the embryo due to cytoplasmic flows. This study further showed that the sperm contents were not
restricted to the posterior cortex by cytoplasmic actin via a sieving effect as could have been expected.
Rather, the study suggested that it was the cortical actin pool that was important for sperm content

180



Int. J. Mol. Sci. 2020, 21, 3652

confinement by an as-yet-unidentified mechanism. Although most studies on the one-cell embryo pay
particular attention to actin structures and functions during and after polarity establishment, this work
showed that F-actin was an important player prior to these events.

3. Actomyosin Dynamics in Symmetry Breaking

The morphological and biochemical changes defining the anteroposterior axis of the embryo occur
downstream of sperm entry, which has been shown to break the symmetry of the embryo and define its
future posterior pole [6,7,13]. At the moment of fertilization, actomyosin foci are present over the entire
embryo surface, along with actomyosin-based cortical contractions. At the end of meiosis II and just as
mitosis is beginning, the sperm centrosome moves close to the embryo cortex at the future posterior
pole. As described in the introduction, this produces an immediate cessation of cortical activity and a
flow of actomyosin foci away from this region. As reviewed recently [6], this local transformation in
the actomyosin cytoskeleton is known to be due to the removal of the RhoGEF ECT-2 from the cortex.

Until recently, the molecular nature of the cue delivered by the sperm centrosome to downregulate
posterior actomyosin activity and initiate cortical flow was unknown. Novel studies in the past
year have identified the mitotic kinase Aurora A (AIR-1) as the previously unidentified centrosome
component (Figure 1). One study showed that the phosphorylated, active form of AIR-1 was released
from the centrosomes into the cytoplasm, driving the inhibition of posterior cortical actomyosin
networks in the vicinity of the centrosomes [14]. This was discovered based on the finding that the
GFP-tagged version of AIR-1 was not completely wild-type. GFP-labeled AIR-1 embryos performed
AIR-1-dependent processes normally, including centrosome maturation, but failed to correctly clear
actomyosin from the future posterior pole during symmetry breaking. It was hypothesized that this
effect was due to a defect in diffusion of the GFP-labeled protein. This hypothesis was supported
by experiments that manipulated the position of the centrosome, moving it closer and further
away from the cortex, improving and exacerbating, respectively, the actomyosin clearing defect [14].
Another recent study came to a similar conclusion concerning the identity of the centrosome-derived
cue [15]. Both studies showed that AIR-1′s role in symmetry breaking was a result of its effect on
ECT-2, altering its localization and perhaps its GEF activity by an unknown mechanism. AIR-1 could
also be downregulating myosin activity via its phosphorylation of other RHO-1 pathway effectors that
are upstream of ECT-2.

In addition to its centrosomal role in initiating cortical flow, non-centrosomal AIR-1 has been
shown in recent studies to globally downregulate cortical actomyosin activity during polarity
establishment. Embryos lacking AIR-1 showed hypercontractility of the cortex, and became bipolar,
with NMY-2-poor/PAR-2-rich domains at both poles of the embryo, and weak cortical flows directed
toward the embryo center from both sides [14–17]. One study further showed that this bipolarization
could occur even in wild-type embryos when fertilized with acentrosomal sperm [16]. Putting all this
together, it seemed that there was a basal activity of non-centrosomal AIR-1, which kept actomyosin
downregulated globally and prevented spontaneous bipolarization events, while centrosomal AIR-1
downregulated actomyosin locally to initiate the polarizing cortical flows that establish embryo polarity.
Why PAR-2 domains form in a bipolar manner was unclear, but it was proposed that curvature
could be the determining factor [16]. This hypothesis was tested by placing air-1 depleted embryos
in triangular chambers. It was observed that PAR-2 domains emerged in regions with the highest
curvature. PAR-2 accumulation at curved regions could be biochemically driven by lipid affinities or
due to geometrical considerations, where the curved surface of the poles restricts diffusion out of the
immediate vicinity [16]. An additional function for AIR-1 was recently observed in the steps leading
up to fertilization and symmetry breaking in the oocyte, where AIR-1 was shown to play a role via
another cell cycle kinase PLK-1 (polo-like kinase) in regulating anterior PAR loading and activation
at the membrane, although the details of the actomyosin cortex are not addressed in this study [17].
This regulation prevents premature polarization of the embryo, and enforces the dependence on the
centrosome cue.
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Figure 1. Symmetry breaking in the one-cell embryo. AIR-1 (blue cloud) is the cue that initiates
polarization of the embryo. AIR-1 diffuses from the centrosome (red spheres) and downregulates
actomyosin at the adjacent cortex. This causes a local weakening, and produces cortical flows (black
arrows) directed away from this point, which also serve to separate the centrosomes (red arrows).

4. Cortical Flows during Polarity Establishment

Anterior-directed actomyosin contractility creates cortical flow, which sets up the polarity axis
of the embryo as concerns both actin cytoskeleton and PAR proteins. Several recent studies have
shed light on the precise details of how actomyosin-driven dynamics are coupled to PAR protein
polarization. One study showed that cortical actomyosin tension facilitates the clustering of PAR-3
perhaps by inducing conformational changes that allow oligomerization [18]. Indeed, embryos lacking
cortical tension molecules like NMY-2 did not exhibit PAR-3 clusters, but clusters could be rescued by
artificial increases in cortical tension applied via osmotic shock for example. PAR-3 clustering induced
clustering of PKC-3, and the clustering of both proteins was important for their proper transport to the
anterior pole. A coincident study concurred, proposing that either clustering reduced the effective
diffusion of membrane-associated anterior PARs, or the larger size of clusters allowed them to interact
more effectively with the cortical actomyosin layer, both of which would favor advective transport by
flows [19]. Another study came to a similar conclusion, showing via a single-cell extract technique that
PAR-3 clusters were more efficiently transported by cortical flow due to the longer residence time of
the PAR-3 oligomers at the cortex [20]. These and other findings concerning the roles of PLK-1 and
CDC-42 in PAR protein clustering and cortical transport to the anterior pole are nicely reviewed in [21].

Another recent study showed the very clear link between cortical flows and PAR domain location.
In this work, they used a novel focused-light-induced cytoplasmic streaming (FLUCS) system to induce
controllable cytoplasmic flows in the embryo via temperature changes [22]. Cytoplasmic flows were
shown to drive cortical flows, which were exactly mirrored by PAR protein domain relocation [22].
Compellingly, when the PAR-2 domain was moved to the anterior pole by flow, the embryo divided
with an inverted size asymmetry (smaller anterior cell). All together, recent work confirms and extends
the importance of actomyosin cortical flow for PAR domain establishment in the embryo.

The studies discussed above were principally about how flows driven by actomyosin contractility
play a role in PAR protein localization, however the converse is also true: PAR proteins affect NMY-2
recruitment to the cortex and thus control flows. This complex interplay was investigated in a recent
study where the kinetics of NMY-2 association and dissociation from the posterior and anterior
cortex were measured [23]. It was observed that NMY-2 association with the cortex was identical
for the posterior and anterior domains. Dissociation on the other hand was twice as high in the
posterior domain as compared to the anterior region. This was shown to depend on PAR-6 specifically,
where increases in PAR-6 were accompanied by decreases in the dissociation of NMY-2. It was
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proposed that this mechanochemical feedback between actomyosin localization and PAR proteins
ensured robustness of embryo polarity.

A previously unidentified role for cortical flow was highlighted in a recent study demonstrating
that flow contributed to centrosome separation [24]. The centrosome pair present on the paternal
pronucleus must be separated to correctly form the bipolar mitotic spindle necessary for the first cell
division. The authors showed that cortical dynein, imbedded in the actomyosin cortex, and also bound
to microtubules emanating from the centrosomes, was the main player in this process. Cortical dynein
was swept anteriorly by actomyosin flows, pulling with it the centrosomes. When cortical flow was
impaired by depletion of NMY-2 or RHO-1, centrosome separation was retarded although there was no
effect on cell cycle progression. Since AIR-1 on the centrosome is what is responsible for breaking the
symmetry of the embryo and triggering cortical flow, centrosomes are perfectly positioned to harness
flow for separation (Figure 1).

PAR proteins control flows, but actin-binding proteins are also known to affect flows, presumably
by modifying the organization and mechanical properties of the cortex. This point was addressed by
carefully characterizing flow velocities, flow pulsatility and myosin foci size and density in C. elegans
embryos upon depletion of different actin-binding proteins and myosin regulators [25]. Many were
found to affect the measured parameters in sometimes subtle ways. One general result that came out
of this analysis was that bigger, more sparsely-distributed myosin foci were correlated with slower
average flow velocities. However, the main point of this study was that data clustering revealed classes
of proteins with sometimes dissimilar molecular activities that nevertheless affected cortical properties
in similar ways. This pointed to a degeneracy in the molecular components needed to produce a given
phenotype. A related paper specifically examined the origins of pulsatility, asking why this did not
lead to instability and collapse of the system [26]. They showed evidence that Rho activity oscillated,
thus damping down myosin foci contraction and preventing collapse of the cortex. Although not
pertaining to the one-cell embryo, another study came to a similar conclusion about the presence of
a Rho oscillator [27]. These studies all together illustrate that actomyosin contractility and resulting
flows are robustly controlled in the C. elegans embryo.

5. Cortical Actin Architecture and Dynamics

Many proteins that affect flows in the polarizing embryo also have effects on the stability of the
actomyosin cortex in the maintenance phase, for example, the actin filament bundling protein plastin
(PLST-1) [28]. Deletion of plst-1 led to smaller and more dispersed NMY-2 foci as well as weaker
and less coherent directed cortical flows suggesting a need for PLST-1 for proper NMY-2 coalescence
and resulting flows. Predictably, since PAR protein organization depends in part on cortical flows,
there was also a defect in the polarity of PAR proteins in embryos lacking PLST-1. Via laser ablations
and measurements of cortex recoil velocity, lack of PLST-1 was shown to decrease the tension of the
anterior cortex of the embryo during the maintenance phase, indicating reduced cortical stiffness.
Overall, the authors proposed that, by controlling actin network connectivity, PLST-1 regulated the
mechanical properties of the cortex. Imaging techniques that allow visualization of nanoscale structures
of the actin cortex in the presence and absence of PLST-1 would be very interesting to obtain in order
to get a molecular picture of connectivity differences.

Another interesting study on cortical stability addressed the functions of cadherin (HMR-1) in the
C. elegans embryo [29]. HMR-1 is normally involved in cell-cell adhesions, but these are not present in
the one-cell embryo. It was further shown that HMR-1′s ability to interact with the permeability barrier
surrounding the plasma membrane of the embryo was not important for HMR-1′s role at this stage, so it
appeared that HMR-1 was playing an adhesion-independent role. The observation was that clusters of
HMR-1 formed during the polarity establishment phase of the single cell embryo, and associated with
cortical F-actin. Clusters were transported to the anterior pole by flows where, during the maintenance
phase, they appeared to antagonize cortical NMY-2. Indeed, upon depletion of hmr-1, the level of
anterior cortical NMY-2 significantly increased while there was no significant effect on the global
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concentration of NMY-2 or cortical F-actin. Non-junctional HMR-1 clusters appeared to control cortical
NMY-2 via its upstream regulator, RHO-1: the amount of active cortical RHO-1 increased upon hmr-1
depletion. Finally, in conditions of depleted hmr-1, cortical flows were accentuated and the actin
cortex was observed to tear away from the cell membrane, probably due to the combined effect of
increased flow/contractility and loss of stabilizing linkages conferred by HMR-1, which bridges the cell
membrane to the actin network. Overall, this study brought to light a role for non-adhesive cadherin
clusters in regulating actomyosin cortex stability and flows, and attachment to the cell membrane.

While much of the work reviewed here deals with the actomyosin cortex, which is attached to the
cell membrane, not many studies have investigated the involvement of the cell membrane itself in the
C. elegans embryo. A new study showed that the lipid phosphatidylinositol 4,5-bisphosphate (PIP2)
was non-uniform in the polarized embryo. It was enriched at the anterior pole where it controlled
actin dynamics and PAR protein recruitment [30]. However, this study conflicts with another recent
work, which demonstrated that the increased formation of membrane folds at the anterior pole lead to
an enrichment of lipids in general, not just PIP2 [31]. In fact, these membrane folds were shown to be
filopodia, dependent on the formin CYK-1 and the Arp2/3 complex. The existence of PIP2 membrane
microdomains in the C. elegans zygote therefore does not appear likely.

Overall, these recent studies detail the molecular regulation of the structure and dynamics of the
actomyosin cortex during the post-polarization phase, expanding what is already known for symmetry
breaking and polarity establishment.

6. Contractile Ring Formation and Positioning

Once polarity is triggered and established, the main steps preceding cytokinesis are contractile
ring formation and spindle positioning, which is what defines the position of the cleavage furrow [10].
The ring is comprised of F-actin, myosin and accessory proteins and it accomplishes cytokinesis of the
single cell embryo. Detailed, up-to-date reviews of the players needed for ensuring proper formation
of the cytokinetic ring and furrow ingression have been published [6,32].

Insight as to how the contractile ring is constructed was provided by a recent study, where it
was shown that F-actin alignment due to converging cortical flow at the cell equator was sufficient
to drive ring formation (Figure 2) [33]. No localized actin polymerization was necessary, and in
fact did not exist for ring formation during pseudocleavage, although such mechanisms exist for
contractile ring formation during cleavage. Reducing flow rates by perturbing myosin machinery
had predictable effects on the pseudocleavage furrow: slight reductions still permitted actin filaments
to align to create a furrow while drastic reductions abolished furrow formation. A related work
showed that mechanical compression of embryos inhibited longitudinal flows, but favoured rotational
flows, which had the same end result of efficiently aligning filaments to create a contractile ring [34].
This study further showed that myosin flow characteristics were not quite the same as actin flows.
In particular, NMY-2 flows were more long-ranged, a difference explained by the fact that actin was
disassembled by compression as it flowed to the equator while myosin was not [34]. Cortical flows
were also shown to be important for ring dynamics during constriction [35]. This study found that new
cortex, including NMY-2, was being pulled into the ring due to myosin activity and polar relaxation.
The added myosin in turn led to increased flow into the ring, and an exponential increase in the amount
of ring components. This was counterbalanced by disassembly-coupled ring shortening. The end result
was that, although NMY-2 levels and the levels of other ring components appeared to remain constant
during ring constriction, the ring was in fact undergoing dramatic restructuring. These recent studies
emphasize the robustness of cortical flows for creating and maintaining a proper furrow structure.
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Figure 2. Cortical flows align filaments to form the contractile ring for cytokinesis of the one-cell
embryo. The actomyosin cortex at the poles flows toward the equator of the embryo (black arrows),
and these flows progressively transform the unorganized actin filament network at the poles (red
shading) into the aligned structure of the cytokinetic ring (blue shading). In cases where actin-binding
proteins are perturbed, thus altering cortical properties and flows, the formation and ingression of the
contractile ring are impacted (see text).

One recent study revealed that both the Arp2/3 complex and the formin CYK-1 were important for
the kinetics of cytokinesis even though the Arp2/3 complex did not localize to the cleavage furrow [36].
CYK-1 was shown to be enriched in the contractile ring and essential to elongate filaments to form it:
cyk-1 depletion led to a decrease in actin bundles at the equatorial cortex, and a furrow that initiated
and ingressed more slowly. However, the Arp2/3 complex was also found to positively regulate the
kinetics of contractile ring assembly and ring constriction, although it had the opposite effect on furrow
initiation. Intriguingly, the slowing down of cytokinesis upon Arp2/3 complex inhibition was a result
of an increase in CYK-1-mediated actin polymerization at the cell cortex and in the contractile ring.
The conclusion was that Arp2/3 complex activity was required in the cortex to temper CYK-1-based
polymerization, possibly via a competition for actin monomers as has been shown in other systems [37].
Too much cortical actin could be supposed to interfere with the cell shape changes accompanying cell
division, while excessive actin in the furrow could inhibit contraction by impeding ring disassembly.

Proteins that affect cortical flows in the polarization phase and actomyosin cortex integrity in the
maintenance phase also affect the speed of contractile ring formation and its contraction, due to the
dependence of all these processes on similar parameters. The new studies concerning PLST-1 and
HMR-1, mentioned previously in the context of cortex integrity, showed that these proteins also play
roles in furrow formation. Lack of PLST-1 resulted in furrows that formed more slowly, although once
formed, they ingressed at the normal speed, while lack of HMR-1 produced faster ingression than
wild-type although with a tendency for the cortex to peel away from the cell membrane at the anterior
pole [28,29].

As concerns furrow ingression, some studies have shown evidence that it is not myosin motor
activity that drives contraction of the cytokinetic ring, but rather myosin’s actin cross-linking activity
coupled with depolymerization [38–40]. New studies in the C. elegans embryo have demonstrated
unequivocally that NMY-2 motor activity was required throughout the formation and constriction of the
actomyosin ring [41]. During ring assembly, the activity of NMY-2, rather than its F-actin cross-linking
ability, were shown to control proper densification and alignment of actin in the cytokinetic ring,
and timely deformation of the cell equator. In general, however, actin cross-linking activity is known
to play a role in modulating contractility, and it was shown that for the C. elegans cytokinetic ring,
an optimal degree of cross-linking existed, while too much or too little cross-linking activity was
deleterious to contraction [42].

Contractile ring formation is important, but so is its correct positioning in the cell.
Although positioning is mostly determined by astral microtubule dynamics, two recent papers
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show the importance of the downregulation of actomyosin contractility at the embryo cortex for
correct placement of the furrow. One study brought to light the essential role of AIR-1 in clearing
contractile ring proteins such as anillin, but also actin, from the poles of the embryo [43]. At the onset
of anaphase, a conserved activator of AIR-1, TPXL-1, became localized to astral microtubules, and it
was shown that its capacity to bind and activate AIR-1 was key for polar clearing. The hypothesis was
that activated AIR-1 promoted clearing of contractile ring proteins from the poles of the embryo via
phosphorylation of target proteins, but this mechanism has yet to be investigated in detail. Taken all
together with results described previously in this review, this study provides another example of the
AIR-1′s varied roles in the regulation of the actin cytoskeleton during the development of the early C.
elegans embryo.

The role of cortical dynamics in furrow positioning was also demonstrated in another recent
study, which described a role for bleb formation in releasing cortical tension in mutant embryos that
had excessive anterior myosin contractility [44]. In these embryos, the furrow initially formed in an
anterior position, however DNA segregation defects were avoided by a posterior shift of the furrow
concomitant with an anterior shift of the anterior nucleus. These shifts were shown to be produced by
bleb formation near the anterior side of the furrow. The release of tension due to bleb formation allowed
repositioning of the nascent cleavage furrow, and also created cytoplasmic flows that contributed to
moving the nucleus posteriorly.

7. Conclusions

The C. elegans embryo is a powerful model system for understanding the many roles of the
actomyosin cytoskeleton in asymmetric cell division. Results obtained using this model over the last
five years have answered outstanding questions, as summarized in this review. In particular, the nature
of the centrosomal cue for symmetry breaking has at last been identified. Moreover, other recent
studies have delved deeper into the molecular mechanisms of how actomyosin dynamics drives
morphological changes in the embryo. In the past, the microtubule cytoskeleton and PAR proteins
have taken center stage in the C. elegans embryo. Our summary in this review shows the importance of
the actin cytoskeleton in polarity establishment of the C. elegans zygote as well as the cellular shape
changes that ensure the first asymmetric division of the embryo.
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Abstract: Actin is a widely expressed protein found in almost all eukaryotic cells. In humans, there
are six different genes, which encode specific actin isoforms. Disease-causing mutations have been
described for each of these, most of which are missense. Analysis of the position of the resulting
mutated residues in the protein reveals mutational hotspots. Many of these occur in regions important
for actin polymerization. We briefly discuss the challenges in characterizing the effects of these actin
mutations, with a focus on cardiac actin mutations.
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1. Introduction

Actin is a globular protein (G-actin) that assembles into filaments (F-actin) and is important for
cell movement, intracellular movement, muscle contraction and many other functions. There are six
actin genes in the human genome. Three of these encode the α-actin isoforms found in cardiac, skeletal
or smooth muscle (ACTC1, ACTA1 and ACTA2, respectively). Two encode γ-actin, of which one is
widely expressed (ACTG1) and the other is smooth muscle specific (ACTG2). The final gene encodes
the widely expressed β-actin (ACTB). These actin isoforms are highly (>90%) conserved at the protein
level. Actin is a promiscuous protein, interacting with many other proteins [1], and is also subject to
many different post-translational modifications [2].

The structure of actin has been solved multiple times in its monomeric [3] and, more recently,
in its filamentous form, the latter building on advances in cryo-electron microscopy [4–8]. In addition,
there are structures of F-actin in the complex with a myosin motor domain, and/or with other F-actin
filament binding proteins such as cofilin and tropomodulin [9,10]. These structures show that the actin
monomer is divided into two halves (inner and outer domains) by a cleft that binds nucleotide and
cation (Mg2+). Each half is further divided into two domains, with one domain comprising subdomains
1 and 2, and the other subdomains 3 and 4. Subdomains 1 and 2 are found on the outer edge of
the actin filament. In the actin filament, each monomer makes interactions longitudinally within a
protofilament (along the actin filament), as well as laterally (between the two protofilaments), such that
each actin monomer (subunit) interacts with its three surrounding subunits. The currently available
structures of G- and F-actin provide a rich resource for understanding how myosin interacts with actin,
how the actin monomer forms filaments and interacts with a variety of actin binding proteins and how
disease-causing mutations in actin affect its biological function.

Disease-causing mutations have been reported for each of the six actin genes, demonstrating the
importance of actin for normal cell behaviour and function in a variety of cell types. The majority of these
(>90% for five out of the six actin genes) result in missense mutations in the protein (Supplementary
Table S1), and typically, these mutations are dominant. The type of disease that mutations in a specific
actin gene commonly cause reflect its expression pattern, as detailed below. Moreover, mutations occur
throughout the entire sequence for each actin gene. It is therefore of interest to determine if there are
any specific residues or common functional regions in the encoded proteins in which these missense
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mutations are found. The main aim of this article is to evaluate these missense mutations, determine if
there are any mutational ‘hotspots’ and the potential consequences for actin function. We then go on
to discuss how a range of approaches is needed to test experimentally what these consequences are,
and how they might lead to disease, with a specific focus on cardiac actin mutations.

2. Disease-causing Mutations in the Six Actin Genes, an Overview

The gene with the highest number of reported mutations (over 220) is ACTA1, which encodes the
isoform of α-actin almost exclusively expressed in skeletal muscle. Mutations in ACTA1 are found
throughout the sequence and >92% result in single amino acid substitutions in the protein (Figure 1
and Supplementary Table S1). They are a common cause of Nemaline Myopathy (reviewed in [11,12]),
a non-progressive skeletal muscle disease that commonly has an early onset, with severe cases
diagnosed at birth. This disease typically results in muscle weakness, particularly in the respiratory
muscles, which can cause breathing difficulties, but also difficulties in swallowing in severe cases.

The second most commonly mutated gene is in ACTA2 with over 80 mutations, of which 93% are
missense (Figure 1 and Supplementary Table S1). ACTA2 encodes an α-actin isoform that is highly
expressed in specific smooth muscle cells associated with the vasculature. Perhaps not unsurprisingly,
mutations in this gene are strongly associated with familial thoracic aortic aneurysms, and ACTA2 is
the most frequent gene mutated in this disorder [13]. In rarer cases, mutations in ACTA2 cause cerebral
arteriopathy, in which the most commonly affected residue is Arg179 [14].

Mutations in ACTC1, the gene that encodes the isoform of α-actin found predominantly in
cardiac muscle, are the next most common, with over 70 mutations, of which over 90% are missense
(Figure 1 and Supplementary Table S1). Mutations in this gene cause heart disease [15]. Over 50% of
the known mutations in ACTC1 cause hypertrophic cardiomyopathy (HCM) and about 20% cause
dilated cardiomyopathy (DCM). The remainder cause left ventricular non-compaction or other heart
defects. ACTC is one of eight disease genes that contain missense mutations causing HCM, and one of
20 disease genes causing DCM [16,17]. Mutations in ACTC are common in patients with apical HCM
(50%) and patients are heterozygous for the mutant allele. HCM affects 1:500 to 1:250 people and is
a common cause of premature death in young adults [18,19]. In HCM, typically the left ventricular
wall and/or septum between left and right ventricles thickens, and the myocytes (muscle cells) become
disorganised. DCM is less common, affecting around 1:3000 people [20]. In DCM, the left ventricular
wall becomes thinner. Ventricular relaxation is impaired, restricting the atrial emptying into the
ventricles, and resulting in dilation of the atria [21]. The high incidence of sudden death seen in DCM
patients results from the impaired systolic function of the left ventricle, which can lead to related
pathologies such as thromboembolic events and arrhythmias.

About 70 mutations have been described for ACTB, which encodes the widely expressed β-actin
(Figure 1, Supplementary Table S1). However, in this case only ~50% are missense mutations. Consistent
with its widespread expression, mutations result in a broad range of defects, including a specific facial
appearance, intellectual disability, hearing loss, heart and renal defects, brain abnormalities, neuronal
migration defects and muscle wasting, typical of a syndrome named Baraitser-Winter syndrome [22–24].
The remaining mutations in ACTB include deletions, premature stop codons and frameshift mutations,
of which most (40%) are gross deletions, many of which lead to complete gene loss [25]. The resulting
haploinsufficiency of β-actin is associated with widespread effects, including developmental delay,
organ malformations, and growth retardation, although this phenotype is considered distinct from
the symptoms associated with Baraitser-Winter syndrome [25]. Mutations in ACTB have also more
recently been associated with bleeding disorders [26].
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Figure 1. Annotated alignment of the six actin sequences for Homo Sapiens showing the positions of
mutations. All six sequences were retrieved from UNIPROT (P63267: smooth γ-actin, P60709: β-actin:
P68133: skeletal α-actin, P63261: γ-actin; P60382: cardiac α-actin, P62736: smooth α-actin). The first
one–two residues are typically acetylated and cleaved, such that the third residue is the first residue in
the expressed sequence. The positions of key interaction regions in the sequences is indicated together
with positions of mutated residues (red font) in each sequence. Residues in which mutations are found
in four out of the six isoforms are indicated by a red star. See text for more details. Numbering in
the text refers to the residue number for α-actin isoforms. Mutations were retrieved from the Human
Genome Mutation Database (HGMD).
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A second widely expressed protein isγ-actin, encoded by the gene ACTG1. Over 50 mutations have
been reported for ACTG1, of which all but one are missense mutations (Figure 1 and Supplementary
Table S1). Just over half of these mutations cause deafness [27]. This is consistent with the expression
and role of γ-actin in the sensory epithelial cells of the inner ear, in which γ-actin is an essential
component of the stereocilia, along withβ-actin. Distortion of the stereocilia is essential for the detection
of sound. Although stereocilia form normally in a mouse γ-actin knockout model, maintenance of
these structures is affected and the mice show a progressive loss of hearing [28]. This research
also demonstrated that γ-actin (ACTG1) is not strictly required for development, possibly because
levels of β-actin increased in the knockout mouse model, partly compensating for the loss of γ-actin.
However, a high proportion of the remaining mutations in ACTG1 cause Baraitser-Winter syndrome,
consistent with the widespread expression of γ-actin in multiple tissues [29]. It is not clear why some
mutations in ACTG1 appear to have a more limited effect than others, as affected residues for both
types of disease are distributed throughout the sequence (Supplementary Table S1).

Mutations in ACTG2 are the least common, with just over 20 described. Almost all of these
(96%) are missense (Figure 1 and Supplementary Table S1). The expression of this γ-actin isoform
is restricted to smooth muscle cells in the gut, prostate, bladder and adrenal gland. Mutations in
ACTG2 cause Megacystis microcolon-Intestinal hypoperistalsis syndrome [30], also known as chronic
intestinal pseudo-obstruction, visceral myopathy (or degenerative leiomyopathy) [31]. All of these
are disorders of enteric smooth muscle function. They mainly affect the intestine leading to chronic
intestinal obstruction, and can also affect the bladder. The smooth muscle cells in the smooth muscle
layers that surround the gut epithelium are important for moving the contents of the gut along its
length. The organisation of these smooth muscle cells is often disordered in this disease, likely leading
to decreased smooth muscle contraction and the resultant intestinal obstruction [31,32].

3. Positional Analysis of Disease-Causing Missense Actin Mutations

An analysis of the missense mutations for each of the actin isoforms shows that, while they
are found throughout the sequence, there are common mutational hotspots where the numbers of
mutations tend to be higher than elsewhere (Figures 1 and 2a,b). The total number of missense
mutations (sum total for mutations, Figure 2a) are somewhat dominated by the large number of
mutations in skeletal α-actin. However, removing these mutations from the plot (Figure 2b) reveals
similar mutational hotspots. This suggests there are key functional regions in all of the actin isoforms
where disease-causing mutations are more likely to result in a phenotype.

A major hotspot for mutations is the DNAse-1 loop (or D-loop) in subdomain 2 (SD2). Its name is
derived from its ability to bind to DNAse-1, which inhibits F-actin formation, and this interaction was
instrumental in generating the first crystal structure for G-actin [33]. The D-loop is crucial for actin
polymerisation and is also the target of many actin binding proteins [3]. These include tropomodulin,
which caps the pointed end of actin filaments preventing polymerisation and depolymerisation [10],
and cofilin, which severs actin filaments [34]. The D-loop is important for polymerisation as it
is involved in both lateral (between the two protofilaments) and longitudinal contacts (along the
protofilament) between actin monomers, and its structure is sensitive to the occupancy of the nucleotide
binding site. The residues Ser14 and the methylated His73 detect the nucleotide state and transmit that
information to the D-loop, which can then move its position [8].

In longitudinal contacts, the D-loop inserts into a cleft in the adjacent actin monomer (magenta,
Figure 2). Residues in the D-loop (Gln41, Val43 and Val45) interact with residues in SD1 (Tyr143,
Arg372 and Phe375) and SD3 (Leu110, Tyr169, Ala170 and Pro172) of the adjacent actin monomer [5,7].
Residues Arg39 and His40 in the proximal region of this loop are additionally involved in only one of
only two lateral (inter-protofilament) contacts with adjacent actin monomers. This occurs through an
interaction of these D-loop residues in one monomer with residues in the so-called hydrophobic plug
of the second monomer (Arg39 interacts with Glu270, His40 interacts with Ser265 and Gly268) [4,6,7].
The distal part of the D-loop is found towards the outer edge of the filament and is involved in
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interactions with myosin. For example, Glu570 in non-muscle myosin 2C (NM2C) probably forms an
electrostatic interaction with Lys49 in the D-loop [35]. A similar interaction with this residue has also
been demonstrated for loop 3 of Myo6 [6].

 
Figure 2. Analysis of actin mutations in all six Homo sapiens actin isoforms. Numbers of mutations
in residues 1–19, 20–39 and so on, were summed and plotted as shown across the whole sequence
for each individual isoform and for all isoforms (Total). (A) Panel A shows this analysis for each
six actin isoforms, and the total for all six. The protein names are shown in the key. (B) Panel B
is similar to A, except the mutations for ACTA1 were excluded. Mutations were taken from the
HGMD (accessed November 2019, Supplementary Table S1). The approximate positions of the four
subdomains found in the G-actin monomer (C) is additionally shown underneath panels A and B for
reference. (C) The G-actin monomer is made up of four subdomains (denoted by black (subdomain-1,
SD1), cyan (subdomain-2, SD2) orange (subdomain-3, SD3) and green (subdomain-4, SD4). Labels
indicate regions of the structure that are hotspots for mutations. (D) The F-actin filament. One actin
monomer is shown as in C, with the SD1-4 in black, cyan, orange and green, respectively. Positions
where mutations are common are highlighted. The interaction between residues 243–245 in in SD4
(coloured blue), with residues 322–325 in SD3 (coloured yellow) in the adjacent actin subunit (coloured
magenta) is indicated. Longitudinal contacts between the DNAse-1 loop (or D-loop; 38-52) and residues
in the C-terminal region of the adjacent monomer (residues R372, F375), Pro-rich and w-loops are
also shown. The helix coloured red (residues 135–146) in D is found in the lower hydrophobic cleft.
The hydrophobic plug (residues 262–272, light blue) is important for lateral actin monomer contact
between protofilaments. The regions of sequence for each subdomain have been defined as follows
SD1 (residues 1–32, 70–144, and 338–372), SD2 (residues 33–69) SD3 (residues 145–180 and 270–337)
SD4 (residues 181–269) [33].

A closer look at mutations in the D-loop reveals three specific residues (His40, Met47 and Gly48)
that are mutated in four out of the six actin isoforms (indicated by the red stars in Figure 1). Gly48 is
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not apparently directly involved in actin or myosin binding, but substitution of this small amino acid
residue is likely to have an overall effect on the flexibility of the D-loop, and thus, indirectly affect actin
filament polymerization. His40 is critical for longitudinal contacts between monomers in the filament,
as discussed above. Moreover, it has long been known that selective carboethoxylation of this residue
inhibits actin polymerization [36]. Mutations in His40 are therefore likely to decrease the numbers of
filaments. Its mutation to Tyr in skeletal α-actin, cardiac α-actin and γ-actin cause nemaline myopathy,
hypertrophic cardiomyopathy and Baraitser-Winter syndrome, respectively [37–39]. Its mutation to
Asn in smooth α-actin causes thoracic aortic aneurysms and dissections [40] (Supplementary Table S1).

Met47 is one of two residues (Met44 and Met47) in the D-loop that are oxidised by MICAL (molecule
interacting with CasL). The resulting oxidation causes rapid and catastrophic depolymerisation of the
actin filament [41,42] and the resulting monomers do not polymerise as efficiently as non-modified
actin monomers. Thus, oxidation of Met44 and Met47 is an alternative strategy for regulating actin
polymerisation, in addition to the action of actin severing proteins such as cofilin [43]. Mutation of Met47
to Leu abolishes a longitudinal actin-actin M37-O-T351 contact, and prevents this catastrophic filament
disassembly [42]. Met47 is mutated in all three α-actin isoforms and in β-actin. Disease mutations
(Supplementary Table S1) in this residue that prevent its oxidation might therefore be expected to
stabilise actin filaments. In non-muscle cells, filament remodelling and turnover is important for
cell motility, and thus, stabilization of β-actin filaments would be expected to affect the behaviour
and migration of these cells. However, while mutation of Met47 to Thr in β-actin is known to cause
Baraitser-Winter syndrome [24], this disease mutation has not yet been tested to determine if or how it
affects actin filament dynamics in cells.

The effects of disease mutations in Met47 in muscle specific α-actin isoforms is less clear.
Typically, actin in striated muscle tends to be stably incorporated into filaments. The rate of actin
synthesis and turnover in cardiac and skeletal muscle is relatively slow (occurring over weeks [44]).
Moreover, the roles of MICAL in striated muscle are also not well understood. In cardiac muscle,
mutation of Met47 to Leu in cardiac α-actin causes hypertrophic cardiomyopathy [45]. However, while
MICAL3 is expressed in the heart [46], if or how this plays a role in actin polymerization in the heart
or in filament maintenance is unclear. Mutation of Met47 to Val in skeletal α-actin causes nemaline
myopathy ([47], Supplementary Table S1). Although mutations in MICAL cause contractile muscle
filaments to become disorganised in skeletal muscle in Drosophila [48], this pathway and its role in actin
polymerization has hardly been explored in mammalian skeletal muscle. In smooth α-actin, mutation
of Met47 causes thoracic aortic aneurysms [49]. Smooth muscle also expresses MICAL, but its role in
actin organization in smooth muscle has not been investigated. In addition to the potential interaction
with MICAL, and downstream effects on filament polymerization, it is also possible that a mutation in
Met47 simply alters the structure of the D-loop and thus destabilises the actin filament. Clearly, effects
of mutations in this residue need exploring further.

Two further mutational hotspots are found in the two loops that make a longitudinal interaction
between two actin monomers along a protofilament (Figure 2a–d). One loop comprises residues
240-249 in SD4 and the other, residues 321–324 in SD3. The residues Pro243, Asp244 and Gly245 in the
loop in SD4 (coloured blue in Figure 2a,c,d) interact with residues Pro322 and Met325 in a second loop
in SD3 (coloured yellow in Figure 2a,c,d), and with residues Met283, Ile287 and Asp288 in an adjoining
loop in SD3 (not highlighted in Figure 2) [7]. Almost all of these residues are mutated in one or more
isoforms (Figure 1 and Supplementary Table S1). A mutation in the adjacent acidic residue Glu241,
to a basic residue (Lys) in the SD4 loop, is found in smooth and skeletal α-actin, and in γ-actin, causing
thoracic aortic aneurysms, nemaline myopathy and deafness, respectively [50–52] (Supplementary
Table S1). This residue interacts with Ser323 and Thr324 in the adjacent actin subunit [7], and mutations
are likely to destabilise the actin filament.

A fourth hotspot is in the Thr-rich loop and its flanking helices H5 and H6. The numbers of
mutations in this region, across all actin isoforms, are particularly high. Interestingly, not only is
this region important in actin-actin interactions in the filament, but specific residues co-ordinate
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phosphate and Mg2+ ions (Figure 1), and this co-ordination is also important for filament stability [7].
The structure of H5 and the Thr-rich loop changes between G- and F-actin [7] and the Thr-rich loop
becomes involved in longitudinal contacts between actin monomers. Arg210 in H6 is mutated in four
out of the six actin isoforms; to Cys in γ-actin (causing deafness) [53], to Asn in smooth γ-actin and
smooth α-actin (causing visceral myopathy and thoracic artery disease, respectively) [54,55] and to His
in cardiac α-actin (causing HCM and DCM) [56] (Supplementary Table S1). While this residue has not
been identified as part of a specific interaction, it must play a critical role in actin-actin interaction in
some way. From investigating the orientation of the side-chain rotamers for Arg210 and a glutamate
residue downstream (Glu214) in the actin structure, it seems likely that these two residues could form
an ionic interaction (i, i+4), which would help to stabilise this helix, as seen in single α-helical (SAH)
domains [57].

Two further highly mutated residues include Arg256 found in a helix in subdomain 4 and Pro70
found at the start of the sensor (His73) loop at the boundary between SD2 and SD1. Arg256 is
mutated in four out of six actin isoforms: to His or Cys in γ -smooth actin [30,58], to His in smooth
α-actin [59], to His or Gly in skeletal α-actin [60] and to Trp in γ-actin [22]). These cause Megacystis
microcolon-intestinal hypoperistalsis syndrome, or visceral myopathy (smooth γ-actin), aortic disease
(smooth α-actin), nemaline myopathy (skeletal α-actin) and Baraistser-Winter Syndrome (γ-actin)
(Supplementary Table S1). Arg256 is part of a pathogenic network, in which the so-called pathogenic
helix (residues 113–126, Figure 1) and the C-terminal helix (residues 370–375) are interconnected.
Arg256 modulates the lateral interaction of Lys113 with Glu195 in the adjacent monomer. Arg256 is
also close to and likely to interact with Ile191 in H5. This network of interactions is thought to sense
the binding of actin-binding proteins, and to communicate this to the rest of the actin molecule.

Pro70, found at the start of the sensor loop (His73), is mutated in every actin isoform except cardiac
and γ-smooth actin. Mutation to Leu in β-actin causes Baraitser-Winter syndrome, and in γ-actin,
causes Ocular coloboma [23,61]. A second mutation to Ala in β-actin also causes Baraitser-Winter
syndrome [62]). Mutation to Arg in skeletal α-actin causes congenital myopathy [47] and to Gln in
smooth α-actin causes thoracic aortic aneurisms [55]. The sensor loop that contains this residue is
thought to function as a switch, linking changes in the nucleotide site to structural transitions in
SD2, and in particular in the D-loop. Mutations would be expected to affect this sensor function and
associated changes in structure in the D-loop, with downstream effects of filament stability.

Finally, mutations in Gly268 in the hydrophobic plug (FIGM) are found in four out of six isoforms.
The hydrophobic plug is important for one of only two lateral interactions between actin monomers
in the filament, in which it interacts with the D-loop. Gly268 interacts specifically with His40 as
described above. This residue is mutated to Arg in both skeletal and smooth α-actin, causing nemaline
myopathy [52,63] and aortic disease [64], respectively, and two further mutations (to Asp [65] or
Cys [63]) in skeletal α-actin cause nemaline myopathy. The equivalent mutation in γ- and β-actin
causes deafness [27] and Baraitser-Winter syndrome [66], respectively. Mutation of Gly268 is likely to
weaken the lateral interaction with adjacent monomers, destabilizing the actin filament. Indeed, it is
interesting that both His40 and Gly268 are mutated in multiple actin isoforms.

This analysis also shows some interesting differences in the positions of the mutations in each
isoform. One of these is the lack of mutations in the region encompassing residues 220–230, just after
the Thr-rich loop and H6, in isoforms other than skeletal and cardiac α-actin. This region has been
identified as part of the actin binding interface for nebulin [67]. Nebulin is a large (~800 kDa) protein
expressed in skeletal muscle that extends along the thin filament, binding to actin and tropomyosin
and other sarcomeric proteins [68]. It contains a C-terminal SH3 domain, located in the Z-disc and
178 nebulin repeats. Recent data suggest that it stiffens the thin filament and contributes to thin
filament activation in skeletal muscle [69]. Mutations in nebulin are a common cause of nemaline
myopathy [12]. Therefore, in skeletal muscle, mutations in this region could disrupt the binding of
nebulin to actin in the thin filament, weaken the thin filament and, thus, cause disease.
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In cardiac muscle, nebulette and not nebulin is expressed. Nebulette is a member of the nebulin
family of actin-binding proteins. Its N- and C-terminal regions are similar to those of nebulin, but it
only has 32 nebulin repeats [68], is much smaller (~120 kDa) than nebulin and is not large enough to
extend along the length of the thin filament. It is found in the Z-disc, and either projects a short distance
along the filament from the Z-disc, interacts with desmin (as does nebulin) [70] and/or crosslinks actin
filaments from adjacent sarcomeres within the Z-disc (reviewed in [71]). Mutations in nebulette have
been linked to heart disease (HCM and DCM (reviewed in [71])). Assuming nebulette interacts with
actin in a similar way to that of nebulin, mutations in actin in this region will also affect its ability to
bind to cardiac α-actin, with potential downstream effects on actin filament stability.

A detailed knowledge of the structure of actin is important in predicting the precise effects of
mutations. Indeed, the analysis presented here suggests that many mutations are likely to affect
actin polymerization. However, some mutations will also affect the interaction of actin with its many
other interacting proteins [1]. Other specific mutations can affect post-translational modifications [72]
important for actin polymerization.

Three different post-translational modifications of actin have been linked to human cancers. First,
Asp3 of β- (but not γ-) actin is arginylated by the enzyme ATE1 (arginyl-tRNA-protein transferase
1, which acts after the first two residues are removed [73]. A lack of arginylation reduces actin
polymerization and its interaction with actin binding proteins [74]. Second is the specific acetylation of
the N-terminal residues of β-actin and γ-actin by NAA80 (N-alpha acetyltransferase 80). A lack of
NAA80 increases the numbers of actin filaments [75]. Third is the MICAL-mediated oxidation of Met44
and Met47 mentioned above. Levels of ATE1 are reduced in some human cancers and mutations in
both NAA80 and ATE1 in cancer cell databases have also been reported. This suggests that both these
enzymes could directly contribute to abnormal cell behaviour and metastasis through their effects
on actin dynamics [2]. The depolymerization of F-actin initiated by MICAL is enhanced by the Abl
non-receptor tyrosine kinase, and Abl is upregulated in several cancers (reviewed in [76]), suggesting
a more indirect but important role of MICAL.

4. Mutations in Cardiac α-actin that Affect Myosin Interaction with Actin, Directly or Indirectly

Although the effects of mutations can be predicted, there remains a considerable challenge
in experimentally determining their effects. This challenge is exemplified by considering a few
examples of mutation in cardiac α-actin predicted to interact with myosin, and how they cause disease.
These include mutations at the N-terminal region of actin, in the outer region of the D-loop and in
subdomain 3 (between residues 311 and 335). The outer region of the D-loop is part of the ‘Milligan’
contact, in which myosin loop 3 (H551-G576) in the L50 domain interacts with actin SD1 and the
D-loop of the adjacent actin subunit [77,78]. The precise mechanism by which myosin binds to actin
can be somewhat variable between different myosin isoforms (e.g., compare NM2C and Myo6 [6,35]).
However, each myosin primarily binds to residues in SD1, with some interactions in SD2 (such as the
D-loop) of the adjacent actin, and SD3. Thus, mutations in residues within SD1 have the potential to
disrupt myosin binding. For tropomyosin, key residues are D25 and the triad of residues, K326, K328
and R147, which interact with tropomyosin in the blocked (off) state of actin (reviewed in [79], and see
Figure 1).

A relatively well understood mutation in cardiac α-actin is E99K (Glu99Lys), which causes
HCM [80]. It is found in a region of actin thought to be involved in binding to the lower 50K
domain of the myosin motor. E99K decreases the overall negative charge of the binding site within
actin, and thus, weakens the acto-myosin interaction. Although one report suggested that E99K
does not fold as well as wild type actin [81], a second report [82] showed that it does. Our lab has
expressed this mutation as an eGFP-cardiac α-actin fusion construct in adult cardiomyocytes, using an
adenoviral expression system [83] and found that it incorporates normally into the muscle sarcomere
(Supplemental Figure S1). In contrast, a recent study using C-elegans [84] reported that this mutation
does form some aggregates, but when expressed in mouse hearts, this is not the case [85]. However,
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levels of expression are likely to affect these data, with higher expression levels more likely to lead to
aggregates. Moreover, eGFP fused to actin can affect filament incorporation. For example, we found
that eGFP-fused to the C-terminus of cardiac α-actin did not work well compared to eGFP-fused to
the N-terminus (unpublished observation). Other work has also reported that the position of tags on
actin can affect its properties [86,87]. Experimentally, myosin has been shown to bind more weakly to
purified E99K F-actin and in vitro motility assays show that myosin moves both actin filaments [82]
and reconstituted actin filaments (containing tropomyosin and troponin) [88] more slowly than wild
type. Thus, the experimental data suggest that this mutation does not strongly affect the ability of
actin to incorporate into thin filaments; however, once incorporated, this mutation affects the force
output by reducing strong binding of myosin to actin, leading to compensatory hypertrophy.

A331P (Ala331Pro), which causes DCM [80], is in a region of actin that interacts with the
cardiomyopathy loop in myosin [4,35] and with the tropomyosin binding site in the absence of
Ca2+ [89]. However, rather than interfering with myosin binding directly, this mutation seems to
do this indirectly by modulating the behaviour of tropomyosin. Recent work, using recombinant
A331P cardiac α-actin, expressed using the baculovirus/insect cell expression system, showed that it
polymerises faster than wild type actin, but in reconstituted thin filaments, there is a weaker interaction
between myosin and actin [90]. This mutation was suggested to affect the interaction of tropomyosin
with nearby residues, and, in particular, residues D25, R28 and P33, which form a bulge that defines
the position of tropomyosin on actin in the ‘off’ (or blocked) state. A331P could increase the potential
for tropomyosin to inhibit the acto-myosin interaction, by reducing the likelihood of movement of
tropomyosin from its position in the ‘off’ state, to the ‘on’ state, thus explaining the decreased myosin
interaction with the reconstituted thin filament. A331P also decreased the binding affinity for the
C0C2 subunits of myosin binding protein C (MYBPC) to actin [91]. C0–C1 interact with both actin and
tropomyosin to regulate contraction. In agreement with these findings, in unpublished work from our
lab we found that eGFP-A331P was able to incorporate into muscle sarcomere (Supplemental Figure S1)
and while we did not find a significant effect on contraction (unpublished observation), this may be
dependent on the levels of expression.

E361G (Glu361Gly), an HCM causing mutation [80], is close to the C-terminal myosin binding
region of actin. However, it seems to exert its effect by indirectly affecting the binding of myosin to actin,
through its effects on the Ca2+ sensitivity of the thin filament. E361G incorporates into thin filaments
in the heart muscle in transgenic mice [92]. Our unpublished work also shows that eGFP-E361G
incorporates normally into thin filaments in isolated cardiomyocytes, when expressed using an
adenoviral system (Supplementary Figure S1) and we also found it did not affect cardiomyocyte
contraction (unpublished data). Thin filaments isolated from the transgenic mice, with E361G expressed
at ~50% of the total actin show normal myosin driven motility in in vitro motility assays [92] and
the mice have a very mild phenotype. However, cardiac contraction in these mice is not sensitive to
phosphorylation of troponin I. The N-terminal peptide sequence of cardiac troponin-I is phosphorylated
by protein kinase A (PKA) in response to β1-adrenergic signalling (reviewed in [93]). Through its
interaction with troponin C, this decreases the Ca2+ binding affinity of troponin C, thus increasing the
rate of Ca2+ dissociation and allowing the rate of twitch relaxation to increase. In turn, this allows the
heart rate to increase, and increase force output [92]. Thus, the E361G mutation in actin uncouples the
normal relationship between β1 adrenergic signalling, Ca2+ sensitivity and troponin I phosphorylation.

Finally, the mutation Arg312His (R312H), which causes DCM [17], is also likely to indirectly
affect myosin binding to actin, by affecting the actin–tropomyosin interaction [88]. The myosin-driven
velocity of reconstituted actin R312H filaments in in vitro motility assays, is reduced at high Ca2+ but
increased at low Ca2+ concentrations compared to wild type actin [88]. However, strong binding of
myosin to the mutant actin was unaffected. Thus, the observed changes in motility and Ca2+ sensitivity
could be explained by an interaction of this region of actin with tropomyosin. In contrast, work by
others has shown that R312H actin is less stable, less well able to polymerise, releases phosphate from
its nucleotide site at a faster rate compared to wild type actin [94] and has a decreased actin-activated

197



Int. J. Mol. Sci. 2020, 21, 3371

myosin ATPase linked to its reduced stability [95]. Both studies used recombinant actin produced from
insect cells. In our unpublished work (Supplementary Figure S1), we found that eGFP-R312H was able
to incorporate into muscle sarcomeres in isolated adult rat cardiomyocytes and found no effect on
contractility (unpublished observation). Given that the mutant actin appears to be able to incorporate
into thin filaments in cells, a change to Ca2+ sensitivity, mediated through troponin/tropomyosin, may
be more likely to account for the effects of this mutation.

5. Conclusions

The studies of a small number of mutations in cardiac α-actin discussed in the previous section
demonstrate the challenges of trying to understand the effects of these mutations. Perhaps it is not
surprising then that despite the large numbers of actin mutations reported, only a small number
have been characterised in detail. A wide range of assays, both in vivo and in vitro, are generally
needed to fully understand the effects of these mutations. Studies in vitro require purified actin and
additional proteins (e.g., myosin, tropomyosin, troponin). This is not straightforward. Actin cannot
be expressed and purified from Escherichia. coli, as it needs chaperones to fold correctly. However,
it can be expressed and purified successfully using the Sf9/baculovirus system [82,86,96]. Studies
in vivo require transgenic animals or human samples. The effects of mutations in intact skeletal fibres
from humans or mouse models have also been characterised, as described above. Further examples
include the demonstration that Phe352Ser increases contractile function [97], Asp286Gly prevents
strong myosin binding [98] and His40Tyr inhibits co-polymerisation of wild type and mutant actin
isoforms, and affects conformational changes in actin during contraction [99]. The use of model
organisms, such as the indirect flight muscle of Drosophila melanogaster, has also proved useful [100].
This approach brings the advantage that the actin can be expressed on a null background, and can
either be expressed as heterozygous (alongside a wild type copy of the gene) or homozygous, at
levels typical of normal expression levels, and effects can be assessed in a mature muscle fibre. For
example, this approach has shown that Asp292Val affects the regulation of contraction [100] through
its interaction with tropomyosin [4].

Each of these systems has its own advantages and disadvantages. For example, in vitro expression
systems do work but may only produce small amounts of actin [82,101]. The use of mouse models
allows analysis of effects on adult skeletal fibres or the heart, but they are time consuming to make
individual mutations and expensive to maintain mouse colonies. Human biopsies can be hard to
obtain, and this research needs ethical approval. The use of Drosophila Melanogaster brings several
advantages, however there are differences between the overall structure of its indirect flight muscle
and the skeletal or cardiac muscles in humans.

In conclusion, disease-causing mutations are present in all six actin isoforms, and yet, the
effects of many of these have not been well explored, particular those in smooth and non-muscle
actin isoforms. While the effects of these mutations can be predicted from their positions in the
structure, these predictions still need to be tested experimentally, to understand their potentially
complex effects. The presence of mutations in similar regions of the sequence across the different
actin isoforms, and their likely effects on filament stability, suggests it may well be worth exploring
simple mammalian expression systems to analyse the effects of these mutations. CRISPR-based gene
engineering approaches to directly edit the gene, while avoiding the use of tags, would allow analysis
of actin dynamics in live cells, followed by purification of the expressed actin, to complement the many
in vitro and in vivo assays already being used. The exploration of the role of PTMs in cancer biology is
underexplored. It will be exciting to see the outcome of this type of research in the future.

Supplementary Materials: Supplementary materials can be found at http://www.mdpi.com/1422-0067/21/9/3371/
s1.
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Abstract: Alzheimer’s disease (AD) is a neurodegenerative disorder characterized by Aβ-driven
synaptic dysfunction in the early phases of pathogenesis. In the synaptic context, the actin cytoskeleton
is a crucial element to maintain the dendritic spine architecture and to orchestrate the spine’s
morphology remodeling driven by synaptic activity. Indeed, spine shape and synaptic strength are
strictly correlated and precisely governed during plasticity phenomena in order to convert short-term
alterations of synaptic strength into long-lasting changes that are embedded in stable structural
modification. These functional and structural modifications are considered the biological basis of
learning and memory processes. In this review we discussed the existing evidence regarding the role
of the spine actin cytoskeleton in AD synaptic failure. We revised the physiological function of
the actin cytoskeleton in the spine shaping and the contribution of actin dynamics in the endocytosis
mechanism. The internalization process is implicated in different aspects of AD since it controls
both glutamate receptor membrane levels and amyloid generation. The detailed understanding of
the mechanisms controlling the actin cytoskeleton in a unique biological context as the dendritic spine
could pave the way to the development of innovative synapse-tailored therapeutic interventions
and to the identification of novel biomarkers to monitor synaptic loss in AD.

Keywords: synaptopathy; actin cytoskeleton; actin-binding proteins; amyloid; synaptic plasticity

1. Introduction

Alzheimer’s disease (AD) is the most common cause of dementia, characterized by decline in
memory and thinking and by the impairment of at least two domains of cognition [1]. AD progression
is associated with a significant and progressive disability throughout the disease course, with death
generally occurring within 5–12 years of symptom onset [2]. Therefore, the burden on caregivers
and the public health sector is enormous, leading to high nonmedical cost [3]. Unfortunately, therapies
that may prevent or slow the rate of AD progression are not available. In such a scenario, it is
fundamental to develop a disease-modifying intervention to produce an enduring change in the clinical
progression of AD by interfering with the pathophysiological mechanisms.

So far, AD pathogenesis relies on the amyloid hypothesis [4], according to which the Amyloid-β
(Aβ) peptide aggregation plays a critical role at the beginning of the cascade of events leading to dementia.
Aβ is a small peptide of 40–42 amino acids that was identified as the main constituent of amyloid neuritic
plaques [5]. The concerted action of β-secretase BACE1 and γ-secretase determines the release of Aβ

from the β-amyloid precursor protein (APP) [6]. Neuronal activity drives APP into BACE1-containing
acidic organelles via clathrin-dependent endocytosis [7], where the vast majority of BACE1 cleavage of
APP occurs [8] (Figure 1). Alternatively, APP can undergo a non-amyloidogenic pathway that involves
the α-secretase ADAM10, a metalloprotease able to cleave APP within the sequence corresponding
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to Aβ [9,10]. ADAM10 cleavage not only prevents Aβ generation but also increases the release
of the neurotrophic and neuroprotective sAPPα fragment [11]. The non-amyloidogenic ADAM10
processing of APP occurs largely on the plasma membrane [12] and in the trans-Golgi network [13]
(Figure 1). APP and the secretases are all transmembrane proteins. Therefore, the trafficking mechanisms
can control APP shedding and Aβ generation in neuronal cells. For example, ADAM10 synaptic
localization and activity towards APP are finely tuned by its binding partners SAP97 and the clathrin
adaptor protein AP2, that regulate ADAM10 forward trafficking and endocytosis respectively [14–17].
Moreover, perturbation of BACE1 post-Golgi trafficking results in an increase in BACE1 cleavage of
APP and increased production of Aβ [18].

Figure 1. Schematic representation of β-amyloid precursor protein (APP) processing. The vast majority
of BACE1 cleavage of APP occurs into BACE1-containing acidic organelles via clathrin-dependent
endocytosis. The subsequent γ-secretase activity determines the release of Aβ. Alternatively, APP can
undergo a non-amyloidogenic pathway that involves the α-secretase ADAM10 and occurs largely on
the plasma membrane and in the trans-Golgi network. Red arrow, exocytosis/endocytosis pathways;
black arrows, enzymatic cleavage of APP.

In addition to amyloid plaques, intracellular deposits of hyperphosphorylated tau protein, named
neurofibrillary tangles, represent the other main hallmark for AD. Several evidences suggest that
the increase in Aβ levels may trigger the progression of tau pathology in AD. For instance, experiments
performed in a three-dimensional in vitro human neural cell culture system revealed that elevated Aβ

levels alone are sufficient to drive tau pathology in human neurons [19]. Furthermore, the injection of
Aβ fibrils into tau transgenic mice and the generation of animal models harboring both pathologies
have demonstrated that Aβ accelerates tau pathology and neurodegeneration, whereas Aβ pathology
is generally unaffected by concurrent tau pathology [20–24].

However, Aβ leads to cognitive impairment independent of its effects on tau pathology. Soluble Aβ

oligomers isolated from the AD brain have been shown to induce synaptic loss [25] and to deeply
affect the activity-dependent synaptic plasticity phenomena, such as long-term potentiation (LTP)
and long-term depression (LTD) [26]. Moreover, Aβ oligomers cause impairment in cognitive tasks
when injected into the lateral ventricles of rodent models [27]. Plasticity is a normal and essential
part of cognition and LTP and LTD are considered the biological basis of learning and memory
formation processes. Therefore, the small Aβ oligomers impair the main functional units of the brain
and negatively affect their capability to store memories. These results have prompted the idea that AD
is principally a disorder of synaptic function, i.e., a “synaptopathy” [28]. Indeed, late stage AD involves
an incontrovertible and substantial loss of neurons and synapses [29]. Moreover, data obtained in
the brains of AD patients and of subjects affected by Mild Cognitive Impairment showed that synapse
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loss is an early event in the disease process and a structural correlate involved in cognitive decline [30],
thus supporting the idea of AD as synaptopathy.

Considering that Aβ oligomer-triggered synaptic dysfunction is causally linked to the early
cognitive symptoms detected in AD patients, it is fundamental to decipher which synaptic pathways
are affected in early phases of AD. Here we review the role of the actin cytoskeleton in dendritic spines
as one of the main biological pathways crucial for both synaptic plasticity and synaptic pathology in
early stages of AD. The identification of the synaptic molecules involved in the Aβ-mediated actin
cytoskeleton failure in spines will be fundamental to developing synapse-tailored therapies and to
assess in vivo biomarkers able to track synaptic integrity over time in patients.

2. The Actin Cytoskeleton as the Architect of Spines

In the mammalian brain, the postsynaptic compartment of glutamatergic excitatory synapses
is localized in small protrusions along dendrites named dendritic spines [31,32]. Mature spines are
characterized by a mushroom shape consisting of a head connected to the dendrite shaft by a narrower
neck, while “stubby” spines lack the neck and filopodia-like are “headless” spines [31]. This distinctive
morphology depends on an underlying cytoskeletal structure [33]. Whereas the dendritic shaft
cytoplasm is dominated by microtubules, actin is the major cytoskeletal component of dendritic
spines [34], where it is organized in a complex network of long and short branching filaments within
the spine neck and in the spine head [35]. The actin cytoskeleton is a very dynamic structure able to
self-assemble its building block G-actin (globular and monomeric form) in an ATP hydrolysis-dependent
manner. This reaction generates a filamentous structure called F-actin (polymeric state) that can
disassemble back into the monomer pool. G-actin is arranged head-to-tail to give the filament
a molecular polarity, so F-actin is an asymmetric polymer with two ends that are dynamically different,
called barbed and pointed ends. The first one is the more dynamic end, in fact, it elongates 10 times
faster than the pointed end [36]. These processes occur on short time scales, allowing the cell to rapidly
respond to internal or external stimuli [37,38]. Indeed, both the monomeric and filamentous forms of
actin are present in the spine and the G-actin/F-actin ratio influences the various aspects of dendritic
spine morphology and synaptic function [39].

The spine cytoskeleton is localized in the region just underneath the postsynaptic density
(PSD) and is closely associated with a disk-shaped array of proteins attached to the postsynaptic
membrane. The PSD provides a structural framework for postsynaptic signaling and plasticity [40].
Indeed, the PSD is fundamental for localizing molecules, including glutamate receptors and signaling
molecules, in a functional organized structure of scaffolding proteins [40]. Importantly, scaffolding
proteins of the PSD, such as SHANK and PSD-95, are associated with the dendritic actin cytoskeleton
through interaction with actin F-binding proteins like cortactin and α-actinin [41,42]. In particular,
dendritic spines contain two different pools of F-actin: (i) a very dynamic pool exists below the spine
surface and interacts directly or indirectly with AMPA receptors, NMDA receptors, and PSD scaffolding
and signaling proteins; (ii) a more internal and stable pool of F-actin serves as the main scaffold that
supports the overall spine structure [35,43]. More recently, super-resolution microscopy techniques
revealed periodic actin structures in dendrites and in the neck of dendritic spines [44,45] that may
provide mechanical support and elasticity to this structure [46].

2.1. Synaptic Actin-Binding Proteins Orchestrating Actin Cytoskeleton Dynamics

The general function of actin is to allow the cell to respond to internal or external stimuli and,
therefore, its capability to self-assemble is specifically spatiotemporally controlled [37,38]. To modulate
the complex dynamic of the actin filaments there are several different proteins, called actin-binding
proteins, able to bind and regulate actin dynamics. Cooperatively, the actin-binding proteins maintain
a large pool of G-actin monomers available for polymerization, nucleate assembly of new filaments,
promote elongation, cap barbed or pointed ends to terminate elongation, sever filaments, and cross-link
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filaments (reviewed in [47]). Therefore, the actin-binding proteins regulate the physiology of actin,
giving to the actin the characteristic dynamism and stability.

In dendritic spines the most important and investigated actin-binding proteins are:

2.1.1. Actin-Related Proteins-2/3

Actin-Related Proteins-2/3 (Arp2/3) are a complex made of different subunits, among which are
Arp2, Arp3, ARPC1, ARPC2, ARPC3, ARPC4, and ARPC. Arp2/3 is the principal actin filaments
nucleator [35] and, thereby, the major actin-binding protein with polymerizing and filament branching
activities [48]. It can bind the filamentous actin to both sides and allows the insertion and creation of
an additional filament [49]. It is enriched in the PSD and its downregulation results in an impairment
in the spine head formation [50,51]. Several proteins, such as Cortactin, Abi2, WAVE-1 (WASp-family
verprolin homology protein-1), N-WASP (neural Wiskott-Aldrich syndrome protein), and Abp1 activate
Arp2/3 and their deletion is associated to memory deficits [52–56].

2.1.2. Profilin

This class of proteins is fundamental for actin polymerization, since they are responsible for
the ADP to ATP nucleotide exchange on actin. These proteins catalyze actin polymerization in
a concentration-dependent manner: they are catalysts at lower concentrations and inhibitors at higher
levels [57]. Profilin 2 is the principal isoform in the mammalian brain [35], even if profilin 1 is also
expressed [58].

2.1.3. Rho Family of GTPases

There are different components of this family of Ras proteins, including Ras homolog gene family
member A (RhoA), Ras-related C3 botulinum toxin substrate 1 (Rac1), and Cell division control protein
42 homolog (Cdc42). All the members of this family have been studied in neuronal cells since they are
involved in the neuronal morphogenesis. In the dendritic spine, the Rho activation is fundamental for
the cofilin phosphorylation and therefore for the actin stabilization of the spine [35]. On the other hand,
Rac1 and Cdc42 activation lead to an enlargement of the head spine [51], promoting the formation of
Arp2/3 complex.

2.1.4. ADF/Cofilin

The cofilin isoforms, i.e., cofilin-1 and cofilin-2, belong to a highly conserved protein family,
as the actin depolymerizing factor (ADF) [59]. Cofilin can promote the actin turnover because it
exerts a bidirectional effect on F-actin, depending on its relative concentration to actin. At low
concentrations, cofilin promotes F-actin disassembly by cutting the actin filaments (severing) or by
facilitating the removal of the actin monomers (depolymerization) [60]. F-actin severing can actually
result in an increased rate of actin polymerization if there are enough actin monomers available, due to
the creation of free barbed filament ends. The role of this complex is fundamental for continuous
treadmilling of actin. In fact, since the actin monomers are fundamental for a fast reorganization of
the actin cytoskeleton, the complex ADF/cofilin promotes the depolymerization of actin and creates
a new pool of G-actin monomers available for the formation of other filaments [61]. The result of
this activity is the correct maintenance for the morphology of the spine [51]. Cofilin is inactivated
by phosphorylation on Ser3 by LIM kinase 1 (LIMK1) [62] and activated by slingshot homolog 1
(SSH1)-mediated dephosphorylation of Ser3 [63]. The actin interacting protein 1 (Aip1) is a cofilin
accessory protein that selectively binds to cofilin-decorated actin filaments to induce the capping [64,65]
or the destabilization of the filaments [66].
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2.1.5. Cyclase-Associated Proteins

Cyclase-associated proteins (CAP) can control filament turnover by recycling actin monomers
and severing actin filaments [67]. In particular, it has been shown that the N-terminal region of the yeast
homolog Svr2/CAP is responsible for the role that CAP plays in synergy with cofilin to accelerate actin
filament depolymerization [68–71]. In mammals, two CAP homologs are expressed: CAP1 shows
a wide tissue distribution, whereas CAP2 is primarily present in brain, heart, and skeletal muscle, skin,
and testis [72], suggesting that these proteins have distinct functional roles. The deletion of CAP2 affects
the F-actin/G-actin ratio in neurons, leading to an accumulation of F-actin in intracellular structures.
The lack of CAP2 modifies neuronal architecture and spine morphology. CAP2 C-terminal domain
interacts with cofilin, and such association depends on cofilin phosphorylation on Ser3. The ablation
of CAP2 leads to increased levels of dephosphorylated (active) cofilin along with cofilin intracellular
aggregation [73].

2.1.6. Epidermal Growth Factor Receptor Pathway Substrate 8

Epidermal Growth Factor Receptor Pathway Substrate 8 (Eps8) is a capping protein. Capping proteins
are involved in actin polymerization through the bond with barbed ends of F-actin, in order to block
addition and removal of actin subunits [74]. The capping proteins are distributed in the dendritic spine
and their function is relevant to inhibiting the filopodia formation [75]. The actin-capping proteins control
the organization of filopodia. They can cap the newly branched filaments created by the Arp2/3 complex,
thus controlling the elongation of the filopodia and the concentration of the free G-actin monomers.

2.1.7. Myosins V and VI

Myosins V and VI are actin-based motor proteins that hydrolyze ATP to generate the mechanical
force required for movement along actin filaments [76,77]. This enables myosins to propel the sliding
of actin filaments, to produce tension on actin filaments, and to walk along these filaments.
As a result, myosins can regulate the structure and dynamics of the actin cytoskeleton and affect
the localization and transport of cellular components [76]. Motor proteins can be classified in either
plus- or minus-end-directed motors. Plus-directed motor proteins move towards the barbed (plus) end
of actin filaments, directing the cargo to the cell periphery, while minus-end-directed motors move
towards the pointed (minus) end of actin filaments and have a major role in the movement of endocytic
vesicles away from the plasma membrane [78]. The myosins V and VI are involved in the forward
trafficking and internalization of the AMPA receptor [76].

2.1.8. Tropomyosins

Tropomyosins (Tpms) are a family of actin-associated proteins relevant for the regulation of
the actin cytoskeleton. Tpms are organized in coiled-coil dimers that form a head-to-tail polymer
along the length of actin filaments. In mammals there four Tpm genes that can produce a range of
Tpm isoforms by alternative exon splicing [79], but in neuronal cells isoforms deriving from TPM1,
TPM3, and TPM4 genes are found [80]. Tpms control the interaction of actin filaments with myosin
motors and actin-binding proteins in an isoform-specific manner [81]. In particular, it has been shown
that Tpm isoforms (i) bind along the sides of filaments and protect them from severing proteins
and pointed-end depolymerization in vitro, (ii) affect the actin filament branching and nucleation,
influencing the Arp2/3 complex activity [82], (iii) compete with ADF/cofilin family for actin binding in
a Tpm isoform-dependent manner [83]. Neuronal-specific Tpm isoforms are differentially expressed,
both temporally and spatially. Some Tpm isoforms have higher expression; during development their
expression is required for the maintenance of the neuronal phenotype [84–86], whereas the expression
of other isoforms increases with maturity [86,87]. For example, the Tpm3.1 isoform promotes axon
length, cone size growth, and dendritic branching [88]. Such spatial and temporally controlled
Tpm expression throughout the mouse brain, as well as in different sub-cellular compartments of
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neurons, is relevant for actin filament identity and specificity [85]. Indeed, while Tpm1.12 is found
in the presynaptic compartment of cultured hippocampal neurons, TPM3 and TPM4 gene products
localize to the postsynaptic region in mouse hippocampal neurons [89].

2.1.9. Drebrin

Drebrin has two isoforms, embryonic-type drebrin E and adult-type drebrin A, that change during
development from E to A [90]. Drebrin accumulates in dendritic spines where it creates a stable pool of
slow turn-over F-actin and bundles filaments by crosslinking them together [91–93]. Drebrin associates
with other actin-binding proteins such as myosins (I, II, V) and gelsolin [91,93] and provides a direct
interaction with microtubules, since it associates to end-binding proteins that are microtubule plus-end
tracking proteins localized to the growing plus-ends of dynamic microtubules [94]. Drebrin localization
is regulated by activity-dependent synaptic plasticity and NMDA receptor activation [90].

2.1.10. Ca2+/calmodulin dependent protein kinase II β

The Ca2+/calmodulin dependent protein kinase II (CaMKII) is a ubiquitous serine/threonine
protein kinase that plays a key role in postsynaptic LTP and learning/memory [95,96]. Among the four
CaMKII isoforms, the α and β subunits are the most abundant in the brain [97]. The β subunit
features an F-actin-binding domain that targets CaMKIIβ to actin filaments in cells and particularly in
dendritic spines [98]. CaMKIIα isoform weakly binds actin and this interaction is important for its
localization to the dendritic spine [99]. On the other hand, CaMKIIβ does not only bind to actin, but also
bundles actin filaments together [98] through the formation of hetero-oligomers with the CaMKIIα
subunit [100]. Therefore, CaMKIIβ is a protein relevant for the maintenance of the spine structure
and for plasticity-driven remodeling. CaMKIIβ appears to be anchored to a protein complex composed
of drebrin-binding F-actin during the resting state. NMDA receptor activation releases CaMKIIβ from
drebrin, resulting in CaMKIIβ association with PSD [101].

2.1.11. α-actinin

α-actinin assembles in an antiparallel fashion and such dimers crosslink actin filaments [102].
The isoform α-actinin2 localizes to dendritic spines, enriched within the PSD and implicated in actin
organization [103]. α-actinin selectively stabilizes CaMKII association with GluN2B-containing glutamate
receptors [104]. The isoform α-actinin-4 is an interacting partner of metabotropic glutamate receptors
and orchestrates spine dynamics and morphogenesis in neurons through a CaMKIIβ-dependent
process [105].

2.2. The Actin Cytoskeleton in Spines: A Key Player of Activity-Dependent Synaptic Plasticity Events

During development and in adulthood, synapse formation, maintenance, and elimination come
along with changes in dendritic spine number and morphology to establish and shape the connectivity
of neuronal circuits [106]. The actin cytoskeleton is important for the stabilization of postsynaptic
proteins in mature spines [107] and modulation of spine morphological adaptation (shape and number)
in response to postsynaptic stimuli [108,109]. Indeed, at the cellular level, a synaptic function and spine
shape modifications are strictly interdependent, especially during activity-dependent synaptic plasticity
events, such as LTP and LTD [110]. In this framework the actin cytoskeleton dynamics are finely
tuned since they are a critical element for the remodeling of the spine morphology, as well as for
the endocytosis processes that control glutamate receptors levels at the membrane.

2.2.1. Actin Cytoskeleton Remodeling to Change Spines Structure

The equilibrium between F-actin and G-actin is stable under basal neuronal activity, but it
can be rapidly modulated, both positively and negatively, by synaptic activity. Indeed, LTP shifts
the G-actin/F-actin ratio toward F-actin (rise in spine actin filaments) and results in spine enlargement,
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while LTD shifts the G-actin/F-actin ratio toward G-actin (decrease in spine actin filaments) and results
in spine shrinkage. Actin-binding proteins orchestrate these precise changes in actin cytoskeleton
dynamics and have different localizations in spines during the different phases of LTP [109] (Figure 2).

The first phase of LTP is characterized by a transient but profound modification of the overall
protein composition of the spine with a rapid increase of the actin levels and of actin polymerization in
the spine [108]. During this phase of 1 to 7 min, the actin cytoskeleton is more unstable and susceptible
to reorganization. In addition to the increase in F-actin, there is also a change in the composition of
the actin-binding proteins in the spine. During these first minutes, the spine is significantly enriched in
proteins able to largely modify F-actin through severing (cofilin), branching (Arp2/3), or capping (Aip1).
At the same time, the concentration of proteins known to stabilize the suprastructure of the actin
cytoskeleton by bundling F-actin or linking F-actin to the PSD (drebrin, CaMKIIβ, and α-actinin)
is transiently reduced in the spine [109,111]. During this time window of about 5 min, therefore,
actin filaments can lose their supramolecular organization (bundling and cross-linking) and allow
the access to other actin-binding factors that can reorganize the actin cytoskeleton. This switch of
actin-binding protein type from actin-stabilizers to actin-modifiers in the earliest phase of synapse
potentiation creates a time window in which the actin cytoskeleton becomes susceptible to major
reorganization (Figure 2). Afterwards, the concentration of drebrin, CaMKIIβ, and α-actinin in
the spine progressively returns to basal levels of concentration [109].

One of the major players in such LTP-induced actin cytoskeleton remodeling is cofilin. It has been
shown that upon the activation of the NMDA receptors, cofilin is translocated to the spine, where it
severs the actin cytoskeleton, leading to the formation of new barbed ends that nucleate new filament
growth [112]. The severing allows the formation of new F-actin, which is the preferred site of Arp2/3
nucleating and branching activity [48]. The concerted action of cofilin and Arp2/3 is fundamental for
the maintenance of spine expansion and for the control of protein delivery to the synaptic membrane,
such as AMPA receptors [47,113]. Indeed, the perturbation of cofilin inactivation by phosphorylation
prevents the maintenance, but not the first phase, of spine enlargement, indicating that cofilin is
required for the structural consolidation of the spine.

During the second phase (7–60 min after the LTP induction) the actin concentration goes back
to basal levels, leading to the stabilization of the spine structure, while cofilin moves to the neck of
the spine after its phosphorylation on Ser3 and, thereby, its inactivation. The complex cofilin-actin
can stop the actin rearrangement, giving the spine the possibility to enlarge its structure. Indeed,
after LTP induction, actin stabilizes the spine apparatus, representing an anchoring for several
molecules [114]. In the third phase (corresponding to late LTP) that occurs 60 min after induction,
the PSD is structurally remodeled by the increase in PSD proteins and newly synthesized factors [115].
Concerning the structure of the spine, it has been demonstrated that the F-actin nucleation, mediated
by WAVE complex, an activator of the Arp2/3 complex, occurs in the central structure of the spine,
while the elongation occurs at the tip of finger-like protrusions. For that reason, the proteins involved
in the branching of the already assembled filaments are localized in the central part of the PSD,
while next to the membrane the filament elongator proteins are confined. The synaptic plasticity
modifies the distribution patterns of actin-binding proteins and induces also the redistribution of
branched F-actin regulators in spines to create an enlargement also in the distal part of the spine [114].

2.2.2. Actin Cytoskeleton and Endocytosis

Postsynaptic composition is tightly controlled and rapidly modulated during activity-dependent
synaptic plasticity events. This synaptic property requires coordinated mechanisms of protein
trafficking that are themselves under the control of the actin cytoskeleton.

For instance, the precise regulation of glutamate receptor number and subtype at the synapse,
which is crucial to excitatory neurotransmission and synaptic plasticity, can be affected by
actin cytoskeleton dynamics modulation. Cultured neurons exposed to latrunculin, a G-actin
sequestering drug that blocks polymerization, showed reduced clustering of synaptic NMDA receptors
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and GluA1-containing AMPA receptors in dendritic spines [116] and specifically decreased
AMPA receptor neurotransmission [117]. In addition, the F-actin stabilizing drug Jasplakinolide
blocked glutamate-stimulated AMPAR internalization [118]. Indeed, AMPA receptors dynamically
cycle between the plasma membrane and intracellular compartments through endo-exocytic events
(reviewed in [119]). In addition to endocytosis and exocytosis, lateral diffusion of receptors in
the plane of the membrane and exchange between synaptic and extrasynaptic sites emerged as key
steps for modifying receptor numbers at synapses (reviewed in [120]). Constitutive endocytosis
of AMPA receptors at the postsynaptic membrane is believed to be clathrin-independent [121],
even though constitutive clathrin-mediated endocytosis (CME) of the receptor, as well as other
cargos, was reported to occur in this subcompartment as well as in dendrites and in the soma [122].
On the other hand, it is widely accepted that the implementation of LTD requires CME of postsynaptic
AMPA receptors [122–124] and is relevant for learning in vivo [125].

The CME is a complex process that requires coordination of the molecular events responsible for
cargo sorting, membrane invagination, vesicle scission, and vesicle targeting. A vast body of research
has revealed an intricate network of numerous protein-protein interactions within the endocytic
pathway [126]. Genetic studies in yeast have firmly established a functional connection between
actin and endocytosis, and experiments performed with drugs that interfere with actin cytoskeleton
dynamics provided significant evidence that, in mammalian cells, CME relies on an active actin
cytoskeleton [126]. For instance, the inhibition of actin polymerization by using latrunculin blocked
clathrin-coated structure dynamics in neuronal dendrites [127].

In mammalian cells the CME was divided into several distinct stages that included coat assembly on
membranes, invagination, fission, movement of vesicles away from the plasma membrane, and finally,
uncoating [128,129]. Actin is crucial during these different stages of endocytic internalization and actin
networks that form at sites of endocytosis must be tightly regulated for efficient internalization. Indeed,
sites of endocytosis contain Arp2/3 to form a branched actin network, capping proteins, which limits
the length of filaments and depolymerization factors such as cofilin, which turn over older filaments
for recycling of actin subunits [130]. During the first phase, when endocytic coat proteins are recruited
and the endocytic structure remains at the cell membrane undergoing relatively minor movements,
the regulators of actin assembly are recruited, and near the end of this stage, actin polymerization
begins. Therefore, actin is involved in specifying sites of coated-pit formation on the plasma membrane
and may provide a scaffold for the assembly and anchoring of the endocytic machinery during
clathrin-coated vesicle formation. It was shown that the clathrin-adaptor complex AP2, which mediates
attachment of clathrin to the plasma membrane and induces clathrin polymerization into a coat,
colocalizes with actin stress fibers [131]. The Huntingtin interacting protein 1 (HIP1) and Hip1R
were suggested as potential linkers between the clathrin-coated pit and actin cytoskeleton. HIP1
binds AP2 and clathrin and is present in clathrin-coated vesicles [132], while Hip1R associates to
both actin and clathrin [131]. The heterodimerization of HIP1 and Hip1R may be a mechanism that
allows HIP1 to indirectly bind to F-actin and that also allows AP2 to be recruited to clathrin nucleation
sites defined by the HIP proteins at the plasma membrane. During the second phase, the proteins
make a short movement away from the membrane into the cytoplasm. At the end of this stage,
endocytic proteins are lost from the vesicle, presumably coinciding with scission of the vesicle from
the plasma membrane. At this stage, actin polymerization occurs at endocytic sites, thus providing
a force during coated-pit neck constriction, fission, and detachment of clathrin-coated vesicles [133,134].
Using alternating evanescent field and epifluorescence illumination, Merrifield and colleagues showed
that clathrin-coated pit invagination and scission are tightly coupled, with scission coinciding with
maximal displacement of the clathrin-coated pit from the plasma membrane and with peak recruitment
of cortactin, a dynamin and F-actin-binding protein. Indeed, perturbing actin polymerization reduces
the efficiency of membrane scission [135]. In addition, a role for Tpm3.1 was hypothesized during
the fission of the endosomes from the plasma membrane. Tpm3.1 can recruit non-muscle myosin II to
stabilize actin filaments [136]. In light of this consideration, Tpm3.1 could be involved in maintaining
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the nascent endocytic neck and in stabilizing and recruiting myosin II, allowing the stabilization
and constriction of the actin ring surrounding the neck of nascent bulk endosomes in preparation for
their fission from the plasma membrane [137].

In dendritic spines, there are endocytosis-specialized regions named endocytic zones near
the postsynaptic membrane and lateral to the PSD, where they develop and persist independent
of synaptic activity, akin to the PSD itself [127]. In such specialized regions there are actin-binding
proteins relevant for glutamate receptor endocytosis, such as the Candidate Plasticity Gene 2 (CPG2)
that colocalizes with clathrin at postsynaptic endocytic zones [138,139]. CPG2, through a direct
physical interaction, recruits endophilin B2 to F-actin, thus anchoring the endocytic machinery to
the spine cytoskeleton and facilitating glutamate receptor internalization [124]. Specific disruption of
endophilin B2 or the CPG2-endophilin B2 interaction impairs activity-dependent, but not constitutive,
internalization of both NMDA- and AMPA-type glutamate receptors [124] (Figure 2).

As far as concern glutamate AMPA receptors, different linker proteins mediate the association
of the receptor subunits to the actin cytoskeleton [113] and modulate AMPA receptor localization,
internalization, and forward trafficking. The F-actin-binding proteins 4.1 were shown to stabilize
AMPA receptors, providing a link to actin filaments [140], and to be involved in receptor exocytosis [141].
The deletion of the CAP2 protein impairs the LTP-triggered increase in GluA1 surface expression [73].
The protein PICK1, which is involved in LTD-induced internalization of AMPA receptors [142],
binds GluA2/3 subunits, F-actin, and the Arp2/3 complex [143]. PICK1 is a negative regulator of
Arp2/3-mediated actin polymerization that is critical for a specific form of vesicle trafficking and in
particular for NMDA-induced AMPA internalization [143]. The reversion-induced LIM protein (RIL)
is another protein linker that associates AMPA receptors with the actin cytoskeleton because it binds
both the GluA1 C-terminus and the F-actin cross-linking protein α-actinin. It was proposed that such
association plays a role in enhancing surface and synaptic expression of AMPA receptors by regulating
endosomal recycling [144]. A protein relevant for AMPA receptor sorting is the actin-regulatory
protein cortactin that interacts with the GluA2 subunit. Disrupting GluA2-cortactin binding in neurons
causes the targeting of GluA2/A3-containing receptors to lysosomes and their consequent degradation,
resulting in a loss of surface and synaptic GluA2 under basal conditions and an occlusion of subsequent
LTD expression [145]. In addition, AMPA receptor trafficking is also dependent on the interaction with
different myosins isoforms. Myosin Va, which is a plus-end-directed motor, binds GluA1 tail and is
required for the LTP-induced forward trafficking of the receptor [146]. On the other hand, myosin VI
exists in a complex with the AMPA receptors, AP2 and SAP97 in the brain, suggesting that myosin VI
could play a role in the clathrin-mediated endocytosis of AMPA receptors [147] (Figure 2).

Sorting mechanisms are also important for amyloid generation in neuronal cells. Trafficking
events play key roles in the convergence of APP and BACE1, putting in close proximity the substrate
and the cleaving enzyme, respectively. Considering that BACE1 is optimally active in an acidic
environment, the endosomes can be contemplated as the biological locus where the amyloidogenic
pathway initiates [148]. Most studies on APP and BACE1 trafficking were done in non-neuronal
cells and showed that trans-Golgi network, plasma membrane, and endosomes are the main
sorting stations for APP and BACE1 [149]. In cultured hippocampal neurons, APP and BACE1
interact in both endoplasmic reticulum/Golgi and endocytic compartments, particularly in recycling
zones such as dendritic spines and presynaptic boutons [150]. Abnormal residence time of APP
and BACE1 in endosomes can lead to increased cleavage of APP, and this might contribute to sporadic
AD [151]. After the synthesis, APP is conveyed in Golgi-derived vesicles to the plasma membrane
where it can be internalized via a clathrin-dependent mechanism [7,152]. After internalization
a significant population of APP endocytosed from the plasma membrane enters LAMP-1-positive late
endosomes/lysosomes [150], while a portion of internalized APP can be routed into BACE1-positive
recycling endosomes [7] Upon endocytosis APP can also be transported back to the trans-Golgi
network via a retromer-dependent pathway [153]. A key regulator of the APP retrieval pathway is
sorting protein-related receptor with A-type repeats (sorLA) [154], a scaffold protein linking APP
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to the retromer complex [155]. Overexpression of sorLA in neurons causes redistribution of APP to
the Golgi and decreased processing to Aβ, whereas ablation of sorLA expression in knockout mice
results in increased levels of Aβ in the brain [154]. Remarkably, genome-wide association studies
showed an association of sorLA with sporadic, late-onset AD [156], strengthening the relevance of
endocytosis in AD pathogenesis.

Figure 2. Dendritic spine actin cytoskeleton dynamics in activity-dependent synaptic plasticity
phenomena. During the first phase of long-term potentiation (LTP) (1–7 min), there is a rearrangement
of the actin cytoskeleton characterized by (i) the increase in the synaptic level of actin-binding proteins
that are able to modify F-actin through several process, such as severing (cofilin), branching (Arp2/3),
or capping (Aip1); (ii) the decrease in actin-stabilizer proteins (drebrin, CaMKIIβ, and α-actinin)
responsible for stabilizing actin filaments and linking them to the postsynaptic density (PSD).
After this phase, cofilin is inactivated to enlarge the spine and stabilize changes in structure. During
long-term depression (LTD), the spine shrinkage is associated to a decrease in spine actin filaments.
The actin cytoskeleton and actin-binding proteins are also involved in AMPA receptor trafficking: LTP
triggers AMPA receptor forward trafficking, while LTD promotes clathrin-mediated endocytosis of
AMPA receptors.

3. Actin Cytoskeleton Pathology in AD

Given the large contribution of the cytoskeleton to the mechanisms involved in synaptic plasticity,
an impairment in actin cytoskeleton dynamics can contribute to AD pathology and underlie the synaptic
failure in AD [28]. Several actin-binding proteins are altered in AD brains and AD animal models
(Table 1). For example, the expression of drebrin is decreased in the hippocampus of aged AD mice
compared with age-matched wild-type and young adult AD mice. In AD mice the overexpression of
drebrin ameliorates cognitive ability and attenuates pathological lesions [157]. Moreover, the potential
contribution of drebrin in AD synaptic failure is strengthened by studies showing its decrease in
the hippocampal dendritic spines of AD brain patients [158] and in cortical areas, including the frontal
and temporal cortices [159], in relation to the cognitive impairment associated with normal aging [160].

The involvement of the Rho family of small GTPases (Rho, Rac, and Cdc42) in AD pathology was
shown in different AD models. In neuronal cultures exposed to fibrillar Aβ peptide, an increased
localization and activity of Rac1/Cdc42 Rho GTPases, promoted by Tiam1, were observed together with
a consequent enhancement in actin polymerization [161]. Rac1 is increased in plasma samples of AD
patients [162] and, in the hippocampus of AD mice, Rac1 was abnormally activated at the early stages
of the pathology, even if the total protein levels decreased at full-blown pathology stage. These data
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suggest that, in an initial stage, Rac1 deregulation might represent a triggering co-factor due to the direct
effect on Aβ and tau [162].

Table 1. Actin-binding proteins: physiological role and involvement in AD.

Protein Physiological Function Role in AD

Arp2/3
Actin filaments nucleator: major actin-binding

protein with polymerizing and filament
branching activities

Required for Hirano body formation in Dictyostelium

Profilin Responsible for the ADP to ATP nucleotide exchange
on actin

Required for model Hirano body formation
in Dictyostelium

Rho family of GTPases Intermediaries between external signals and internal
actin organization

- Increased activity of Rac1/Cdc42 Rho GTPases upon
fibrillar Aβ exposure

- Rac1 is increased in plasma samples of AD patients
and abnormally activated in AD mice at early stages

ADF/cofilin Promote the actin turnover

- Identified in the Hirano bodies and main
component of actin rods

-Alterations of its activation in in vitro and in vivo
AD models

Myosins V and VI Actin-based motor proteins Myosin VI colocalizes with tau protein accumulated
in neurons of AD patients

Drebrin Bundles actin filaments by crosslinking Decreased in the hippocampal dendritic spines of AD
patients and in the hippocampus of AD mice

α-actinin Form dimers that crosslink actin filaments Component of the Hirano bodies

Tropomyosins Form head-to-tail polymers to stabilize the actin
filament and recruit myosin

Component of neurofibrillary pathology
and Hirano bodies

Evidence of actin involvement in AD comes from studies of the main neuropathological hallmarks
of AD, i.e., neurofibrillary tangles and the senile plaque, and of the additional lesions that are detectable
in AD brains, such as the Hirano bodies and the actin rods. For example, the screening of 1250 mutant
Drosophila lines allowed the identification of 30 specific modifiers of tau-induced neurodegeneration,
among which were several components of the actin cytoskeleton, such as Tpm [163] and myosin VI,
which colocalize with tau protein accumulated in the neurons of AD patients and of tauopathy animal
models [164].

Hirano bodies are bright eosinophilic intracytoplasmic inclusions encountered within the CA1
region of the hippocampus. These lesions were first identified by Asao Hirano and their frequency
increases with age and in a number of neurodegenerative diseases including AD [165,166].
Immunocytochemistry and immunoelectron-microscopy studies revealed the diffuse presence of actin, in
the F-state, and cytoskeletal proteins throughout the Hirano body [167]. In addition to APP and several
microtubule-associated proteins, actin-associated proteins such as Tpm, vinculin,α-actinin, ADF, and cofilin
are components of these intracellular inclusions [168]. The association between AD and Tpm dysregulation
can be isoform-specific. For example, a proteomics study showed that TPM1 and TPM3 gene products are
increased in the white matter of AD patients when compared with controls [169]. In addition, a proteomic
analysis of hippocampal glycoproteins revealed an increase in TPM3 gene products in AD brains [170].
The strong presence of actin-binding proteins in the Hirano bodies supports the hypothesis that these lesions
are derived from an abnormal organization of the neuronal cytoskeleton. To strengthen this hypothesis, it
has been shown that profilin, Arp/2/3, WASH, and de novo actin polymerization are required for model
Hirano body formation in Dictyostelium [171].

In addition to Hirano bodies, ADF and cofilin were detected in another form of inclusion,
named actin rods, that is prominent in hippocampal and cortical neurites of the post-mortem brains of
AD patients, especially in neurites contacting amyloid deposits [172,173], and in AD mice models [174].
Actin rods are cytoplasmic rod-shaped bundles of filaments composed of ADF/cofilin-actin in a 1:1
complex. In addition to cofilin and actin, cytoplasmic rods isolated from either cell lines or cultured
primary neurons contain other proteins, but only during late stages of rod maturation, indicating
that these are not core components of the rods. Vesicles containing APP, BACE1, and presenilin-1,
a component of the γ-secretase complex, accumulate at rods, suggesting that actin rod formation
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blocks the transport of APP and enzymes involved in its processing to Aβ [174]. Rod formation has
a local effect since transport deficits of mitochondria and early endosomes, a decline in spine numbers,
and glutamate receptor response occur within neurites that form spontaneous rods, while neurites
from the same neuron without rods remain unaffected [175].

In order to investigate the primary cause of actin rod formation, several neurodegenerative
stimuli were investigated, such as exposure to excitotoxic levels of glutamate, mitochondrial inhibitors,
peroxide, Aβ peptides, and proinflammatory cytokines [172,174]. ATP depletion is a major trigger
for cofilin-actin rod formation at a stoichiometric proportion of 1:1 [172]. A decrease in ATP shifts
the balance of kinase/phosphatase activity toward the active (dephosphorylated) form of cofilin,
the augment of the ADP-actin fraction of total actin, and the increase of reactive oxygen species
(ROS) [172,176]. In such environments, cofilin is able to saturate regions of F-actin that are readily
severed, producing small stable fragments [177]. In the presence of high amounts of ROS, the newly
generated F-actin fragments lead to the formation of rods through the direct bundling of these fragments
and/or intermolecular disulfide cross-linking of cofilin [172,176]. In summary, the formation of actin
rods requires (i) cofilin in the activated (dephosphorylated) form, (ii) cofilin saturation of local regions
of F-actin in the presence of abnormally high levels of ADP-actin, which preferentially binds to cofilin,
(iii) formation of intermolecular disulfide linkages via oxidation of several key cysteine residues of
cofilin [178]. The formation of rods actually may also have a protective function. Considering that in
neurons actin dynamics utilize a significant amount of ATP [179], in a short period (approximately
60 min) immediately after initial rod formation cofilin sequestration transiently delays the decline
in mitochondrial membrane potential and helps maintain ATP levels by reducing actin filament
turnover [180].

Even though the active dephosphorylated form is the main component of actin rods [174], data
about the activation state of cofilin in AD are conflicting. Increased cofilin phosphorylation/inactivation
with age and AD pathology was reported both in vivo and in vitro [181], while a decrease in cofilin
phosphorylation was described in the frontal lobe of younger patients [182]. In APP/PS1 mice (a mouse
model of AD) an increased cofilin activation/dephosphorylation was observed [183,184]. The analysis
of the PSD-enriched fraction of both APP/PS1 mice and AD brains revealed a significant increase in
cofilin phosphorylation/inactivation in the postsynaptic compartment [185]. Another study showed
that cofilin phosphorylation state depends on the stage of the pathology, since an increased activation
(dephosphorylation) is detected in APP/PS1 mice brains at four months of age while cofilin is strongly
phosphorylated (inactivated) at 10 months of age, corresponding to a full-blown pathology stage [181].

Considering the crucial involvement of cofilin in several biological pathways related to the actin
cytoskeleton, the alteration of cofilin activation and its sequestration in the actin rods could affect
different cellular functions [60]. First, an alteration of cofilin levels and activation profoundly affects
the biological pathways implicated in learning and memory processes. Indeed, cofilin is required for
LTP, as demonstrated by the generation of cofilin knockout mice, which showed a complete lack of LTP in
CA1 neurons of hippocampal slices, aberrant spine morphology, and impaired associative learning [186].
Cofilin controls extrasynaptic excitatory AMPA receptor diffusion [186], which affects the probability of
a surface-expressed receptor being incorporated into the synapse [187], and cofilin activation is required
for the insertion of the AMPA receptor subunit GluA1 upon LTP induction [188]. Second, the lack of
cofilin can affect cellular transport. Indeed, cofilin directly competes with tau for microtubule binding
and can be implicated in in tauopathy and destabilization of tau-regulated microtubule dynamics [189].
Third, cofilin is relevant for the regulation of mitochondria morphology and function [190,191].
In oxidative stress conditions, cofilin cysteine residues are oxidized, thus promoting intramolecular
disulfide bridging of cofilin [192]. In such a state, cofilin loses affinity for actin and translocates to
mitochondria, where it induces swelling, a drop in mitochondrial membrane potential, and cytochrome
c release by promoting the opening of the permeability transition pore [192–194]. Mitochondrial
targeting of cofilin and subsequent cytochrome c release mediate neuronal apoptosis in response to
Aβ oligomers [183,195]. Finally, cofilin is also implicated in APP processing and Aβ metabolism.
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The knockdown of cofilin in primary neurons significantly reduces Aβ production by increasing
surface APP levels. Expression of active, but not inactive, cofilin reduces membrane APP levels by
enhancing APP endocytosis. In APP/PS1 mice, genetic reduction of cofilin reduces Aβ deposition
together with significantly increased microglial activation that has a greater ability to uptake and clear
Aβ. These results indicate a significant role for cofilin in Aβ accumulation via different neuronal
and microglial mechanisms [196].

4. Conclusions

Even though in the last 25 years the pharmaceutical industry has invested in anti-amyloid
therapies and in numerous phase 3 clinical trials, no amyloid-targeting therapy has improved or limited
the progression of cognitive impairment in symptomatic AD. These data suggest that while amyloid
accumulation may be key in beginning the pathological process, other downstream events such
as synaptic loss and tau accumulation may be the main drivers of neurodegeneration [197]. In addition,
considering that synaptic failure is causally linked to the early cognitive symptoms detected in AD
patients, AD can be considered a synaptopathy, such as several other neurological disorders.

Notably, growing evidence demonstrates that the actin cytoskeleton plays a key role in synaptic
function and plasticity. Therefore, the disturbance of actin-binding proteins, which orchestrate actin
cytoskeleton dynamics, could be a common principle in many synaptopathies [198,199]. Several studies
analyzing AD post-mortem tissue, animal and cellular models suggest that AD pathology has
a deleterious effect on the pathways governing the actin cytoskeleton.

The actin cytoskeleton is a critical element during activity-dependent synaptic plasticity
phenomena, since it takes part in different aspects of the coordinated machinery that modulates
synaptic transmission. First, actin filament remodeling shapes the dendritic spine in response to
the received stimulus. Secondly, actin polymerization is the driving force of clathrin-mediated
endocytosis and actin-binding proteins are involved vesicle sorting. Therefore, the endocytosis controls
not only the membrane levels of glutamate receptors but also the colocalization of the amyloid cascade
players, thus affecting the production of Aβ peptide.

In light of these considerations, the actin cytoskeleton can be positioned at the crossroad of
pathways contributing to AD pathogenesis, i.e., the amyloid cascade and the synaptic dysfunction.
However, a great effort is needed to investigate in detail the mechanisms controlling actin cytoskeleton
machinery in a specific cellular compartment that is the dendritic spine. Indeed, several studies on
actin have been performed in test tubes and in yeast, but the main challenge is to understand the actions
of actin and actin-binding proteins in a proper and highly specialized cellular context, i.e., the dendritic
spine. The knowledge of the physiological mechanisms controlling synaptic plasticity is fundamental
to understand the biological basis of memory formation and, thereby, to shed light on the pathological
modifications that drive cognitive impairment in AD.
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Abstract: Dysferlin is a transmembrane C-2 domain-containing protein involved in vesicle trafficking
and membrane remodeling in skeletal muscle cells. However, the mechanism by which dysferlin
regulates these cellular processes remains unclear. Since actin dynamics is critical for vesicle trafficking
and membrane remodeling, we studied the role of dysferlin in Ca2+-induced G-actin incorporation into
filaments in four different immortalized myoblast cell lines (DYSF2, DYSF3, AB320, and ER) derived
from patients harboring mutations in the dysferlin gene. As compared with immortalized myoblasts
obtained from a control subject, dysferlin expression and G-actin incorporation were significantly
decreased in myoblasts from dysferlinopathy patients. Stable knockdown of dysferlin with specific
shRNA in control myoblasts also significantly reduced G-actin incorporation. The impaired G-actin
incorporation was restored by the expression of full-length dysferlin as well as dysferlin N-terminal or
C-terminal regions, both of which contain three C2 domains. DYSF3 myoblasts also exhibited altered
distribution of annexin A2, a dysferlin partner involved in actin remodeling. However, dysferlin
N-terminal and C-terminal regions appeared to not fully restore such annexin A2 mislocation. Then,
our results suggest that dysferlin regulates actin remodeling by a mechanism that does to not involve
annexin A2.

Keywords: dysferlin; actin; C2 domains; annexin A2; dysferlinopathy

1. Introduction

Dysferlin is a transmembrane protein containing seven cytosolic C2 domains, which bind Ca2+

and acidic phospholipids with different affinities [1,2]. Its most well-known function is to facilitate
Ca2+-dependent aggregation and fusion of vesicles at wounded plasmalemma [3–5] by a mechanism
that has not been completely elucidated. Dysferlin plays a role in other cellular processes in the skeletal
muscle tissue including cytokine secretion and membrane receptor recycling in myoblasts [6,7] as
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well as biogenesis, remodeling, and maintenance of the T-tubule system [8,9]. Among the proteins
involved in vesicle trafficking and/or membrane remodeling that interact with dysferlin are the SNAREs
(acronym for soluble N-ethylmaleimide-sensitive factor activating protein receptors) syntaxin-4 and
SNAP23 [10], annexins A1 and A2 [4], α-tubulin [11], and Mitsugumin 53 [12,13].

Mutations in the dysferlin gene cause a group of autosomal recessive muscular dystrophies
known as dysferlinopathies [14]. The most common forms of dysferlinopathy are Miyoshi myopathy,
limb-girdle muscular dystrophy type 2B, and distal anterior compartment myopathy [15,16].
Dysferlinopathy phenotypes include progressive atrophy of limb muscles, elevated serum creatine
kinase levels, reduced expression of plasmalemmal dysferlin, and prevalence of immature muscle
fibers [17,18]. As expected, skeletal muscle cells derived from dysferlinopathy patients [19] and
dysferlin-deficient mice [3] display a defective Ca2+-dependent plasmalemma repair. Furthermore,
when dysferlin expression is reduced, vesicles accumulate beneath the plasmalemma [20–22], suggesting
a role of dysferlin in vesicle trafficking. A critical element for vesicle trafficking and membrane repair
is the actin cytoskeleton [23–27]. Skeletal muscle cells express two cytoskeletal actin isoforms, β-actin
and γ-actin, that localize in sub-plasmalemmal regions [28,29]. Skeletal muscle-specific ablation of
β-actin or γ-actin causes a progressive myopathy, characterized by myofiber degeneration/regeneration
and muscle weakness [29,30], thus emphasizing the critical role of the cytoskeletal actin network in the
function of skeletal muscle cells.

Interplay between dysferlin and the actin cytoskeleton has been observed during plasmalemma
repair [25,26]. Moreover, dysferlin interacts with proteins important for actin organization and
remodeling such as annexin A2 [4], suggesting the implication of dysferlin in actin dynamics.
Alterations in dysferlin expression, such as those occurring in dysferlinopathies, could then potentially
affect actin dynamics in muscle cells. With this in mind, we studied whether the dynamics of the
cytoskeletal actin is affected in myoblasts derived from skeletal muscle of dysferlinopathy patients.
Our data show that the expression of dysferlin is dramatically reduced in dysferlinopathy-derived
myoblasts compared to myoblasts from a healthy subject. Moreover, dysferlinopathy myoblasts
exhibit a reduced capability to incorporate new actin monomers to the pre-existing actin filament
(F-actin) network compared to control myoblasts, suggesting defects in actin cytoskeleton remodeling.
Finally, the expression of a construct harboring the full-length dysferlin, as well as the expression of
its N-terminal or its C-terminal regions, successfully restores actin dynamics in dysferlin-deficient
myoblasts. These results support a role of dysferlin in actin cytoskeleton dynamics in muscle cells and
suggest that this mechanism could be deregulated in dysferlinopathy.

2. Results

2.1. Dysferlin Expression in the Dysferlinopathy Cell Lines

Four different cell lines of immortalized myoblasts were derived from skeletal muscle biopsies
from dysferlinopathy patients. These cell lines named DYSF2 (also called 107), DYSF3 (also called 379),
AB320, and ER myoblasts were previously characterized [31,32]. Table 1 describes the origin of each
cell line, including the mutations carried by donors. All of them are heterozygous with the exception
of ER cells. As a control, we used the cell line C25, which was derived from a biopsy of semitendinosus
muscle of a 25 year old male who did not suffer from any skeletal muscle disease [33]. All these cell
lines were obtained from the platform for the immortalization of human cells from the Institut de
Myologie (Paris, France), and their characterizations were previously reported [33–35]. All analyses
were performed on undifferentiated myoblasts.

We first analyzed the relative expression of dysferlin in the cell lines DYSF2, DYSF3, AB320,
and ER and compared it with the expression of the protein in C25 control myoblasts. Figure 1a
shows a typical immunoblot stained with antibodies against dysferlin (upper bands) and β-tubulin
(lower, loading control). Figure 1b shows dysferlin/β-tubulin ratios from five independent experiments.
As compared with C25 myoblasts, the expression of dysferlin was reduced by 68%, 87%, 88%, and 83%
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in DYSF2, DYSF3, AB320, and ER myoblasts, respectively. These results agree with the expected
dysferlin expression in these myoblasts [31,32,36,37] and validate these cell lines as in vitro models
of dysferlinopathy.

Table 1. Description of the immortalized human skeletal myoblasts used in this study.

Cell Line Muscle Biopsy Patient Mutations

DYSF2 Vastus lateralis 37 year old male Exon 8:c.855 + 1delG, mRNAdecay
Exon 9: c.895G > A, r.895G > A, p.G299R

DYSF3 Vastus lateralis 36 year old female Exon 16: c.1448C > A, p.S483X
Exon 55:c.*107T > A, 3′UTR

AB320 Quadriceps 29 year old female Intron 4: c.342-1G > A
Exon 32: c.3516–3517delTT, p.S1173X

ER Quadriceps 17 year old male Homozygous
Exon 44: c.4882G > A, p.G1628R

Figure 1. Reduced expression of dysferlin in immortalized myoblasts obtained from dysferlinopathy
patients. Dysferlin expression was determined by immunoblotting of total protein extracts from C25
myoblasts obtained from an unaffected donor, or DYSF2, DYSF3, AB320, or ER myoblasts obtained
from dysferlinopathy patients. (a) Example of immunoblot detection of dysferlin (upper bands) and
β-tubulin (loading control; bottom bands). (b) Relative density (dysferlin/β-tubulin ratio). Data are
means ± SEM from 5 independent immunoblots. * p < 0.05 compared to C25 myoblasts (t-test).

2.2. Cytoskeleton Actin Dynamics in the Dysferlinopathy Myoblasts

The cytoskeletal actin network is a highly dynamic structure that is rearranged in skeletal muscle
cells during vesicle trafficking and membrane repair [23,25–27,38,39], and such actin remodeling
in skeletal myoblasts, evaluated as G-actin incorporation, seems to depend on high cytosolic Ca2+

concentrations [27]. Therefore, we measured the incorporation of actin monomers (G-actin) into
pre-existing actin filaments in permeabilized myoblasts by using a previously reported assay [27,40].
In this assay, myoblasts were permeabilized with digitonin in a solution containing green-fluorescent
Alexa-Fluor-488 G-actin and 2 mM ATP-Mg2+, in the absence or presence of Ca2+. As shown in the
supplementary Figure S1, G-actin incorporation was significantly higher in the presence of 10 μM
free Ca2+. Therefore, experiments were performed in this latter condition. Figure 2a shows examples
of myoblasts with fluorescent actin filaments, indicative of incorporation of Alexa Fluor-labelled
actin monomers into the F-actin network. Figure 2b shows the quantification of fluorescent G-actin
incorporation. As compared with control C25 myoblasts, all dysferlinopathy myoblasts (DYSF2,
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DYSF3, AB320, and ER) displayed significant reduction in G-actin incorporation to the pre-existent
cytoskeletal actin network (p < 0.05). In DYSF3 myoblasts, G-actin incorporation was reduced by 50%,
whereas in the DYSF2, AB320, and ER myoblasts it was reduced by 36%, 35%, and 42%, respectively.
Supplementary Figure S2 shows 1D intensity profiles of the incorporated fluorescently tagged G-actin.
Higher-intensity fluorescence was observed in the cell periphery of C25 myoblasts, whereas an
overall reduction of cell fluorescence was observed in the dysferlinopathy myoblasts (Figure S2).
The peripheral distribution of the fluorescently-tagged G-actin probably corresponds to submembrane
cortical cytoskeleton actin [28,29,40].

Figure 2. G-actin incorporation into filaments in dysferlin-deficient myoblasts. Fluorescently tagged
G-actin incorporation into filaments was assayed in myoblasts permeabilized with 20 μM digitonin in
the presence of 300 nM Alexa-Fluor-488 actin, 2 mM ATP-Mg2+, and 10 μM free Ca2+ during 6 min at
37 ◦C. After permeabilization, cells were fixed and nuclei were stained with DAPI. Confocal images
were acquired at the equatorial plane of the cells using identical exposure settings between compared
samples. (a–c) Fluorescent actin filaments in control C25 and dysferlinopathy DYSF2, DYSF3, AB320,
and ER myoblasts (a) and RCMH myoblasts non-transfected (N-T) or stably transfected with shRNA for
dysferlin (c). Scale bar = 20 μm. Insets show digital zooms of the boxed areas; brightness and contrast
were increased to appreciate better the pattern of fluorescent actin. (b–d) Data are means ± SEM.
Actin fluorescence intensity was measured in a single focal plane at the equator of cells and normalized
by the cell area. The number of analyzed cells from five different cultures is indicated in parentheses.
* p < 0.05 compared to C25 (b) or N-T RCMH myoblasts (c) (t-test).

To rule out that the differences in G-actin incorporation in the control and dysferlinopathy
myoblasts was a consequence of the size of pores formed by digitonin, we evaluated the incorporation
of a protein with a size similar to G-actin into the cells. Therefore, we incubated digitonin-permeabilized
C25 and DYSF3 myoblasts for 6 min at 37 ◦C in K+-glutamate /EGTA/Pipes (KGEP) buffer containing
the GST-amphiphysin-1 SH3 domain fusion protein. Incorporation of GST-amphiphysin-1 SH3 was
determined in fixed cells using a monoclonal anti-GST and secondary CY2-conjugated antibodies.
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As shown in Table S1, no significant differences were encountered in the GST relative fluorescence
intensity in C25 and DYSF3 cells.

We also performed experiments in RCMH myoblasts stably transfected with shRNA for dysferlin,
a strategy to knockdown dysferlin expression previously reported by our group [32]. The RCMH cell
line was established from a quadriceps biopsy of a healthy human [41], and it has been previously
characterized [41,42]. The supplementary Figure S3 shows the reduced expression of dysferlin in
stably transfected RCMH myoblasts. As compared with non-transfected RCMH myoblasts, the stable
knockdown of dysferlin significantly reduced G-actin incorporation into filaments (Figure 2c–d).

Together, these data strongly suggest that Ca2+-dependent G-actin incorporation is impaired
when dysferlin is reduced, such as in the dysferlinopathy context.

2.3. Expression of Full-Length Dysferlin or Its C or N-Terminal Regions Restores G-Actin Incorporation in
Dysferlinopathy Myoblasts

Next, we decided to evaluate whether the expression of dysferlin constructs can restore the impaired
actin dynamics in DYSF3 myoblasts. We chose this myoblast cell line, and not the others, for its lower
expression of dysferlin and reduced G-actin incorporation (Figures 1 and 2). We first analyzed the
incorporation of Alexa Fluor-labelled actin monomers in myoblasts expressing full-length dysferlin-HA.
Representative images of these experiments are shown in Figure 3a. Quantification of fluorescent actin
filaments in these cells shows that dysferlin-HA expression restored G-actin incorporation in DYSF3
myoblasts to levels comparable to C25 cells also expressing dysferlin-HA (Figure 3b).

Figure 3. Full-length dysferlin-HA restores G-actin incorporation in dysferlinopathy myoblasts.
Control C25 or dysferlinopathy DYSF3 myoblasts were transfected with full-length dysferlin-HA
(FL-dysferlin-HA), and 24 h fluorescently tagged G-actin incorporation was assayed as previously
described. FL-dysferlin-HA expression was assayed by immunofluorescence using a monoclonal
antibody against dysferlin and a Cy3-conjugated anti-rabbit secondary antibody. Confocal images
were acquired at the equatorial plane of the cells using identical exposure settings between compared
samples. (a) C25 and DYSF3 myoblasts with fluorescent actin filaments (green) and FL-dysferlin-HA
immunostaining (red). Scale bar = 10 μm. Insets show digital magnification of the boxed areas. (b) Bars
represent means ± SEM. Actin fluorescence intensity was measured in a single focal plane at the equator
of cells and normalized by the cell area. The number of cells analyzed from four different cultures is
indicated in parentheses. No significant differences (NS) were found (t-test).

We then evaluated how different dysferlin regions contributed to restore the impaired actin
dynamics in the DYSF3 myoblasts. We specifically evaluated the N-terminal dysferlin region that
comprises the Ca2+ and lipid-binding C2A, C2B, and C2C domains and FerI domain, and in parallel
we examined the contribution of the C-terminal region containing a transmembrane region plus C2E,
C2F, and C2G Ca2+-binding domains. Both dysferlin regions were fused to a mCherry reporter protein
and transfected in C25 and DYSF3 myoblasts. Myoblasts expressing the empty mCherry vector were
used as controls. Transfection efficiency was around 25%, 10%, and 35% in cells transfected with
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mCherry, dysferlin N-terminal, or C-terminal constructs. Fluorescence intensities of expression of
these constructs are provided in the supplementary Table S2.

A scheme of dysferlin domains is shown in Figure 4a. Images of fluorescent actin filaments and
expression of the constructs are shown in Figure 4b. Figure 4c shows quantification of fluorescent actin
filaments. The analyses show that either N-terminal or C-terminal parts of dysferlin increased actin
fluorescence threefold in DYSF3 myoblasts, as compared to that observed in myoblasts expressing
empty mCherry (Figure 4c). Furthermore, both dysferlin regions also increased G-actin incorporation
by 1.5-fold to 1.8-fold in C25 myoblasts. This strongly suggests the involvement of both dysferlin
regions in actin dynamics in skeletal myoblasts.

Figure 4. The N- or C- terminal dysferlin regions are efficient in restoring G-actin incorporation in
dysferlinopathy myoblasts. (a) Schematic representation of dysferlin regions included in the N-terminal
and C-terminal constructs. Blue arrows indicate positions of dysferlin mutations carried by the cell
lines (see Table 1). (b,c) Control C25 or dysferlinopathy DYSF3 myoblasts were transfected with
mCherry alone (Cherry), or dysferlin N-terminal (N-term) or C-terminal (C-term) fused to mCherry.
Twenty-four hours later, fluorescently tagged G-actin incorporation was assayed as described in
Methods, and confocal images were acquired at the equatorial plane of the cells using identical exposure
settings between compared samples. (b) Fluorescent actin filaments in C25 or DYSF3 myoblasts
expressing Cherry, and DYSF3 myoblasts expressing N-term or C-term. Scale bar = 10 μm. Insets show
digital magnification of the boxed areas. (c) Actin fluorescence intensity was measured in a single focal
plane and normalized by the cell area. Bars represent means ± SEM. Actin fluorescence intensity was
measured in a single focal plane at the equator of cells and normalized by the cell area. The number of
analyzed cells from four different cultures is indicated in parentheses. * p < 0.05 compared with C25
myoblasts expressing mCherry, & p < 0.05 compared with DYSF3 expressing mCherry (t-test).
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2.4. Annexin A2 Distribution in Dysferlin-Deficient Myoblasts

Annexin A2 is a Ca2+-binding protein that is recruited to membranes upon increments in
cytosolic Ca2+, where it facilitates actin assembly [43,44]. Annexin A2 also associates to dysferlin in a
Ca+2-dependent manner [4], and it is suggested that both are mutually required for their recruitment
to injury sites [25,45]. Therefore, we analyzed the distribution of annexin A2 and its colocalization with
newly incorporated G-actin in control C25 and dysferlinopathy DYSF3 myoblasts. These experiments
were carried out in myoblasts permeabilized in the presence of 10 μM Ca2+ and Alexa Fluor-labelled
G-actin, thus allowing the analysis of the colocalization of annexin A2 with the incorporated fluorescent
G-actin. Figure 5a shows images of C25 and DYSF3 myoblasts immunostained with annexin A2 (red)
and fluorescent actin (green). Annexin A2 localizes throughout the cytosol in C25 myoblasts, whereas
it is mainly restricted to nuclear and perinuclear areas in DYSF3 myoblasts. Indeed, the ratio of the
mean fluorescence intensity of the cytosol/whole cell of annexin A2 was 0.80 ± 0.02 in C25 myoblasts
and 0.6 ± 0.03 in DYSF3 myoblasts (Figure 5b). Supplementary Figure S4 shows 1D intensity profiles
of annexin A2 and fluorescently tagged G-actin. Both stains showed a similar distribution pattern in
C25 myoblasts, whereas their distribution pattern was different in DYSF3 myoblasts, wherein annexin
A2 showed a higher nuclear localization (Figure S4).

Figure 5. Annexin A2 distribution in dysferlinopathy myoblasts. Distribution of annexin A2 was
analyzed by immunofluorescence using an anti-annexin A2 antibody and Cy3-conjugated anti-rabbit
secondary antibody in C25 and DYSF3 myoblasts permeabilized with 20 μM digitonin in the presence
of 300 nM Alexa-Fluor-488 actin, 2 mM ATP-Mg2+, and 10 μM free Ca2+. Confocal images were
captured at the equatorial plane of the cells using identical exposure settings between compared
samples; therefore, annexin A2 distribution was measured in a single focal plane. (a) C25 and DYSF3
myoblasts immunostained with annexin A2 (red) and fluorescent G-actin incorporated into filaments
(green). Scale bar = 20 μm. Insets show digital magnification of the boxed areas. (b,c) Bars represent
means ± SEM of the ratio of the mean fluorescence intensity of the cytosol/whole cell of annexin A2
immunostaining (b) and Pearson correlation coefficient for colocalization of annexin A2 with fluorescent
actin filaments (c). The number of analyzed cells from four different cultures is indicated in parentheses.
* p < 0.05 (t-test).

Pearson correlation coefficient analysis indicated a significant colocalization of annexin A2 with
newly incorporated G-actin (0.65 ± 0.04; n = 35) in control C25 myoblasts, whereas this colocalization
was lost in DYSF3 myoblasts (Pearson correlation coefficient of 0.34 ± 0.03; n = 32; Figure 5c).

2.5. Annexin A2 Distribution in Dysferlin-Deficient Myoblasts Expressing Dysferlin Constructs

Next, we determined whether the expression of full-length dysferlin-HA restores annexin A2
distribution in DYSF3 myoblasts. Figure 6A shows images of annexin A2 immunostaining (green)
in C25 and DYSF3 myoblasts expressing full-length dysferlin-HA (red). Analyses of annexin A2
distribution are shown in Figure 6B. In DYSF3 myoblasts expressing full-length dysferlin-HA, annexin
A2 cytosol/whole cell ratio was 0.76 ± 0.03 (n = 37), a value comparable with that of C25 myoblasts
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without transfection (0.80 ± 0.02). However, in C25 myoblasts expressing dysferlin-HA, annexin A2
cytosol/whole cell ratio was 0.46 ± 0.03. The change in annexin A2 distribution in the latter condition
might be caused by the excess of dysferlin, since in mock condition this ratio was 0.86 ± 0.03 (Figure 6B).
No colocalization of dysferlin with annexin A2 was observed in C25 or DYSF3 myoblasts expressing
full-length dysferlin-HA (Pearson correlation coefficient of 0.4 ± 0.02 and 0.2 ± 0.03, respectively).

Figure 6. Annexin A2 distribution in DYSF3 myoblasts expressing dysferlin constructs. Distribution of
annexin A2 was analyzed by immunofluorescence using an anti-annexin A2 antibody and
Cy2-conjugated anti-rabbit secondary antibody in C25 and DYSF3 myoblasts expressing full-length
dysferlin-HA (FL-dysferlin-HA) (a,b) and mCherry (Cherry), or dysferlin N-terminal (N-term) or
C-terminal (C-term) fused to mCherry (c,d). Experiments were performed in digitonin-permeabilized
cells in the presence of 10 μM free Ca2+. Confocal images were captured at the equatorial plane of the
cells using identical exposure settings between compared samples; therefore, annexin A2 distribution
was measured in a single focal plane. (a,c) Annexin A2 stained (green) in C25 or DYSF3 myoblasts
in a mock condition or expressing FL-dysferlin-HA (a) and N-term or C-term (c). Scale bar = 20 μm.
Insets show digital magnification of the boxed areas. (b,d) Data show means ± SEM of the ratio of the
mean fluorescence intensity of the cytosol/whole cell of annexin A2 immunostaining. The number of
analyzed cells from four different cultures is indicated in parentheses. * p < 0.05 (t-test).

To determine whether dysferlin N- or C-terminal regions were capable of restoring annexin A2
mislocation in dysferlin-deficient myoblasts, we evaluated annexin A2 distribution in DYSF3 cells
transfected with the mCherry constructs described above. Here, we included a control consisting
of DYSF3 cells treated with the transfection reagents but without addition of the plasmid (mock).
Figure 6C shows images of annexin A2 immunostaining (green) in DYSF3 myoblasts expressing the
dysferlin N- or C-terminal constructs. Annexin A2 cytosol/whole cell ratios were 0.73 ± 0.02 (n = 45),
0.70 ± 0.04 (n = 22), and 0.77 ± 0.02 (n = 45) for DYSF3 myoblasts expressing mCherry or the N-
or C-terminal constructs, respectively. For the mock experiment, the annexin A2 cytosol/whole cell
ratio was 0.67 ± 0.04 (n = 25). Then, the annexin A2 cytosol/whole cell ratio in DYSF3 myoblasts
expressing the C-terminal construct was comparable with that of C25 myoblasts without transfection
(0.80 ± 0.02), and significantly different from the mock control, but not from the mCherry control
(Figure 6d). No colocalization of annexin A2 with dysferlin N- or C-terminal was observed (Pearson
correlation coefficient of 0.3 ± 0.03 and 0.2 ± 0.02, respectively).

Together, these data show that expression of full-length dysferlin restores annexin A2 distribution
in dysferlinopathy myoblasts. However, the contribution of its C-terminal is not clear.
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3. Discussion

Dysferlin and cytoskeletal actin play critical roles at various differentiation stages of skeletal
muscle physiology; they are required for vesicle trafficking and exocytosis in myoblasts [6,7,27,46,47]
and plasmalemma repair in myofibers [3–5]. Regarding the plasmalemma repair in the skeletal muscle,
two mechanisms have been proposed. One of them includes Ca+2-induced recruitment of vesicles
and other membranous organelles to repair sites, where they fuse together to form a membrane patch
that seals the damage membrane [5,18]. The second mechanism involves Ca+2-induced exocytosis
of lysosomes with the consequent release of acid sphingomyelinase, which in turn promotes the
endocytosis of lesion areas [46,48]. It has been proposed that dysferlin is involved in both types
of mechanisms, favoring vesicle recruitment and fusion in the first [5,18] and promoting lysosome
exocytosis in the second [46]. The presence of dysferlin in vesicles or other membranous organelles
seems to be important for such functions [5]. Annexin A2 is also critical for plasmalemma repair [4,49],
and its ablation causes progressive muscle weakening [49]. Interplay between dysferlin, annexin A2,
and actin remodeling has been observed during plasmalemmal repair. In this regard, actin filaments
accumulate at membrane injury sites [26], and their disruption with cytochalasin D inhibits recruitment
of dysferlin [25]. Likewise, Latrunculin A, a G-actin sequestering agent, delays the formation of
the repair complex composed by annexins A1, A2, A5, and A6 [26]. In turn, annexin A2 facilitates
actin remodeling [43] and contributes to the resealing of the plasma membrane by promoting actin
polymerization [50]. Here, we found that dysferlin may also contribute to actin remodeling, as observed
by a reduced G-actin incorporation into filaments in dysferlin-lacking myoblasts (Figure 2). Noteworthy,
the poor G-actin incorporation in dysferlinopathy myoblasts was restored by expression of both N-
and C-terminal regions of dysferlin (Figure 3); however, the contribution of these dysferlin regions to
annexin A2 distribution remains unclear (Figure 6). Then, it is not possible to establish a causal relation
between annexin A2 mislocation and impaired actin dynamics in dysferlin-deficient myoblasts.

Another critical element for actin remodeling is cytosolic Ca2+ level [51]. Indeed, high cytosolic
Ca2+ concentrations promote both severing and formation of actin filaments [40]. The mechanism
involves the participation of Ca2+-sensitive actin severing proteins, such as scinderin [52], as well as
Src kinases and Rho GTPases, which lead to the activation of actin nucleation promoting factors such
as N-WASP and cortactin [40,53,54]. Here, we observed that a high Ca2+ concentration (10 μM) favors
G-actin incorporation in skeletal myoblasts (Figure S1), and such G-actin incorporation appears to be
regulated by dysferlin Ca+2-sensitive C2 domains.

The fact that both N- and C-terminal regions of dysferlin restore actin dynamics suggests that
dysferlin comprises functionally redundant modules. Both N- and C-terminal dysferlin constructs
contain three C2 domains (Figure 4a), which bind Ca2+ and phospholipids with different affinity and
Ca2+ dependency [2]. Synaptotagmin-1, another protein with tandem C2 domains, also promotes actin
remodeling by binding phosphatidylinositol 4,5-bisphosphate (PI(4,5)P2) via a polybasic region [55].
Reportedly, PI(4,5)P2 promotes actin remodeling by recruiting actin binding proteins, such as
formins [56,57], a family of proteins involved in actin nucleation and assembly [58]. Dysferlin also binds
and recruits PI(4,5)P2 to membranes and promotes membrane remodeling and T-tubule biogenesis in a
PI(4,5)P2-dependent manner [59]. Then, the interaction of dysferlin C2 domains with PI(4,5)P2 might
explain its ability to remodel the actin cytoskeleton. However, only the isolated C2A domain of dysferlin
binds PI(4,5)P2 in vitro in a Ca2+-dependent way, whereas C2F binds weakly to phosphatidylinositols.
The other isolated C2 domains exhibited no detectable associations [1]. Since the study of Therrien et al.
(2009) [1] was carried out with isolated C2 domains, it did not consider potential cooperative effects
between tandem C2 domains, as reported for synaptotagmin-1 C2 domains for its association to
PI(4,5)P2 [60]. Then, further studies are necessary to achieve a better comprehension of the mechanism
by which dysferlin promotes actin dynamics.

Full-length dysferlin-HA, as well as the dysferlin N-terminal and C-terminal constructs, exhibit a
granular cytoplasmic pattern. This granular pattern might reflect the distribution pattern of dysferlin,
but it might also be determined by the distribution pattern of the constructs, since mCherry seems
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to form aggregates (Figure 4B). A granular cytoplasmic expression of dysferlin has been observed in
myoblasts [46], differentiated L6 myotubes [5], and skeletal myofibers [61]. PI(4,5)P2 also associates
to intracellular compartments, such as vesicles, lysosomes, endosomes, and the nucleus, among
others [62,63]. Then, dysferlin might favor PI(4,5)P2-dependent actin remodeling in intracellular
compartments, contributing to the described dysferlin-dependent processes in myoblasts, such as
vesicle trafficking and exocytosis [7,46]. However, additional studies are necessary to demonstrate
the role of dysferlin in actin remodeling during plasmalemmal repair in differentiated skeletal muscle
cells, since our study was performed in digitonin-permeabilized myoblasts, and dysferlin seems to be
unable to repair membrane damage induced by nonionic detergents [64].

This work might contribute to a better understanding of the mechanisms involved in the
pathogenesis of muscular dystrophies caused by mutations in dysferlin.

4. Materials and Methods

4.1. Reagents

Actin, from rabbit muscle, Alexa Fluor™ 488 conjugate (Thermo Fisher Scientific, Waltham, MA,
USA); ATP (Sigma-Aldrich, St. Louis, MO, USA); bovine serum albumin (Sigma-Aldrich, St. Louis,
MO, USA); dexamethasone (Sigma-Aldrich, St. Louis, MO, USA); 40,6-diamidino-2-phenylindole
(Sigma-Aldrich, St. Louis, MO, USA); digitonin (Sigma-Aldrich St. Louis, MO, USA); dimethyl sulfoxide
(Merck Company, Darmstadt, Germany); DMEM/F-12 medium (Gibco, BRL, Gaithersburg, MD, USA);
Dulbecco modified Eagle’s minimal essential medium (Gibco BRL, Gaithersburg, MD, USA); EDTA
(Calbiochem, La Jolla, CA); EGTA (Sigma-Aldrich, St. Louis, MO, USA); fetal bovine serum (Gibco
BRL, Gaithersburg, MD, USA); fetuin (Sigma-Aldrich, St. Louis, MO, USA); gentamicin (Gibco/Life
Technology, China); glutamic acid (Sigma-Aldrich, St. Louis, MO, USA); HEPES (Calbiochem, La Jolla,
CA); human insulin (Eli Lilly and company, Indianapolis, USA); Lipofectamine 2000 (Invitrogen,
Carlsbad, CA, USA); 199 medium (Sigma-Aldrich St. Louis, MO, USA); NaF (Merck Company,
Darmstadt, Germany); Na3VO4 (Merck Company, Darmstadt, Germany); Opti-Mem (Gibco BRL,
Gaithersburg, MD, USA); penicillin (OPKO, Santiago, Chile); p-formaldehyde (Sigma-Aldrich St. Louis,
MO, USA); phenylmethyl sulfonylflouride (Sigma-Aldrich, St. Louis, MO, USA); PIPES (Sigma-Aldrich,
St. Louis, MO, USA); poly-l-lysine (Sigma-Aldrich, St. Louis, MO, USA); recombinant human
basic fibroblast growth factor (Gibco BRL, Gaithersburg, MD, USA); protease inhibitor cocktail
(Sigma-Aldrich, St. Louis, MO, USA); recombinant human epidermal growth factor (Gibco BRL,
Gaithersburg, MD, USA); triton X-100 (Merck Company, Darmstadt, Germany); trypsin- EDTA
0.25% (Sigma-Aldrich, St. Louis, MO, USA); and Tween-20 (Merck Company, Darmstadt, Germany)
were purchased.

4.2. Antibodies

Anti-annexin A2 (Santa Cruz Biotechnology, Inc, Dallas, Texas, USA); anti-β-tubulin (Cytoskeleton,
St. Denver, CO, USA); anti-dysferlin-HAMLET (Novocastra TM Lyophilized Leica; Newcastle,
United Kingdom); CY2-conjugated goat anti-rabbit IgG (H+L) (Jackson Immunoresearch, West Grove,
PA, USA); Cy3-conjugated goat anti-rabbit IgG (H+L) (Jackson Immunoresearch, West Grove, PA,
USA); horseradish peroxidase (HRP)-conjugated donkey anti-sheep (R & D Systems, Minneapolis,
USA); HRP-conjugated goat anti-mouse IgG (H+L) (Thermo Fisher Scientific, Waltham, MA, USA);
and peroxidase affiniPure F(ab’)2 fragment donkey anti-rabbit IgG (H+L) (Jackson ImmunoResearch,
West Grove, PA, USA) were purchased.

4.3. cDNA Constructs and Plasmids

Plasmid dysferlin-HA (Addgene plasmid 29767) was provided by The Jain Foundation (www.jain-
foundation.org). The mCherry-tagged plasmids containing dysferlin N-terminal (amino acids 1–572)
or C-terminal (amino acids 1169–2119) were constructed by GenScript Corporation (Nanjing, China) by
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cloning the appropriate DNA sequences (Homo sapiens dysferlin isoform 1, NCBI; reference Sequence:
NP_001124459.1) into a mCherry_pcDNA3.1(+) vector. mCherry was fused to the C-terminal end in
dysferlin N-terminal and fused to the N-terminal end in dysferlin C-terminal. The plasmid encoding for
the amphiphysin SH3 domain fused to a glutathione-S-transferase (GST)-tag (amphiphysin-SH3) was
provided by Dr. Patricia Hidalgo (Institut für Neurophysiologie, Medizinische Hochschule Hannover,
Germany). shRNA plasmids against dysferlin with puromycin resistance were obtained from Santa
Cruz Biotech (Dallas, Tx).

4.4. Culture of Cell Lines and Transfection

The C25 cell line was established from human biopsies of semitendinosus of unaffected
individuals [33,35]. The dysferlinopathy cell lines DYSF2, DYSF3, AB320, and ER were established
from human biopsies of patients bearing different dysferlin mutations (c.855 + 1delG c.895G > A;
c.1448C >A c.107 T >A; c.342-1G >A HTZ c.3516_3517delTT (p.Ser1173X) HTZ; G1628R (c.4882G >A)
HMZ, respectively). All these cell lines (C25, DYSF2, DYSF3, AB320, and ER myoblasts) were obtained
from the platform for the immortalization of human cells from the Institut de Myologie (Paris, France),
with agreement of the subjects through signature of an informed consent and anonymization before
immortalization, according to the EU GDPR regulation. Their characterization has been previously
reported [31,33,35]. They were cultivated in a mix of 199 medium/Dulbecco modified Eagles minimal
essential medium (1:4 ratio) supplemented with 20% fetal bovine serum (FBS), 25 μg/mL fetuin,
0.5 ng/mL basic fibroblast growth factor, 5 ng/mL epidermal growth factor, 0.2 μg/mL dexamethasone,
5 μg/mL insulin, 50 U/mL penicillin, and 100 μg/mL gentamicin at a density of 3 × 105 cells/mL
in 25 mm glass coverslips and incubated at 37 ◦C in a 5% CO2 atmosphere until experimentation.
For transfections, cells were incubated in 50 μL of Opti-Mem containing 1 μg DNA and 1.5 μL of
Lipofectamine 2000 for 20 min. Then, 250 μL of Opti-Mem was added, and cells were kept at 37 ◦C in
a 5% CO2 atmosphere for 5 h. After that period, 1 mL of the culture medium described above was
added, and cells were kept at 37 ◦C in a 5% CO2 atmosphere for 24 h.

RCMH myoblasts were cultured in DMEM/F-12 medium supplemented with 10% fetal bovine
serum and incubated at 37 ◦C in a 5% CO2 atmosphere. Transfection of shRNA plasmid against
dysferlin with puromycin resistance was performed with Lipofectamine 2000 as described above.
A stable transfected pool was selected with 10 μg/mL puromycin in the cultured medium.

4.5. Immunoblotting Analyses

Cells were lysed in a non-denaturing lysis buffer composed of 300 mM NaCl, 5 mM EDTA,
50 mM TRIS HCl, 1% Triton X-100, and supplemented with 0.1% (v/v) protease inhibitor cocktail,
50 mM NaF, and 0.2 mM Na3VO4. Total protein content was determined using the Quant-it Protein
Assay Kit (Invitrogen, Carlsbad, CA, USA). Total proteins (100 μg) were separated by sodium
dodecyl sulfate-polyacrylamide gel electrophoresis (10% polyacrylamide gels) and electrophoretically
transferred to polyvinylidene difluoride membranes (GE Healthcare Life Sciences, Piscataway, NJ,
USA). Blots were first incubated with Tris-buffered saline containing 5% bovine serum albumin and
1% Tween-20 for 1 h at room temperature. Then, the membranes were cut at approximately 40 kDa
for parallel incubation with the antibody against β-tubulin (control loading) or the tested antibody.
Afterwards, membranes were incubated overnight at 4 ◦C with a specific antibody against dysferlin
(1:500), or β-tubulin (1:1000). Later, membranes were washed and incubated with a secondary antibody
(anti-rabbit HRP, 1:5000 or anti-sheep HRP, 1:2500) for 1 h. Immunoreactive bands were detected using
ECL Select Western Blotting Detection Reagent (GE Healthcare Bio-Sciences Corp., Piscataway, NJ,
USA) and an image acquisition system Epichemi3 Darkroom (Cambridge Scientific, Watertown, MA,
USA). ImageJ 1.43 m (NIH, Bethesda, MD, USA) was used for quantification. To measure the relative
expression levels of dysferlin in the cell lines, the signal intensity of dysferlin bands obtained after
background subtractions were normalized with respect to the signal intensity of the loading control
(β-tubulin) detected on the same blot.
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4.6. G-actin Incorporation into Filaments and Immunofluorescence

Non-transfected or transfected myoblasts were incubated 6 min at 37 ◦C in KGEP buffer (139 mM
K+ glutamate, 20 mM PIPES, 5 mM EGTA, 2 mM ATP-Mg2+, 0.3 μM Alexa Fluor 488-G-actin conjugate,
and 20 μM digitonin, pH 6.9) in the absence or presence of 10 μM free Ca2+ [27,40]. The online
software Ca-EGTA Calculator v1.2 (University of California, Davis, CA, USA; https://somapp.ucdmc.
ucdavis.edu/pharmacology/bers/maxchelator/CaEGTA-NIST.htm) was used to estimate the Ca+2 and
EGTA concentrations to achieve 10 μM free Ca2+ with parameters of pH of 6.9 and temperature
equal to 25 ◦C. Next, samples were fixed with 4% p-formaldehyde (PFA), stained with 5 mg/mL
4,6-diamidino-2-phenylindole (DAPI), and visualized by confocal microscopy. In cells transfected
with dysferlin-HA, after PFA fixation, samples were incubated with the anti-dysferlin antibody (1:50),
washed three times, and incubated with a Cy3-conjugated anti-rabbit secondary antibody (1:100).
For immunodetection of annexin A2, after PFA fixation, samples were incubated with the anti-annexin
A2 antibody, washed three times, and incubated with Cy2-conjugated anti-rabbit secondary antibody
(1: 250). Images were captured at the equatorial plane of the cells using identical exposure settings
between compared samples. To quantify G-actin incorporation, cell fluorescence of each individual
cell was divided by the cell area, which was determined by manually drawing the cell outline using
the differential interference contrast. For annexin A2 distribution, annexin A2 immunostaining was
analyzed also in a single focal plane, and data are shown as the ratio of the mean fluorescence intensity
of the cytosol/whole cell of annexin A2. All images were analyzed and processed using ImageJ software
(NIH, Bethesda, USA).

4.7. Statistics

Results were expressed as means ± SEM. Normality of data was checked using the
Kolmogorov–Smirnov test. Statistical comparisons were performed using a t-test. All statistical
analyses were performed using InStat3 software (GraphPad Software Inc, La Jolla, CA, USA).

4.8. Ethics Statement

The investigators declare to know the Manual of Biosafety Regulations stipulated by CONICYT
(Chile), version 2008; CDC (USA) Biosafety Manual 4th Edition; and Laboratory Biosafety, WHO, Geneva,
2005 (mainly in reference to experiments with recombinant DNA and RNA and the manipulation of
cell lines). This research was approved by the Biosafety and Bioethics committees of Universidad de
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Abstract: The actin cytoskeleton is crucially important to maintenance of the cellular structure, cell
motility, and endocytosis. Accordingly, bacterial pathogens often co-opt the actin-restructuring
machinery of host cells to access or create a favorable environment for their own replication.
The obligate intracellular organism Chlamydia trachomatis and related species exemplify this dynamic:
by inducing actin polymerization at the site of pathogen-host attachment, Chlamydiae induce their own
uptake by the typically non-phagocytic epithelium they infect. The interaction of chlamydial adhesins
with host surface receptors has been implicated in this effect, as has the activity of the chlamydial
effector TarP (translocated actin recruitment protein). Following invasion, C. trachomatis dynamically
assembles and maintains an actin-rich cage around the pathogen’s membrane-bound replicative
niche, known as the chlamydial inclusion. Through further induction of actin polymerization and
modulation of the actin-crosslinking protein myosin II, C. trachomatis promotes egress from the host
via extrusion of the inclusion. In this review, we present the experimental findings that can inform
our understanding of actin-dependent chlamydial pathogenesis, discuss lingering questions, and
identify potential avenues of future study.

Keywords: actin cytoskeleton; chlamydia; bacterial pathogenesis

1. Introduction

The cytoskeleton is a highly dynamic structural framework composed of actin, microtubules,
intermediate filaments, and septins. Restructuring of the cytoskeleton’s actin component is critical
for a variety of cellular processes, including endocytosis, motility, nutrient acquisition, and mitosis.
It should therefore be unsurprising that modulation of the actin structure and function is a common
theme amongst intracellular and extracellular pathogenic bacteria: by manipulating the cytoskeleton,
these organisms can induce their own uptake by host cells, scavenge nutrients from host organelles,
and ultimately establish a niche that facilitates their own replication.

The structure of the actin cytoskeleton is dynamically regulated by the recruitment
of actin-polymerizing (or depolymerizing) factors, which consequently alter the balance of
monomeric/globular actin (G-actin) and filamentous actin (F-actin) in the cytosol. Nucleation of
a new actin filament requires the formation of a thermodynamically unfavorable actin trimer; to
bypass this requirement, the Arp2/3 (actin-related protein) complex recruits a single G-actin monomer
alongside two structural analogs to form a site of nucleation [1–3]. Subsequent F-actin branching
by Arp2/3 is regulated by nucleation promotion factors (NPFs), such as N-WASP, SCAR/WAVE, and
WASH [4,5]. The binding of NPFs to G-actin (Type I) or F-actin (Type II) facilitates conformational
changes in Arp2/3 that enhance the complex’s F-actin branching activity. NPF activation is in turn
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regulated by the Rho family GTPases RhoA-C, Rac1, and Cdc42—all of which are targets for modulation
by pathogens seeking to restructure actin and thereby facilitate pathogenesis [6,7].

The manipulation of host actin can promote a wide variety of beneficial outcomes for the pathogen.
Salmonella spp. translocate the effectors SopE and SopE2 into host cells—these guanine exchange factor
(GEF) mimics enhance the activity of Rac1 and Cdc42, creating localized concentrations of F-actin at the
apical surface of mucosal epithelia [8–11]. The result is extensive ruffling of the plasma membrane at the
site of Salmonella attachment, leading to internalization of the pathogen via micropinocytosis [8,12–14].
Upon internalization and escape into the host cytosol, the Gram-positive intracellular pathogen
Listeria monocytogenes induces the polymerization of actin on the bacterial surface through the activity
of ActA, a surface protein functionally analogous to the nucleation promotion factor WASP [15].
ActA recruits an Arp2/3 complex to the bacterial pole, resulting in branched actin polymerization
producing a comet-shaped structure that propels Listeria across the cytosol and into adjacent uninfected
cells [16–20].

Indeed, this dynamic can be observed even in non-invasive bacterial pathogens. Enteropathogenic
and enterohemorrhagic E. coli (EPEC/EHEC) induce the formation of distinctive, actin-rich pedestals
that facilitate their attachment to gastric epithelia. The virulence factor Tir is responsible for this
effect: upon delivery into host cells by the E. coli type III secretion system (T3SS), Tir is incorporated
into the plasma membrane, promoting EPEC/EHEC attachment via binding to the bacterial adhesin
intimin [21,22]. This clusters Tir at the site of attachment, inducing the phosphorylation of Tir’s cytosolic
domain by host kinases and the subsequent recruitment of Nck [23,24]. Nck is an adaptor protein that
binds and activates N-WASP—consequently, the downstream effect of the Tir/Nck interaction is the
recruitment of N-WASP and Arp2/3 complexes at sites of EPEC/EHEC attachment [25]. The resulting
polymerization of branched actin produces pedestal formation, effacing the microvillar structure of the
gastric mucosa and facilitating EPEC/EHEC colonization of the gastrointestinal tract [26,27].

The Gram-negative Chlamydia spp. constitute a valuable model for the study of actin modulation
by bacterial pathogens. As obligate intracellular parasites, Chlamydia trachomatis and related species
restructure actin in a variety of ways, to facilitate host invasion, maintain their replicative niche, and
egress from host epithelial cells. Multiple C. trachomatis serovars have been isolated with distinct
tissue tropism in the host: serovars A–C infect the conjunctival epithelium (producing the species’
eponymous fibrotic trachoma), whereas serovars D–K and L1–L3 colonize the urogenital and anogenital
tracts, respectively [28,29]. This extensive tissue tropism demonstrates a capability to modulate actin
in multiple epithelial cell types, further borne out by the observation of pathogen-directed actin
rearrangement by the respiratory pathogen C. pneumoniae [30,31], as well as the mouse- and guinea
pig-infecting C. muridarum and C. caviae [32–34]. The study of chlamydial pathogenesis thus has the
potential to reveal striking insight into both the pathogenic and steady-state regulation of actin in
the host. In this review, we will summarize the field’s current understanding of actin modulation by
Chlamydiae both during and after host invasion, as well as discuss potential avenues of further research.

2. A Multilayered Assault: Chlamydia Redistributes the Actin Cytoskeleton to Invade Host Cells

The initial study of chlamydial invasion emphasized the importance of actin recruitment at
sites where the infectious form of Chlamydiae (the elementary body, or EB) adheres to the host cell
surface [35,36]. This early observation of in vitro infections occurred concomitant with the formation
of microvillar structures that surround (and presumably internalize) invading Chlamydia [36,37].
The pharmacological disruption of F-actin (via cytochalasin D) or sequestration of G-actin (via
latrunculin B) substantially inhibits chlamydial invasion and microvillar formation, suggesting that
actin polymerization (not simply recruitment) is critical to fostering entry of the pathogen [35–37].
Furthermore, live-cell imaging of invasion events after cytochalasin D washout revealed the selective
reestablishment of microvilli sites of EB attachment, indicating that this phenomenon is highly specific
and pathogen-directed [36]. Clearly, the attachment of Chlamydia to the host cell surface is a critical
first step to invasion, but how does EB attachment lead to actin rearrangement in the host? Extensive
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study of chlamydial invasion over the past two decades has suggested two, likely complementary,
mechanisms: first, the engagement of host receptors by chlamydial adhesins facilitates the induction of
actin polymerization indirectly, and second, bacterial effectors delivered by Chlamydia into the host
remodel the actin cytoskeleton directly. The findings underlying these hypotheses are reviewed in the
following sections.

2.1. Actin Modulation during Transient Chlamydial Adhesion

An early observation of C. trachomatis infections in vitro was that host attachment appeared
to occur in two distinct stages: a reversible and temperature-insensitive interaction, followed by
irreversible adhesion that requires physiological temperature [38–40]. Initial, transient EB attachment
has since been shown to be an electrostatic interaction mediated by the glycosaminoglycan (GAG)
heparan sulfate [41,42]. Heparan sulfate is demonstrably required for invasion by chlamydial serovars
L1–L3, with other serovars exhibiting varying levels of GAG requirement [38,43]. Produced by a variety
of cell types, heparan sulfate exhibits a strong negative charge that permits its binding to bacterial
surface proteins; indeed, an early proposed mechanism for EB attachment posited the formation of a
tripartite “molecular bridge” between heparan sulfate and host/bacterial GAG-binding proteins [44–47].
The bacterial surface protein OmcB is considered the primary GAG-binding protein in serovars whose
adhesion is dependent on heparan sulfate [48–50]. OmcB has been shown to bind the alternative GAG
heparin in vitro, and exhibits a variant amino acid sequence in the GAG-independent serovar E [50].
The chlamydial major outer membrane protein (MOMP) of C. muridarum has also been shown to bind
GAGs to mediate invasion: treating host cells with recombinant MOMP or OmcB markedly reduces
EB-host binding, as does treatment with monoclonal antibodies against C. muridarum MOMP [51].

The host component of this GAG-mediated bridge between EB and the host has remained
elusive; however, recent work suggests an alternative, GAG-independent OmcB/MOMP attachment
mechanism. Mounting evidence indicates that both proteins are post-translationally modified via
glycosylation, as OmcB/MOMP recovered from EBs shows evidence of modification by N-linked
high-mannose oligosaccharides [52–54]. Furthermore, both proteins exhibit reactivity to Erythrina
crista-galli lectin, which binds to sites of N-acetyllactosamine glycosylation [54]. It has been further
shown that glycosylated OmcB and MOMP are recognized by the protein galectin-1 (Gal1), which is both
secreted by the host and bound on the plasma membrane to surface receptors [54]. Given that galectin-1
can demonstrably bridge EBs to host Gal1 receptors [54], both its secreted and membrane-associated
state could conceivably facilitate EB-host binding. However, the latter state presents an intriguing
avenue for the chlamydial induction of actin recruitment and invasion: in neurons, surface-associated
Gal1 has been shown to initiate clathrin-independent endocytosis upon ligand binding, and Gal1
internalization is associated with F-actin polymerization during axonal growth [55].

A clathrin-independent mechanism of chlamydial invasion is of particular interest, given that
clathrin’s role in chlamydial invasion is somewhat controversial. In 1999, Boleti et al. assessed the
importance of clathrin-mediated endocytosis to invasion via the expression of a dominant negative
mutant of Eps15 [56]. Eps15 interacts with the clathrin adaptor protein AP-2 at clathrin-coated
pits [57,58]; ablating this interaction thus inhibits clathrin-mediated endocytosis [59,60]. Importantly,
the invasion of both C. trachomatis serovar L2 and C. caviae was unaffected by the expression of dominant
negative Eps15, suggesting that clathrin is largely dispensable for chlamydial invasion [56]. However, a
more recent study involving RNAi-mediated clathrin knockdown during serovar L2 infection presented
a small (but statistically significant) invasion defect [61]. A likely explanation for these conflicting
results is that Chlamydia employs multiple, functionally redundant mechanisms of invasion, each
of varying clathrin dependence. The interaction of OmcB and MOMP with surface-associated Gal1
may enhance clathrin-independent invasion, either by other adhesin-receptor binding or the action of
chlamydial effectors. Experiments studying invasion in galectin-knockout cells are therefore warranted,
in order to assess the relative importance of this interaction to chlamydial invasion generally, and its
potential role in actin recruitment specifically.
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2.2. Actin Modulation during Irreversible Chlamydial Attachment

Irreversible, temperature-sensitive attachment of Chlamydia to the host is the result of bacterial
adhesin binding to specific host receptors. Indeed, the study of chlamydial invasion has identified an
extensive portfolio of host and bacterial proteins that promote attachment (reviewed in more detail by
Romero et al. [62]). Of these, several host receptors bound by Chlamydiae promote actin recruitment
and endocytosis elsewhere, suggesting their possible role in the pathogen’s modulation of the actin
cytoskeleton (Figure 1). For example, C. trachomatis serovar E and C. muridarum have been shown to
directly bind the fibroblast growth factor (FGF), enabling molecular bridge formation between EBs
and the host FGF receptor (FGFR) [63]. Intriguingly, the engagement of FGF-bound EBs with FGFR
activated downstream signaling: phosphorylation of the FGFR substrate and docking protein FRS2α
was increased by infection, and phosphorylated FRS2α was recruited to sites of EB attachment [63].
Typical binding of FGFR to its ligand results in internalization of the ligand–receptor complex, via
Src/Eps8-dependent, clathrin-mediated endocytosis [64]. The involvement of Src is particularly
significant, given that the kinase has been implicated in the recruitment of Rac1, WAVE, and Arp2/3 by
the chlamydial invasion effector TarP (described below). Taken together, these observations suggest
that Chlamydia-mediated activation of FGFR may aid in the recruitment of Src to the site of invasion.

Figure 1. Summary of known chlamydial adhesin/host receptor interactions implicated in
Chlamydia-directed modulation of actin.

An RNA interference screen of host factors contributing to invasion by C. muridarum identified the
beta-isoform of the platelet-derived growth factor receptor (PDGFRβ) as another target of chlamydial
attachment [33]. Much like FGFR, PDGFRβ is activated by EB binding and thereby promotes the
tyrosine phosphorylation of multiple actin-modulatory proteins previously implicated in chlamydial
invasion, including the nucleation promoting factors (NPFs) WAVE2 and cortactin, the Rac1 activator
Vav2, and the chlamydial invasion effector TarP [33]. However, PDGFRβ activation was found to be
dispensable for invasion, due to a compensatory mechanism dependent on activation of the Abelson
(Abl) family of kinases [33]. This result suggests that PDGFRβ and Abl are elements of complementary
invasion pathways, likely acting through a TarP-dependent mechanism given previous data linking
TarP function to Vav2 and Abl (see below). Ultimately, a more thorough understanding of underlying
mechanisms of each pathway is required, of which an essential first step is the identification of
chlamydial factors that bind PDGFRβ or activate Abl kinases. Recent advances in Chlamydia transposon
mutant strains may enable further study in this area, as would the use of Abl/PDGFRβ-deleted
host cell lines generated via CRISPR/Cas9. Regardless, the substantial variety of host receptors
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with which invading EBs can interact suggests that Chlamydiae rely upon multiple host signaling
pathways to mediate invasion; given the non-phagocytic nature of host cells, chlamydial modulation
of those pathways thus maximizes the invasion efficiency. Ongoing study in organoid and in vivo
models of C. trachomatis infection may better illustrate the relative contribution of each pathway to
chlamydial invasion.

2.3. TarP, a Multifunctional Actin-Recruiting Effector

As noted previously, the invasion of host cells by EBs occurs concomitantly with extensive
tyrosine phosphorylation of proteins at the site of EB attachment [65–67]. Pulldown of these species
by tyrosine phosphoantibodies and subsequent characterization revealed the presence of a bacterial
effector, now known as TarP (translocated actin recruitment protein) [67]. TarP has since been shown
to be translocated into the host cytosol by the chlamydial T3SS, where it has a multifunctional
role in facilitating actin polymerization and subsequent internalization of the pathogen. TarP has
been repeatedly implicated in the invasion of C. trachomatis and is highly conserved amongst all
Chlamydia species with sequenced genomes [34,68], emphasizing a critical role for this effector in
chlamydial pathogenesis.

The structure and functional domains of TarP can be divided into C- and N-terminal halves
(Figure 2). The C-terminal domains are highly conserved amongst C. trachomatis serovars and
other Chlamydiae [34], containing a proline-rich domain (PRD), an actin-binding domain (ABD),
a leucine-aspartate (LD) motif that binds focal adhesion kinase (FAK), and a vinculin-binding domain
(VBD). At sites of EB attachment and engagement of the chlamydial T3SS, the TarP PRD allows
translocated TarP molecules to oligomerize [69]. This is presumed to create a high local concentration
of ABD-bound actin at the invasion site, likely facilitating the formation of a trimeric actin nucleus
for subsequent F-actin polymerization (Figure 3A) [69]. By contrast, the LD and VBD domains
of TarP stimulate actin polymerization indirectly. Recruitment of the signaling kinase FAK by the
TarP LD induces actin remodeling in an Arp2/3-dependent fashion (Figure 3B) [70]. Binding of the
VBD to the actin adaptor protein vinculin promotes F-actin recruitment, which leads to further actin
polymerization via an uncharacterized mechanism (Figure 3C) [71].

 

Figure 2. Diagram of TarP homologs in anogenital (L2), ocular (B), and genital (D) serovars of Chlamydia
trachomatis, as well as C. pneumoniae, C. muridarum, and C. caviae.
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Figure 3. Mechanisms of TarP-directed actin modulation: (A) oligomerization-dependent formation of
trimeric actin nucleus; (B) focal adhesion kinase (FAK)-dependent recruitment of the Arp2/3 complex;
(C) vinculin-dependent recruitment of F-actin; (D) phosphorylation-dependent recruitment of an
Arp2/3-activating protein complex.

Intriguingly, the complex of host and chlamydial proteins recruited at the invasion site bears
substantial similarity to a focal adhesion—A membrane-associated protein complex that couples the
actin cytoskeleton to the extracellular matrix (ECM). Focal adhesions are assembled in an FAK- and
Src-dependent fashion around the cytosolic domain of ECM-bound integrins [72–76], subsequently
recruiting F-actin stress fibers to play an important role in host cell motility and signaling [77].
The resemblance of the chlamydial invasion complex to the focal adhesion is supported by a number of
additional observations: the focal adhesion component paxillin is also recruited at sites of EB invasion,
the invasion efficiency is markedly decreased during C. caviae infection of FAK- or vinculin-knockout
MEFs, and an interaction between the chlamydial surface protein Ctad1 and host integrin-β1 supports
the adhesion of C. trachomatis serovar E to host cells in vitro [71,78]. Given the predominantly basolateral
localization of integrins in the polarized epithelial cells Chlamydiae typically infect, access to integrin-β1
receptors would require the disruption of intercellular junctions via micro-abrasions in the epithelium or
loss of apicobasolateral polarity, as occurs during documented the epithelial-to-mesenchymal transition
(EMT) of Chlamydia-infected epithelial cells [79]. The functional consequences of the recruitment of a
focal adhesion-like structure to the site of chlamydial invasion of polarized cells are largely unexplored.
Additionally, given that TarP expression is detectable between 8 and 18 h post-infection (hpi)—Long
after invasion, but before the differentiation of infectious EBs—The possibility that this effector may
have a post-invasion role modulating FAK- or vinculin-containing structures in the host is difficult to
ignore [80].

The N-terminal half of C. trachomatis TarP contains between one and twelve copies of a tyrosine
phosphodomain, with the copy number varying by serovar (Figure 2) [34,67,68,81,82]. This domain
exhibits a high sequence similarity to targets of Src- and Abl-family kinases; accordingly, p60-Src,
Yes, Fyn, and Abl are capable of phosphorylating TarP in vitro [83]. A variety of host proteins have
been shown to interact with the TarP N-terminus upon its phosphorylation, including two guanidine
exchange factors (Sos1 and Vav2) that enhance the activity of the GTPase Rac1 [84]. Rac1 activation by
TarP subsequently initiates actin branching and polymerization, via the Rac1- and WAVE-dependent
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recruitment of an Arp2/3 complex (Figure 3D) [84,85]. Additionally, it has been demonstrated that
the recruitment of Arp2/3 may enhance the actin-nucleating function of TarP’s C-terminal domains:
the same in vitro pyrene-actin assay that established this function of TarP exhibited enhanced actin
polymerization when Arp2/3 complexes were added [69]. The prevailing interpretation of this result is
that the PRD/ABD domains and phosphodomains of TarP act in concert: the PRD and ABD domains
promote the formation and extension of an initial (mother) actin filament, while the phosphodomains
recruit Arp2/3 to facilitate branching from the mother filament.

The study of TarP has generally focused upon the C. trachomatis serovar homologs of the protein;
perhaps unsurprisingly, characterization of the TarP orthologs has substantially complicated our
understanding of the effector’s various functions. C. muridarum and C. caviae possess TarP orthologs
absent of any phosphodomains [34], suggesting that TarP phosphorylation is largely dispensable for
the invasion of mouse and guinea pig epithelial cells. Additionally, recent functional characterization
of the C. pneumoniae TarP homolog CPn0572 has revealed an alternative actin-modulating function:
CPn0572 expressed in HEK293T cells exhibited an alternative localization pattern to that of TarP,
associating with F-actin filaments projecting from the actin-rich aggregates where TarP is typically
observed [31]. When ectopically expressed in yeast, CPn0572 promotes the increased incidence of
short F-actin bundles [30,31], which may be reminiscent of the F-actin bundles formed by C. trachomatis
TarP [86]. This effect is dependent on the CPn0572 VBD, as well as a novel domain that binds F-actin
(in contrast to the G-actin-binding TarP/CPn0572 ABD) [30]. Furthermore, CPn0572 binding displaces
the actin depolymerizing factor cofilin, suggesting that CPn0572 promotes the formation of actin
bundles indirectly by inhibiting their disassembly [31]. The purpose of these structures to C. pneumoniae
invasion is unclear, though cofilin and cofilin-displacing effectors have been implicated in the invasion
of other intracellular pathogens [87,88].

The TarP orthologs of C. pneumoniae, C. muridarum, and C. caviae have the potential to provide
critical insight into how requirements for the induction of phagocytosis differ, depending on the
host tissue type (genital/ocular vs. pulmonary epithelium) or host organism (human vs. murine).
Heterologous complementation of virulence factors has been used to interrogate the mechanism
of host tropism for other pathogens. However, the relative intractability of Chlamydia to genetic
manipulation generally and TarP knockout specifically has hitherto precluded this approach [89].
The recent development of Chlamydia conditional expression/knockout strains may enable the use of
this method [90,91], thereby illustrating the relative contribution of TarP’s many actin-modulating
functions to invasion.

While the field’s understanding of TarP’s functional domains is extensive, the mechanism by which
TarP translocation is regulated by pathogen adhesion to host cells remains somewhat unclear, beyond a
presumed dependence on the activity of the chlamydial type III secretion system. In the Gram-negative
pathogen Yersinia pestis, activation of the type III secretion system is cell contact-dependent, and
possibly mediated by the YopN-TyeA-YscB-SycN complex—termed the calcium plug due to the
complex’s calcium-dependent restriction of effector secretion in a cell-free context [92]. Only one
complex member has been identified in Chlamydia: CopN (homologous to YopN) [93]. However,
the chlamydial T3SS exhibits a similar sensitivity to calcium-mediated inhibition—indeed, Jamison
and Hackstadt observed that Ca2+ chelation by EGTA was required for cell-free chlamydial effector
translocation to occur [94]. Cell-free TarP translocation by chlamydial EBs is demonstrably induced by
cholesterol and sphingomyelin-enriched liposomes [94], which suggests a contact-dependent model of
T3SS activation dependent on specific lipids. We refer the reader to reviews from Betts-Hampikian,
Ferrell, and Fields for a comprehensive discussion of the chlamydial T3SS [95,96].

The field’s current understanding of TarP’s various functions indicates that this effector serves
as a signaling scaffold, targeting host actin-remodeling machinery to the site of chlamydial invasion.
The potential of TarP to nucleate actin likely serves to enhance the actin-dependent invasion of
non-phagocytic cell types. It is possible that invasion is mechanistically linked with the nascent
Chlamydia-containing vacuole’s subsequent evasion of fusion with bactericidal host lysosomes, as
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has been observed with other intracellular pathogens. For example, recruitment of the small GTPase
Rab5 to the vesicular surface during infection by Brucella abortus has been implicated in trafficking of
the Brucella to a hospitable intracellular compartment; critically, Rab5 recruitment has been observed
concomitant with invasion, during invagination of the clathrin-coated Brucella-containing vesicle [97].
The action of TarP and other actin-modulating effectors may similarly promote trafficking to a
pathogen-favorable environment—elucidating the mechanistic connection between the invasion and
chlamydial modulation of endocytic machinery is thus an intriguing topic for further study.

2.4. Actin-Depolymerizing Chlamydial Effectors

It is important to note that the induction of actin polymerization and bundling is not a terminal
state for chlamydial invasion. After restructuring the cytoskeleton to initiate endocytosis, it is then
necessary to restore steady-state actin dynamics in the host for invasion to proceed. Multiple candidates
for this function have been identified in Chlamydiae—one such example is the C. trachomatis protein
TmeA, a T3SS effector shown to associate with host AHNAK by a yeast two-hybrid assay [98,99].
AHNAK is a ubiquitous phosphoprotein implicated in cortical actin maintenance [100]; specifically, a
C-terminal fragment of the protein has been shown to induce F-actin bundling [101]. Accordingly, the
ectopic expression of TmeA in HeLa cells produced striking morphological changes consistent with
the redistribution of actin [98]. This implies that TmeA may relieve the actin-bundling effects of TarP
after invasion has begun; however, further study has complicated our understanding of TmeA’s true
role in pathogenesis.

A recent report by McKuen et al. adds more nuance to the relationship between TmeA and
AHNAK [102]. While TmeA can recruit AHNAK to the site of invasion and inhibit AHNAK-mediated
actin bundling in vitro, C. trachomatis invasion of AHNAK-knockout mouse embryonic fibroblasts
(MEFs) had no invasion defect relative to that of wild-type cells [102]. Combined with the reported
AHNAK-independent invasion defect in a TmeA-knockout C. trachomatis strain, these results suggest
that TmeA facilitates invasion via an unknown, AHNAK-independent mechanism [102]. That being
the case, how does TmeA-mediated inhibition AHNAK affect the host and benefit the pathogen? One
possibility is that TmeA possesses an AHNAK-dependent, post-invasion function. However, the
lack of an observed defect in replication or EB recovery in AHNAK-knockout MEFs would seem to
contradict this hypothesis [102]. It is possible that any effect of AHNAK deficiency on pathogenesis
was obscured by the choice of host; a murine, mesenchymal model for C. trachomatis infection likely
has differing requirements for invasion relative to the polarized genital/ocular epithelium the pathogen
infects in vivo. Unfortunately, the total knockdown of AHNAK has proven technically challenging in
many cell lines [100,103]; continuing advances in CRISPR/Cas9 and related gene-editing techniques
may thus be required to address this lingering question in a more physiologically relevant model.

The chlamydial toxin CT166 has also been proposed to indirectly mediate actin depolymerization,
acting as an inhibitor of host actin-polymerizing factors. CT166 contains a DXD amino acid motif with
homology to the Clostridium difficile toxin TcdB, a glucosylator of the Rho-family GTPases Rac1 and
Cdc42 (both well-known regulators of actin polymerization) [104,105]. Glucosylation of Rac1/Cdc42
by TcdB is inhibitory and irreversible, occurring at a catalytic threonine residue essential for GTP
binding [105]. The downstream effect of TcdB activity is a dramatic redistribution of filamentous actin,
resulting in cell shrinking, the loss of stress fibers, and host cell death [105,106].

CT166 is highly variable between C. trachomatis serovars: serovar D possesses a severely truncated
CT166 that nevertheless retains the TcdB-homologous glucosylating domain, whereas serovar L2 lacks
the gene entirely [104]. The inoculation of HeLa cells with C. trachomatis serovar D or C. muridarum
(which possesses a full-length copy of CT166) at a high multiplicity of infection resulted in morphological
defects and cytotoxicity, reminiscent of the effects of TcdB [104]. Importantly, cytotoxicity was not
observed in a comparable infection using the CT166-deficient C. trachomatis serovar L2, suggesting that
this phenomenon was CT166-specific [104]. It has since been shown that CT166 expressed in HeLa

251



Int. J. Mol. Sci. 2020, 21, 90

cells inactivates the Rac/Cdc42 relative Ras, and that this effect could be ablated via mutation of the
DXD domain [107,108].

CT166’s role during invasion is somewhat unclear, given that the CT166-deficient C. trachomatis
serovars can invade host cells in vitro with a comparable efficiency to those that possess the effector [104].
As with TmeA, this may be a product of the choice of host model; it remains to be seen whether CT166’s
glucosylating activity is equally dispensable in three-dimensional or organismal models of chlamydial
infection. Given that the proposed function of CT166 runs counter to chlamydial invasion’s established
dependence on actin polymerization, it follows that the timing of CT166 delivery and activation is
tightly regulated, in order to ensure that the toxin’s activity is beneficial to the pathogen. Further
study of CT166 may therefore inform the timing and kinetics of chlamydial effector delivery, as well as
provide insight into the regulation of actin dynamics by the host.

3. Life after Invasion: Chlamydia Modulates Actin for Inclusion Stability and Host Egress

Given the robust and multifactorial nature of cytoskeletal restructuring during chlamydial
invasion, it should not be surprising that the pathogen continues to manipulate the cytoskeleton
once internalized by the host. Initial study of inclusion development has shown that Chlamydiae
restructure the microtubule network to foster the development of their replicative niche. Another
early observation of infections in vitro was that the treatment of infected cells with the microtubule
polymerization inhibitor colchicine produces a marked increase in inclusion size [109]. Furthermore,
rapid and inclusion-proximate microtubule assembly has been observed after washout of the
microtubule-disrupting agent nocodazole [110,111]. It has been shown that Chlamydia-directed
microtubule restructuring traffics the nascent C. trachomatis inclusion to the microtubule-organizing
center (MTOC)—an outcome that is presumed to enable the chlamydial scavenging of nutrients from
the host [111,112]. Indeed, the inclusion demonstrably interacts with a variety of nutrient-rich,
MTOC-associated organelles, including the ER and multivesicular bodies (MVBs) [113–117];
pharmacological disruption of inclusion-ER/MVB association impairs chlamydial growth [113,115],
consistent with a model of the chlamydial theft of nutrients from these organelles.

The role of actin in post-invasion chlamydial pathogenesis is more poorly characterized. In 1989,
Campbell et al. discovered that mature inclusions are surrounded by a cage of actin and intermediate
filaments [112], but it was only in the past decade that a mechanistic understanding of this structure’s
assembly and importance became clear. Additionally, recent study has shown that actin and actin-related
structures play a role in pathogen egress, by facilitating the extrusion of intact chlamydial inclusions
from the host.

3.1. Actin-Mediated Reinforcement of the Inclusion

As noted previously, early live-cell imaging experiments established the rapid recruitment of
actin at the site of chlamydial invasion of the host [40]. Critically, the actin-rich structures surrounding
invasion sites are transient, meaning that the actin-rich cage observed surrounding nascent inclusions
is a distinct structure assembled later, likely with a separate function [112,118,119]. It has since been
demonstrated that actin affords considerable stability to the inclusion: strikingly, treatment with
1% Triton X-100 does not significantly alter the morphology of the inclusion, despite the near-total
solubilization of its membrane [118]. This apparent resistance to nonionic detergents was subsequently
shown to depend on an F-actin ring surrounding the inclusion—actin disruption via latrunculin-A/B
compromised the inclusion membrane integrity, leading to the detection of bacterial lipopolysaccharide
(LPS) and antibody-labeled Chlamydia in the cytosol of infected cells [118]. Importantly, microtubule
disruption with nocodazole did not produce similar changes in inclusion morphology. Taken together,
these results imply a specific role for actin in structurally reinforcing the maturing inclusion [118].

The mechanism of actin recruitment to the inclusion remains somewhat unclear. Actin-rich
structures in the host are largely indistinguishable from uninfected cells, in stark contrast to the
pathogen’s extensive remodeling of the microtubule network [110,112]. Furthermore, F-actin rings
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associated with maturing inclusions (30 hpi) are unaffected by the pharmacological disruption of
stress fibers and cortical actin, including the inhibition of Rac1, Cdc42, ROCK, and myosin II [118].
Intriguingly, the inhibition of RhoA (either via siRNA knockdown or treatment with the Clostridium
botulinum toxin C3-transferase) reduced the incidence of F-actin rings, and ablated the inclusion
resistance to TX-100 [118]. Collectively, these results imply that the cage’s actin component is
assembled independently of host actin-rich structures.

More recent study of actin recruitment to the inclusion has complicated the model of cage assembly.
Live-cell imaging of actin recruitment to mature inclusions (44 and 68 hpi) demonstrates sensitivity to
formin inhibition (but not Arp2/3) [119], suggesting that cage formation may indeed depend upon the
de novo, unbranched polymerization of actin at inclusions. However, actin recruitment at these time
points occurred independently of RhoA and was sensitive to myosin II inhibition—seemingly in direct
contradiction to ring assembly dynamics at earlier stages of infection [118,119]. How might data from
these two stages of infection be reconciled? One explanation is that initial assembly and subsequent
maintenance of the cage’s actin component occurs via two distinct mechanisms—the former requiring
RhoA, and the latter requiring formins and myosin II. A more longitudinal study of chlamydial actin
recruitment is required to test this hypothesis, and may reveal how the mechanism of cage assembly
changes with maturation of the inclusion.

Intermediate filaments have also been shown to contribute to the stability and function of
the inclusion cage. While the infection of vimentin-knockout MEFs (a cell line also deficient in
cytokeratins) produced F-actin rings comparable to the infection of wild-type cells, these rings lacked
the highly compact and ordered morphology of their wild-type counterparts [118]. Inclusions in
vimentin-knockout cells also lacked the previously observed resistance to TX-100. Taken together, these
results suggest that the recruitment or assembly of F-actin rings surrounding the inclusion provides a
scaffold for further inclusion reinforcement by intermediate filaments [118]. The chlamydial protease
CPAF has been shown to cleave vimentin (as well as cytokeratin-8/18) within the protein’s head domain,
partially inhibiting its ability to form filamentous structures [118,120,121]. It is postulated that this
interaction permits highly dynamic maintenance of the actin/filament cage, allowing the structure to
accommodate an ever-expanding inclusion.

Collectively, these findings suggest that Chlamydiae dynamically reinforce the developing inclusion
with F-actin and intermediate filaments (Figure 4). While the precise mechanism of F-actin synthesis
and recruitment to the inclusion is somewhat unclear, the interconnected nature of the cytoskeleton
would suggest that pathogen-directed actin restructuring may affect other cytoskeletal components,
like the microtubule network. Given the established importance of the MTOC and vesicular trafficking
to chlamydial growth (reviewed in detail by Nogueira et al. [122]), disruption of the microtubule
network by any means has significant implications for the pathogen. Therefore, further study of the
actin cage seems warranted, in order to evaluate a possible role for this structure in the chlamydial
modulation of microtubule dynamics.
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Figure 4. Diagram of the filamentous cage surrounding the maturing chlamydial inclusion.

3.2. The Role of Actin in Chlamydial Extrusion

Like other intracellular pathogens, Chlamydiae can exit the host via the induction of host cell
lysis. However, another, less destructive, pathway exists as well. Early indication of an alternative
mechanism of egress came in the observation of “scarred” host cells that—while intact—lacked a
substantial portion of their plasma membranes [123]. Hybiske and Stephens proved the existence
of non-lytic egress by taking advantage of the tendency of the chlamydial inclusion to exclude host
cytosolic proteins [61]. Upon infecting GFP-expressing HeLa cells with C. trachomatis, they determined
that while half of the observed inclusions became GFP-permeable during host cell lysis, the remaining
half fused with the plasma membrane, excluding GFP throughout egress from the host, suggesting that
an exocytotic event had occurred [61]. The incidence of this event (termed extrusion) was sensitive
to disruption of the actin cytoskeleton by latrunculin B; intriguingly, the same did not hold true for
nocodazole treatment, indicating that extrusion occurs independent of the microtubule network and
conventional vesicular trafficking [61]. Further inhibitor treatments revealed a dependence on the
nucleation promoting factor N-WASP, Rho-family GTPases, and myosin II. Taken together, these data
imply an extrusion mechanism reliant on F-actin polymerization and bundling [61].

In 2013, Lutter et al. observed the recruitment of a complex of myosin-related host proteins
to the inclusion surface, including myosin IIa; myosin IIb; and the phosphorylated, active forms of
myosin light chain 2 (MLC2) and myosin light chain kinase (MLCK) [124,125]. The depletion of these
myosin-activating factors via siRNA knockdown reduced the incidence of extrusion events, suggesting
that Chlamydia-directed activation of myosin II promotes non-lytic egress of the pathogen [124].
Accordingly, the inclusion surface protein CT228 has been shown to directly interact with MYPT1,
a negative regulator of myosin II activity. MYPT1 acts as a regulatory subunit of the phosphatase
PP2—upon binding, MYPT1 alters the phosphatase’s binding specificity, resulting in the PP2-mediated
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dephosphorylation (and, thereby, inactivation) of MLC2 [126]. The binding of MYPT1 to PP2 can be
inhibited by the former’s phosphorylation—given that CT228 preferentially recruits phosphorylated
MYPT1 to the inclusion surface, it was initially proposed that CT228 might facilitate extrusion via
MYPT1 inhibition [124].

However, the recent finding that the TargeTron-mediated knockout of CT228 increases the extrusion
incidence (consistent with the siRNA-mediated knockdown of MYPT1) indicates an alternative,
extrusion-inhibitory role for CT228 [127]. Combined with the earlier observation of the robust
dephosphorylation of MYPT1 late in infection (42 hpi), this result suggests that CT228-mediated
MYPT1 recruitment may result in MYPT1 activation instead [127], perhaps serving as a mechanism to
regulate myosin II activity at the inclusion (and thereby regulating extrusion-mediated egress of the
pathogen). Extrusion is further regulated by the interaction of the chlamydial inclusion membrane
protein MrcA with IPTR3, an inositol 1,4,5-triphosphate receptor that acts as a Ca2+ channel [128].
Accordingly, the regulatory action of this complex further required the host cell Ca2+ sensor STIM1 [128].
It is important to note that premature host egress (i.e. prior to the differentiation of Chlamydia into
infectious EBs) is a disastrous outcome for the pathogen that precludes subsequent infection of the
surrounding tissue. The temporal regulation of MYPT1 activity via the expression of CT228 may
therefore constitute a means by which Chlamydiae inhibit extrusion until differentiation is complete,
thereby ensuring the release of invasion-competent organisms.

Further study has put forward a connection between the inclusion’s actin cage and extrusion,
specifically involving the septin family of GTP-binding proteins [129]. The function of septins is
primarily structural—upon binding to GTP, septins oligomerize to form filamentous structures that
associate with F-actin and other cytoskeletal components [130]. Accordingly, septin-2, 9, and 11 were
recently observed to colocalize with the actin-rich structures surrounding the maturing inclusion [129].
Septin-9 knockdown both ablated actin recruitment to the inclusion and resulted in a 2 to 3-fold
reduction of extrusion events [129], suggesting that these processes are functionally interrelated.
This exciting result prompts several questions: does the structural content of the inclusion cage bias
chlamydial egress via one pathway over another? How might the various structural components of
the cage contribute to the activity of CT228 and myosin II? Further research in this area may indicate
how actin, intermediate filaments, and septins contribute to vesicular trafficking and exocytosis, as
well as provide insight into their specific role in chlamydial egress.

4. Conclusions and Summary

While mechanistic study of the actin modulation by Chlamydiae is both robust and ongoing, it is
important to acknowledge that actin remodeling does not occur in a vacuum, and that the effect of
Chlamydia-restructured actin on the host cell has been largely unassessed. The actin cytoskeleton is
much more than a structural network for the host—in addition to driving endocytosis and cellular
motility, mounting evidence implicates actin dynamics in transcriptional regulation.

The tensile force transmitted across actin filaments has been demonstrated to induce changes
in gene expression, via the activity of actin- and/or tension-responsive signaling pathways. For
example, the serum response factor (SRF) is demonstrably activated by regulators of actin dynamics,
such as the cofilin-inhibiting LIM kinase-1 [131]. The application of tensile force to cardiac
fibroblasts in vitro has shown the tension-dependent expression of α-smooth muscle actin, an SRF
regulatory target [132]. Dysregulation of SRF activity has been associated with induction of the
epithelial-to-mesenchymal transition (EMT)—a process through which epithelial cells transdifferentiate
into scar-forming fibroblasts [133,134]. Intriguingly, Chlamydia infection has recently been shown to
induce EMT, which likely promotes the scar-forming pathology observed in chronic C. trachomatis
infections [79,135–137]. Could chlamydial restructuring of actin contribute to this effect? Further
characterization of actin-regulated gene expression in Chlamydia-infected cells appears warranted.

Force transduction across the actin cytoskeleton also has demonstrable effects on the nuclear
architecture. The inner nuclear membrane (INM) is reinforced by a network of intermediate filaments
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and associated proteins—including lamin-A/C and emerin—that are structurally integrated with the
cytoskeleton via the LINC (linker of nucleoskeleton and cytoskeleton) complex [138]. Tension-mediated
phosphorylation of emerin is associated with redistribution of the LINC complex and nuclear
actin, which in turn are respectively associated with chromatin remodeling and myocardin-related
transcription factor (MRTF) activity [139–142]. Given the multifaceted way in which Chlamydiae
restructure actin and modulate the activity of myosin II—a contractile, actin-crosslinking protein—it
is plausible that infection has the secondary effect of modulating tension- and actin-responsive gene
expression, and that characterization of this effect may provide insight into chlamydial pathogenesis.

The polarized epithelial mucosa that Chlamydiae typically infect often react to bacterial insult via
the concerted exfoliation and apoptosis of infected cells—a process that requires the degradation of
focal adhesions and related cell-ECM adherent structures, as well as extensive remodeling of the actin
cytoskeleton [143]. Exfoliation and apoptosis of the host cell is clearly an unfavorable outcome for
any intracellular pathogen. Accordingly, there is evidence indicating that other intracellular bacteria
inhibit this host response to infection. The Shigella flexneri effector OspE has been shown to reinforce
sites of cell-ECM contact through an interaction with integrin-linked kinase (ILK), which results in
an increased incidence of integrin-β1 on the host cell surface and the consequent assembly of focal
adhesions [144]. A secondary effect of the OspE modulation of ILK is the stabilization of focal adhesions,
via the inhibition of focal adhesion kinase (FAK). Given that the chlamydial effector TarP is known to
recruit FAK (albeit in the context of invasion) [70], it is tempting to speculate that Chlamydia might
inhibit exfoliation in a similar fashion. Ultimately, further characterization of host cell adherence and
exfoliation during chlamydial infection is necessary to address this hypothesis.

In summary, ongoing study of actin modulation by Chlamydiae has revealed the multifaceted way
in which these pathogens restructure the host actin cytoskeleton. During the two-stage attachment
of chlamydial EBs to the host cell surface, the pathogen engages with a variety of host surface
proteins—including galectin-1, FGFR, and PDGFRβ—that in turn facilitate the recruitment of signaling
factors promoting actin polymerization at the attachment site [33,52–54,63]. The subsequent delivery
of chlamydial effectors by the pathogen’s type III secretion system then induces actin-dependent
invasion of the host cell. The chlamydial effector TarP contributes to this effect in multiple ways: via
the recruitment of F-actin and Arp2/3 actin-polymerizing complexes, via direct nucleation of actin
polymerization, and by providing a scaffold for actin-modulatory signaling [69–71,84,85]. While the
mechanism by which actin regulation at the invasion site returns to a steady state remains somewhat
unclear, the chlamydial effectors TmeA and CT166 have been demonstrated to inhibit F-actin bundling
and polymerization, respectively, and may contribute to this process [98,99,102,104,107,108]. Once
invasion is complete, actin is recruited in either an RhoA- or ROCK-dependent fashion to the maturing
inclusion alongside intermediate filaments and septins, providing dynamic structural reinforcement
to Chlamydia’s replicative niche [118,119]. Finally, non-lytic chlamydial egress from the host depends
on actin polymerization, as well as the modulation of myosin II by the inclusion membrane protein
CT228 [61,124,127]. While the mechanistic underpinnings of actin restructuring by Chlamydiae are
coming into focus, the effects of this restructuring on the host are relatively uncharacterized, presenting
intriguing opportunities for future study.
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Abbreviations

G-actin Globular actin
F-actin Filamentous actin
Arp2/3 Actin-related protein 2/3
NPF Nucleation promotion factor
N-WASP Neuronal Wiskott–Aldrich Syndrome protein
WAVE WASP-family verprolin-homologous family protein
WASH Wiskott–Aldrich syndrome and SCAR homolog
GTP Guanosine-5’-triphosphate
EPEC Enteropathogenic Escherichia coli
EHEC Enterohemorrhagic Escherichia coli
T3SS Type III Secretion System
EB Elementary body
GAG Glycosaminoglycan
MOMP Major outer membrane protein
FGF Fibroblast growth factor
FGFR Fibroblast growth factor receptor
PDGFRβ Platelet-derived growth factor receptor beta
Abl Abelson-family kinase
TarP Translocated actin recruitment protein
EGTA Ethylene glycol-bis(β-aminoethyl ether)-N,N,N′,N′-tetraacetic acid
PRD Proline-rich domain
ABD Actin binding domain
FAK Focal adhesion kinase
LD Leucine-aspartatic acid repeat domain
VBD Vinculin binding domain
ECM Extracellular matrix
EMT Epithelial-mesenchymal transition
hpi Hours post-infection
MEF Mouse embryonic fibroblast
MTOC Microtubule organizing center
ER Endoplasmic reticulum
MVB Multivesicular body
ROCK Rho-associated protein kinase
CPAF Chlamydial protease/proteasome-like activity factor
MLC2 Myosin light chain 2
MLCK Myosin light chain kinase
MYPT1 Myosin phosphatase target subunit 1
PP2 Protein phosphatase 2
IPTR3 Inositol-1,4,5-triphosphate receptor, type 3
SRF Serum response factor
MRTF Myocardin-related transcription factor
INM Inner nuclear membrane
LINC Linker of nucleoskeleton and cytoskeleton
ILK Integrin-linked kinase
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